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Abstract 

 

 

 

Cellular Mechanotransduction via Microfabricated Post Arrays 

 

by 

 

Adrienne Therese Higa 

 

Doctor of Philosophy in Mechanical Engineering 

 

University of California, Berkeley 

 

Professor Liwei Lin, Chair 

 

 

Substrate-based biophysical cues, which interact with cells through mechanotransductive 

pathways, influence many biological processes and cellular behaviors. By leveraging 

microfabrication techniques, this work aims to build biophysical stimuli into cellular substrates 

through discrete microtopographic features to study cellular responses. Here, uniform and 

gradient arrays of circular microposts have been geometrically tuned to change the apparent 

rigidity of a substrate and the placement of available cellular attachment sites. Three areas of 

cellular interaction with these micropost array substrates have been investigated: (i) single cell 

motility, (ii) maintenance and inhibition of collective cell behavior, and (iii) reprogramming and 

differentiation processes of induced pluripotent stem cells (iPSCs).  

Single cell migration was induced through gradients in substrate stiffness and spacing of 

available attachment sites – phenomena known as durotaxis and herein referred to as spatiotaxis, 

respectively. Unidirectional micropost arrays gradients were designed with increasing stiffnesses 

at low and high gradient strengths of 0.5 nN/μm and 7.5 nN/μm, respectively. On these surfaces, 

bovine aortic endothelial cells (BAECs) were found to preferentially migrate toward the direction of 

increasing micropost stiffness. In 18-hour studies, with more than 12 single cells in each case, 

BAECs had average displacements of 26.5 ± 8.7 μm and 41.9 ± 14.7 μm for the low and high 

gradient strengths, respectively. Furthermore, BAECs were found to migrate in favor of the 

direction of decreasing interpost spacing over the direction of increasing stiffness in the prototype 

micropost arrays, demonstrating that spatial cues can dominate stiffness cues in the migratory 

response of cells.  

The maintenance and inhibition of collective cell behavior was studied through changes in 

substrate stiffness and spacing via uniform and gradient micropost arrays with stiffnesses in the range 
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of 24-106 nN/μm. BAEC collectives directly cultured on these surfaces exhibited area contraction or 

expansion, which corresponded to maintenance and inhibition of group behavior on soft and stiff 

substrates, respectively. The micropost mechanical stiffness required for collective-to-single cell 

transitions was characterized as 30 ± 6 nN/μm. Effects of spacing on collective cell behavior were 

also explored, and results showed that BAEC collectives were unable to maintain group behavior 

with favorable stiffness cues, demonstrating again the significance of micropost spacing. 

The effects of microtopography on the reprogramming and differentiation of iPSCs was 

investigated through uniform micropost arrays of varying radii and heights with mouse ear 

fibroblasts (mERFs) on micropost arrays with stiffnesses in the range of 24-2900 nN/μm. 

Preliminary results have shown that microtopography had influence over the formation of iPSC 

colonies and the number of colonies that exhibited beating. Specifically, beating colonies were 

observed as early as 10 days after the infection of mERFs on micropost surfaces, suggesting that 

microtopography might direct the differentiation of iPSCs. Characterizations of changes in mERF 

morphology, expression of nuclear structural proteins, and intracellular localization of proteins that 

regulate gene expression provide evidence for possible mechanisms responsible for the effects of 

microtopography on the reprogramming and differentiation processes of iPSCs.  
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Chapter 1: Introduction  

1.1  Effects of Microenvironmental Stimuli on Cellular Behavior 

The driving force behind investigating biology and biology-related fields is to address the 

unmet medical needs of society. Humans are highly complex organisms with many system 

unknowns and interactions, [1,2] making biological questions some of the most challenging 

research faced today. To simplify the analysis of human systems, they can be reduced to 

components such as organ systems, organs, tissues, and cells (Figure 1.1). This enables 

researchers to focus on system-level problems through the investigation of subsystems with 

fewer unknowns. This methodology of studying subsystems of the human body has revealed that 

medical diseases and conditions, which present at the macroscale in the form of patient 

symptoms, are actually a result of changes at the cellular level. [3–5] 

 
Figure 1.1. Subsystems of the human body. 

Humans are highly complex organisms and must be broken down into subsystems to facilitate 

understanding. By reducing the subsystem complexity, the number of system unknowns is also reduced. 

For this reason, the field of biology has primarily focused on investigating single cell behavior. While 

single cells provide a strong foundation for biology, to advance to higher levels of complexity, group, or 

collective cell behavior and transitional behaviors, such as breakdown of collective cells and 

differentiation, must also be investigated as this area (red box) is critical to many growth and pathological 

biological phenomena. Both single and collective cells are highly influenced by their cellular 

microenvironments, making MEMS technology well suited for fabricating devices to study their behavior 

since many factors can be controlled precisely and repeatably at the microscale.  
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As shown in Figure 1.1, single cells are the simplest complete subsystem of the body and 

are the building blocks for all other human subsystems. As such, they have been the dominant 

focus of biology and have provided a robust foundation for the field. However, many growth and 

pathological conditions of the body are not confined to single cell behavior – they include group, 

or collective, cell behavior and transitions, such as breakdown of collective cells to single cells 

or differentiation, [6–8] shown in the red box of Figure 1.1. Therefore, investigation of what can 

affect any of these cell states is critical to understanding many biological phenomena.  

Cues in the Cellular Microenvironment 

Cellular behavior, at all levels of system organization, is highly regulated and influenced 

through stimuli, or cues, in the cellular microenvironment. [9] Understanding cellular responses 

to these cues, therefore, is crucial for practical applications in biology, including immune 

response, design of biomaterials, tissue engineering, and regenerative medicine, [10], [11] and 

makes microtechnologies well-suited for studying them (Figure 1.1). [12] These cues can be in 

many different forms, e.g. changes in soluble or immobilized chemicals, electric fields, 

temperature, and biophysical cues. Chemical cues, which are the most prevalent in the body, 

have been shown to influence many aspects of cellular behavior. These include spreading, [13] 

proliferation, [14], [15] motility, [16] differentiation, [17], [18] apoptosis, [19] and regulation at 

the tissue, organ, and organ system levels such as wound healing, increasing fluidic output of 

kidneys, and maintaining vascular tone. [1], [20], [21] Prior work has demonstrated cellular 

alignment and cytoskeleton reorganization to electrical fields, [22], [23] and effects of 

temperature on cellular growth. [24] 

Considering that homeostasis of the body is strongly regulated by chemical cues, [1] 

these have been the dominant focus of research in the field of biology. However, to effectively 

reproduce the complexity of the in vivo chemical microenvironment is challenging. In addition to 

the numerous chemical cues that are present, [25] it is difficult to maintain such environments 

long-term as they require outside regulation or external power sources. [26–28] This can make 

their implementation in devices and in in vivo and in vitro application environments complicated 

and impractical. [29], [30]  

Biophysical Cues and Mechanotransduction  

While chemical cues remain the strongest regulators of cellular behavior, in the last 20 

years, mechanical, or biophysical, cues have demonstrated increasing importance. Biophysical 

cues refer to the family of microenvironmental cues that can physically influence cellular 

behavior through mechanotransductive pathways. [31], [32] Many biological behaviors can be 

influenced by biophysical cues, such as motility, cell shape, growth, stem cell differentiation, and 

apoptosis, to name a few. [33–36] The direct physical changes that occur in cells through 

mechanotransduction can include reorganization of the cytoskeleton, modulation of attachment 

forces and protein dynamics, and activation/deactivation of enzymes. [37], [38] As shown in 
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Figure 1.2, biophysical cues can include shear forces from fluid flow in vessels, [33] tension and 

compression during movement, [39], [40] changes in substrate stiffness, [41] and spatial cues, 

such as extracellular matrix porosity. [42], [43]  

 
Figure 1.2. Biophysical cues in the cellular microenvironment. 

Single and collective cell behaviors are highly regulated by stimuli, or cues, in their microenvironments, 

such as chemical, electrical, or mechanical cues. While chemicals are the primary modality by which the 

body maintains homeostasis, mechanical cues have recently demonstrated significant influence over 

cellular behavior. Mechanical cues, also known as biophysical cues, can be in the form of shear stress 

from fluid flow, tension or compression, substrate stiffness, and spatial cues. Passive biophysical cues, 

such as substrate stiffness and spatial cues, require no power or external regulation – this makes them 

ideal for implementation in devices.  

 

These cues can be classified into two groups: active (green) and passive (red) (Figure 

1.2). Active cues like shear stress and tension and compression are similar to chemical cues in 

that they require external regulation or power to maintain their efficacy. Conversely, substrate 

stiffness and spatial cues are passive stimuli as their properties are not transient. Passive 

biophysical cues are versatile stimuli capable of regulating many cellular functions. [36], [41], 

[44–46] While they are potentially simpler to reproduce in vitro than active cues, controlling 

them repeatably and accurately at the microscale has remained a challenge. [47–49] 

 

1.2  Regulation of Cellular Behavior Through Microtopography 

Considering that the cellular microenvironment is incredibly complex, technologies and 

methodologies that are capable of effectively producing isolated stimuli are necessary for 

studying and inducing desired cellular responses. Substrate-based methods have been 

demonstrated as powerful platforms for changing the biophysical stimuli in the cellular 

microenvironment. In addition to influencing processes such as, cell growth and proliferation, 

and development of cell-substrate junctions, [50–53] substrate stiffness has been shown to affect 

cellular migration, [54] collective cell behavior, [55] and stem cell lineage specification. [46], 

[56] Current methods of adjusting the biophysical properties of surfaces for cells utilize various 

types of polymers, such as hydrogels, polyacrylamide gels, and photopolymers, which rely on 
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polymer cross-linking density to modulate substrate stiffness. Although these methods are 

capable of generating continuous surfaces with uniform or gradients of substrate stiffness for 

cells, they suffer from many disadvantages. In addition to low repeatability, complicated 

fabrication processes, and poor user control over the placement and magnitude of substrate 

stiffness, [47], [49], [57], [58] surfaces produced via these methods are difficult to characterize 

and may have different chemical and porosity characteristics at their surfaces. [56] 

Substrate-based methods of producing biophysical stimuli could provide systematic 

information and results by utilizing microfabrication techniques. Microfabrication processes are 

well-characterized, and can be used to control many factors at the microscale with high accuracy 

and repeatability. [56], [59–61] Spatial and geometric (stiffness) variations in microstructures, 

which can be simply fabricated, have the potential of systematically studying cellular behaviors 

affected by passive, substrate-based biophysical cues. Microtopography has been used to 

influence many aspects of cellular behavior, including alignment and growth, [62], [63] cellular 

migration, [64–66] traction forces, [67], [68] restriction of cell movement, [69] and 

differentiation of stem cells. [56], [70] 

Microtopographic substrates have demonstrated their capabilities of regulating cellular 

behavior, but have not been designed to preclude effects of gradients or changes in immobilized 

chemicals and topographical surface areas (availability of attachment points). [67], [71] 

Micropost arrays, due to their unique ability to discretized the apparent stiffness and spacing of 

attachment points of a surface, offer a robust technique to study these effects independently. 

Recently, researchers have used uniform micropost arrays as force sensors to determine traction 

forces of cells (Figure 1.3). Each micropost can be modeled as a cantilever using Euler Bernoulli 

and Timoshenko shear beam theory [72] to derive a bending stiffness at the top of the microposts 

that is a function of its material properties and geometry (radius, r, and height, H). [61], [67], 

[73] In Figure 1.3-left, the material properties of the micropost, κ, E, and G, are the Timoshenko 

shear coefficient, the elastic modulus, and the shear modulus, respectively. When cells are 

seeded onto these surfaces, they form cell-substrate junctions and deform the micropost through 

their stochastic contractions, illustrated by the bovine aortic endothelial cell (BAEC) on the 

micropost array in Figure 1.3-right. The deformation of the top surfaces, δ, due to traction forces 

exerted by cells, F, can be visually measured and compared to the location of the bases of the 

microposts. This deformation can then be used in the derived bending stiffness equation to 

calculate corresponding traction forces, as shown in Figure 1.3-left. 

As the bending stiffness of the microposts can be controlled by their radii and height, 

micropost arrays that change the apparent uniform and gradient stiffness of a substrate can be 

designed by simply modulating their geometry. This enables an engineering technique of 

controlling the apparent stiffness of a substrate in a precise and repeatable fashion. Furthermore, 

since the interpost spacing can be adjust independently of the micropost stiffnesses, effects of 

spacing on cellular behavior can be explored as well.  
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Figure 1.3. Micropost array theory. 

(Left) Historically, micropost arrays have been used to detect cellular traction forces. Microposts can be 

modeled as cantilevers using Euler Bernoulli and Timoshenko shear beam theory to derive a bending 

stiffness at the top surface that is a function of its material and geometric properties. The material 

properties, κ, E, and G, are the Timoshenko shear coefficient, elastic modulus, and shear modulus, 

respectively. The geometric properties, r and H, are the micropost radius and height. When cells are 

placed on micropost arrays, they form cell-substrate attachments and can deform the microposts during 

movement. By measuring the displacement of the top surfaces of microposts relative to their bases, 

corresponding cellular traction force values can be calculated. (Right) A bovine aortic endothelial cell 

(BAEC) attached to a micropost array substrate. The deformation at the top surface of the micropost 

caused by cellular contractions can be visually measured and used to calculate traction forces through the 

bending stiffness equation. For this cell, forces range from 11-26 nN. Bar = 10 μm 

 

 

1.3  Cellular Mechanotransduction by Microfabricated Post Arrays 

In this body of work, new devices and methods for regulating biophysical properties of 

the cellular microenvironment through microtopography are described. Specifically, devices 

created from arrays of circular microposts were used to modulate: (i) the apparent stiffness of a 

substrate, and (ii) the distance between available cellular attachment sites. This was achieved by 

changing the geometry of microposts through the adjustment of radii or heights and the interpost 

spacing in an array, respectively. Given that the physical properties of micropost arrays are 

geometrically defined, these were simply and repeatably fabricated through standard one mask 

soft-lithography microfabrication processes.  

Three areas of cellular behavior were explored using these micropost arrays to modulate 

the biophysical properties of the cellular microenvironment: (i) single cell motility, (ii) 
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maintenance or inhibition of collective cell behavior, and (iii) possible effects on the 

reprogramming and differentiation of induced pluripotent stem cells (iPSCs). These are 

illustrated and detailed in Figure 1.4. 

 
Figure 1.4. Micropost arrays for mechanically inducing cellular behavior. 

(A) Micropost array gradients for inducing unidirectional single cell migration. Microscale gradients in 

stiffness and spacing between attachment points were achieved by increasing the radii and interpost 

spacing of the microposts over the length of the array. These substrates were used to observe cellular 

durotaxis and spatiotaxis. (B) Uniform and gradient micropost arrays of variable radii and heights for 

investigating collective cell behavior in response to changes in apparent substrate stiffness and 

microtopographic spacing. Collectives of cells were directly cultured on variable geometry micropost 

surfaces using a thin-film stenciling technique akin to metal lift-off. (C) Uniform micropost arrays of 

variable radius and height for influencing the reprogramming of mouse ear fibroblasts (mERFs) into 

induced pluripotent stem cells (iPSCs) and possibly their differentiation. Using varying initial seeding 

densities and lentiviral infection levels, mERFs were seeded and incubated on surfaces of different 

microtopography. Cellular reprogramming and differentiation behavior was observed over time. 

 

For single cell motility studies, the effects of microscale gradients (Figure 1.4.A), on 

single BAECs was quantified by tracking their migration over 18-hour time-lapse experiments. 

The microscale gradients were created by varying the radii and interpost spacing of microposts 

along the length of arrays. Both unidirectional migration based on stiffness, or durotaxis, [54] 

and on spacing between attachment points, a phenomenon herein referred to as spatiotaxis, were 

observed. This is the first time either phenomenon has been induced using microtopography.  
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Collective cell behavior, which is the true working mechanism behind many biological 

phenomena, has largely been unexplored, particularly in the realm of biophysical cues. [74] 

Here, cell collectives were directly formed on uniform and gradient micropost arrays using a 

thin-film stenciling method (Figure 1.4.B) similar to metal lift-off techniques of 

microfabrication. The maintenance or inhibition of BAEC collective behavior was quantified by 

measuring their expanded or contracted area over the course of 16-hour experiments. Thresholds 

of apparent substrate stiffness where collective cell behavior could no longer be maintained were 

characterized for multiple micropost geometries. This marks the first demonstration of using 

microtopographic features to biophysically regulate the maintenance or inhibition of collective 

cell behavior.  

Finally, the reprogramming and differentiation of iPSCs has largely been investigated in 

the context of chemical microenvironmental cues. There are currently no studies in the literature 

that demonstrate biophysical influence over these processes. Mouse ear fibroblasts (mERFs) 

were reprogrammed and differentiated on surfaces of varying microtopography, and effects of 

initial cell seeding densities and lentiviral infection levels were also investigated (Figure 1.4.C). 

Preliminary results demonstrate possible influence of microtopography on colony formation and 

iPSC differentiation for the first time. 

 

1.4  Dissertation Outline 

In Chapter 2, the design and fabrication of micropost arrays is investigated as a means of 

influencing unidirectional migration of single cells. Micropost arrays are utilized as a method of 

controlling the biophysical cues within the cellular microenvironment through microscale 

stiffness and spacing gradients, to induce durotaxis and spatiotaxis, respectively. In addition to 

prior research efforts for regulating cellular motility through mechanotaxis, the section will 

include how micropost arrays have been implemented and developed within this research area. 

Two micropost array gradients will be presented: (i) microtopographic durotaxis gradients 

(μDGs) and (ii) microtopographic durotaxis versus spatiotaxis gradients (μDSGs). The 

microfabrication of the micropost arrays, cell culturing techniques, and methods for collecting 

and quantifying cellular behavior will be described. Experimental cell migration results will be 

covered and discussed.  

In Chapter 3, the implementation of micropost array technology for the mechanical 

regulation of group, or collective, cell behavior is presented. In this work, both uniform and 

gradient micropost arrays are investigated for maintaining or inhibiting collective cell behavior. 

An overview of prior work in regulating collective cell behavior through chemical and 

biophysical cues will be included. Two sets of uniform micropost arrays for modulating the 

apparent substrate stiffness will be explored: (i) microtopographic constant micropost height, 

variable micropost radius arrays (μVRs), and (ii) microtopographic constant micropost radius, 
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variable height arrays (μVHs). Additionally, microtopographic spacing gradients (μSGs) will be 

used to study possible effects of micropost spacing on collective cell behavior. The methodology 

for culturing collectives of cells through thin-film stencils will be described, as well as 

microfabrication of the micropost arrays, data acquisition and processing, and cell analysis 

techniques. The experimental results will be reviewed and discussed.  

In Chapter 4, the micropost array substrates will be extended for studying possible 

effects of microtopography on the reprogramming and differentiation of induced pluripotent 

stem cells (iPSCs). Prior work in controlling the reprogramming and differentiation processes of 

iPSCs will be covered, with an emphasis on chemical methods as no previous research has 

demonstrated influence of biophysical cues on iPSCs. As preliminary work in this field, this 

section will focus on summarizing the results of experiments investigating effects of initial cell 

seeding densities, lentivirus infection levels, and surface microtopography on the reprogramming 

and differentiation processes. The design and microfabrication of the micropost arrays, cell 

culturing methods, and cell analysis techniques will be detailed. Preliminary experimental results 

will be summarized and discussed. 

This dissertation will be concluded in Chapter 5. This section will review the major 

findings for all applications of the uniform and gradient micropost array substrates. The 

implications of these results and future directions will be explored.  
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Chapter 2: Micropost Array Gradients for Single Cell Migration 

2.1  Introduction 

This chapter focuses on utilizing micropost array gradients as a means to study single cell 

behavior in response to specific, passive biophysical information. The changes in apparent 

substrate stiffness and variable spacing of available attachment sites are intended to passively 

guide unidirectional migration of single cells.  

Microenvironmental Cues and Single Cell Migration 

Microenvironmental cues, specifically chemical, [16], [26], [28], [29], [75] electrical, 

[76–78] thermal, [79] and biophysical, [48], [54], [80], [81] have been shown to influence 

migration of single cells. These cues affect various stages of cellular migration, which is a 

combination of stochastic protrusive activity, attachment to substrates through dominant 

protrusions, and detachment and contraction of the trailing edge.[28], [82] For investigation and 

artificially controlling cellular migration, these different microenvironmental stimuli offer many 

modalities to device designers. [83] However, as previously discussed, passive biophysical cues 

offer many advantages over other microenvironmental stimuli – they do not require external 

regulation or power to maintain their efficacy.  

Cell motility in response to biophysical cues is known as the phenomenon of 

mechanotaxis. [84] Mechanotaxis can be induced through shear and tensile stress, [85–87] as 

well as gradients in substrate stiffness. [41], [48] Substrate stiffness, which is a passive 

biophysical cue, has been demonstrated as a versatile regulator of single cell behavior and 

cellular migration based on gradients of substrate stiffness is the phenomenon known as 

durotaxis. [38], [41] Researchers have demonstrated and investigated this phenomenon by 

creating substrates with stiffness gradients through the manipulation of photopolymerized 

hydrogels. [47], [49], [57], [88], [89] Substrates that have few distinct substrate stiffnesses have 

been fabricated, but are limited due to their small range of stiffnesses, as well as the fact that the 

critical dimensions of the stiffness steps are far greater than that of cells. [88], [89] Cells, 

therefore, have difficulty in sensing stiffness changes in their microenvironments. Using 

complex microfluidic systems and diffusion-based methods, substrates with many distinct 

substrate stiffnesses have been achieved. These systems are difficult to fabricate, have low 

repeatability, and have poor user control over the placement and magnitude of stiffnesses. [47–

49], [57]  

Microtopography and Single Cell Migration 

Microtopographic techniques have demonstrated influence over cellular motility. Prior 

work has utilized microridges and microposts for studies on bidirectional single cell migration. 

On microridges, cells could migrate freely along the length of the microgrooves (Figure 2.1-
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left). [66] This behavior has been replicated using elliptical micropost arrays, where cells 

preferentially migrated along the direction of the major axis of the microposts (Figure 2.1-right). 

[59], [90] The elliptical nature of the microposts yield different bending stiffnesses parallel 

(stiffer) and perpendicular (softer) to the major axis, and cells likely migrated along the major 

axis direction due to a preference for stiffer surfaces. While illustrative of the potential for 

inducing directional migration, microtopographic methods have not been capable of 

unidirectional migration without the aid of immobilized chemical gradients or increased 

topographical surface area (availability of attachment sites). [67], [71] 

 
Figure 2.1. Bidirectional guidance of cellular migration via microtopography. 

Microtopography, such as microgrooves (left) [66] and elliptical micropost (right) [90], has been used to 

influence cellular migration. Cells moved bidirectionally along the length of the microgrooves and 

parallel to the direction of the major axes of the elliptical microposts.  

 

2.2  Design of Micropost Array Gradients in Stiffness and Spacing 

As discretized surfaces, micropost arrays have the ability to modulate the apparent 

stiffness of a substrate, as well as the distance between possible attachment sites for cellular 

motility studies. These biophysical cues can influence two aspects necessary for cellular 

migration: cell-substrate attachments and lamellipodia. This section describes the fabrication of 

microscale gradients in stiffness and spacing based on the geometric regulation of micropost 

arrays. Through gradients in stiffness and spacing, the micropost arrays are described as a 

methodology for inducing unidirectional migration of single cells due to the migration 

phenomena of durotaxis and spatiotaxis, respectively. Two types of circular micropost arrays 
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were designed: microtopographic durotaxis gradients (μDGs) and microtopgraphical durotaxis 

verses spatiotaxis gradients (μDSGs). 

2.2.1  Microtopographic Durotaxis Gradients (μDGs) 

As a technique to create microscale stiffness gradients, the μDGs were designed by 

changing the geometry of the microposts unidirectionally along a single axis of an array. 

Although the micropost stiffness can be modulated by either the height or the radius, the height 

was kept at a constant 7 μm while the radius was adjusted to enable a simpler, one-mask soft 

lithography fabrication process. Figure 2.2 illustrates the concept of the μDGs. The interpost 

spacing between microposts of different radii was maintained at a constant 2 μm. 

 
Figure 2.2. Concept schematic for the microtopographic durotaxis gradient (μDG). 

(A) For the μDGs, the radii, r, of the microposts increase unidirectionally over the length of the array, 

while the interpost spacing along the axis of increasing stiffness, I, remains at a constant 2 μm. The 

bottom right figure shows the spacing schemes governed by Equation 2.1. This equation dictates that 

the ratio of micropost topographic surface area to a corresponding unit cell must remain constant for 

microposts of different radii. Given that the interpost spacing is fixed, the interpost spacing in the 

direction perpendicular to the direction of increasing stiffness, s, must increase to compensate. (B) 

Schematic top view of the μDG, with increasing micropost radii (stiffness) and constant interpost spacing. 

(C) Ranges of theoretical stiffness for the μDGL and μDGH over the length of the array. (D) A false 

colored SEM micrograph of a BAEC on a μDG illustrates a changing geometry with changing column 

color. Bar = 10 μm 
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Two gradient strengths in the range of physiologically relevant stiffnesses [67], a low 

strength gradient (μDGL) and a high strength gradient (μDGH), were created to investigate the 

possible effects. The μDGL had an increase in post-to-post stiffness of 0.5 nN/μm with a stiffness 

range of 5 to 50 nN/μm for radii between 1 to 2 μm. The μDGH had an increase in post-to-post 

stiffness of 7.5 nN/μm, which is 15 times greater than the μDGL. The μDGH had a stiffness range 

of 5 to 390 nN/μm for radii in the range of 1 to 3 μm. Since the microposts had aspect ratios of 

less than 1:10 (width to length), the equation used to describe the micropost bending stiffness 

was derived using Euler Bernoulli and Timoshenko shear beam theory. To accommodate the 

stiffness limits and increments, the micropost array gradients had overall areas approximately 

500 x 500 μm
2
, and consisted of thousands of features. The microposts were designed to be much 

smaller than the size of cells, such that cells would be able to interact with a range of microposts 

to experience different stiffnesses. To increase attachment to the surfaces of the microposts, the 

μDGs were coated with extracellular matrix attachment proteins (ECM).  

Non-uniformities in both the topographical surface area for substrate-immobilized 

chemicals should be eliminated or minimized in the micropost gradient arrays to avoid possible 

chemical cues influencing cellular migration. To preclude possible effects of these non-

uniformities, microposts were designed such that the ratio (%ECM) of the micropost 

topographical surface area to the area of their corresponding unit cell remained constant for 

different micropost stiffnesses. As illustrated in Figure 2.2.A, to account for the constant 2 μm 

interpost spacing, the interpost spacing perpendicular to the axis of increasing stiffness was 

proportionally increased for increasing micropost radii. Spacing schemes were governed by:  

 
       

   

            
             Equation 2.1 

where r is the micropost radius, s is the interpost spacing perpendicular to the axis of increasing 

stiffness, and I is the interpost spacing parallel to the axis of increasing stiffness. A top view 

schematic of the μDGs can be found in Figure 2.2.B, illustrating constant interpost spacing and 

increasing micropost radii (stiffness) in the rightward direction. Figure 2.2.C shows the ranges 

of theoretical stiffnesses for the μDGL and μDGH over the length of the arrays. Specifically, for 

all μDGs, the %ECM was held constant at 0.2 to minimize differences between the low and high 

gradient strengths. In Figure 2.2.D, a false colored SEM micrograph of a BAEC on a μDG 

illustrates changes in the geometry of the microposts, and therefore stiffness, with changing 

column color. 

2.2.2  Microtopographic Durotaxis versus Spatiotaxis Gradients (μDSGs) 

Since substrate stiffness and the spacing between attachments points can possibly affect 

different steps of cellular migration, micropost arrays with gradients in substrate stiffness and in 

interpost spacing should be designed and studied. Figure 2.3.A illustrates a specific design 

where both the radii and interpost spacing of the microposts are increased unidirectionally along 
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an axis. The ranges for interpost spacing and micropost stiffness and spacing scheme can be 

found in Figure 2.3.B.  

 

Similar to the μDGs, the heights of all the microposts were kept at a constant 7 μm. Using 

a %ECM value of 0.2, the interpost spacing values corresponding to increasing radii were 

calculated using Equation 2.1. For these microposts and their corresponding unit cells, the 

spacing parallel and perpendicular to the gradient were increased uniformly with increasing 

radius, therefore making s equal to I. This resulted in micropost gradients with radii and interpost 

spacing increasing in the same direction along an axis. The range of interpost spacing was 

between 2 to 6 μm, with an average increment of 40 nm. For comparison purposes, the micropost 

radii used were identical to the μDGL, in the range of 1 to 2 μm. A top view schematic of the 

μDSGs can be found in Figure 2.3.C, where interpost spacing and micropost stiffness increase 

simultaneously. 

 

 
Figure 2.3. Concept schematic for the microtopographic durotaxis versus spatiotaxis gradient 

(μDSG) 

(A) For the μDSG, the radii, r, and interpost spacing along the axis of increasing stiffness, I, of the 

microposts increased unidirectionally in parallel. (B) Ranges of micropost stiffness and interpost spacing 

for the μDSG over the course of the array. The right figure illustrates the spacing schemes for increasing 

radii dictated by Equation 2.1. To maintain continuity with the μDGs, the %ECM was held at 0.2. 

However, since I was not constrained, the interpost spacing was increased uniformly in the directions 

parallel (I) and perpendicular (s) to the axis of increasing stiffness with increasing radius, making I equal 

to s. (C) Schematic of the top view of the μDSG with increasing micropost radii (stiffnesses) and 

increasing interpost spacing.  
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2.3  Materials and Methods 

2.3.1  Microfabrication and Preparation 

Micropost array gradient substrates were fabricated using a one mask soft-lithography 

process. Feature heights of 7 μm were targeted for all single cell migration studies.  

Spin-coating Wafers 

To create the micropost array substrates, silicon n-type test wafers (4”) were cleaned in 

piranha for 10 minutes, rinsed in DI water, and spun dry (msink8). To enhance adhesion of 

photoresist to the silicon wafers, the clean wafers were treated with HMDS in primeoven. 

Following HMDS treatment, the wafers are spin-coated with Megaposit SPR-220 i-line positive 

photoresist (Rohm and Haas Company, PA, USA) using the following custom program (coater 

program 7) on svgcoat2: 

 

Event Oper Arm Time Speed Accel 

1 SPIN 0 10.0 0.00 20 

2 DSP3 8 -- 0.00 20 

3 SPIN 0 3.0 0.30 50 

4 SPIN 0 3.0 0.50 50 

5 SPIN 0 3.0 1.00 50 

6 SPIN 0 3.0 3.00 50 

7 SPIN 0 30.0 X 50 

8 END -- -- -- -- 

 

where X is the desired RPM based on the calibration curve in Figure 2.4. 
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Figure 2.4. SPR-220 spin-coating calibration curve. 

The manufacturer’s specifications were not accurate for spin-coating SPR-220 on svgcoat2. 

These values are to be used during Event 7 of the aforementioned custom program. 

 

After coating, the wafers were run through EBR on svgcoat2 to remove edge resist. 

Failure to do this resulted in poor transferring and alignment problems with gcaws2 due to edge 

roughness and adhesion from residual SPR-220. To soft bake, the wafers were held at 115°C for 

5 minutes on a hot plate and thicknesses are confirmed with asiq or nanospec. As RPMs of 8000-

9000 are reached, the coating can become very uneven, with in-wafer variation in thicknesses as 

high as 0.5 μm. Before exposure, the coated wafers sat at room temperature for 30-60 minutes to 

allow the photoresist to stabilize. Failure to do this led to cracking during the subsequent 

processing steps.  

Exposure, Development, and PDMS Micromolding 

To pattern the photoresist, the coated wafers were exposed using chrome masks (Fineline 

Imaging, CO, USA) on gcaws2 (projection lithography, 10:1 reduction) with the EXPO EXPO 

program: 

o Program Row (R) allows up to a 7 x 7 matrix with seven exposure times (columns) and 

seven offsets (rows). For rectangular devices approximately 1 cm
2
 in area, 7 x 7 are the 

maximum number of devices that can fit onto a 4” wafer. The actual yield is 45 devices, 

as the corners of the array do not fit completely onto the wafer surface. Offsets are 

integral to yield straight side walls, since the micropost heights can exceed the theoretical 

depth of focus of 5.56 μm. Offset values between -3 and -12 (-4 is roughly equivalent to 1 

μm) can yield straight side walls for SPR-220 thicknesses of 5-7 μm. 

o Program Exposure (E) allows a user definable matrix (up to 7 x 7) with incremented 

exposure times at a specified offset. Exposure times of 0.5-0.56 seconds can fully expose 

SPR-220 thicknesses of 5-7 μm. 
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For post-exposure bake, the wafers were held at 115°C for 6.5 minutes on a hot plate and 

cooled to room temperature completely for a minimum of 5 minutes. If the wafers were not fully 

cooled, the photoresist could crack or delaminate during the development process. Developers, 

such as LDD-26W or MF-26A (Shipley Europe Ltd, UK), can be used for SPR-220 development. 

SPR-220 forms large particulates during development that can prevent mass transfer of the 

developer to the exposed photoresist. To fully and cleanly develop the exposed patterns, the 

wafers should periodically be agitated during the 13-15 minutes development period. Following 

development, the wafers were rinsed thoroughly with DI water and dried with compressed N2. 

Failure to clean these surfaces can result in stronger adhesion between Sylgard 184 

polydimethylsiloxane (PDMS) (Dow Corning Corporation, MI, USA) and the SPR-220 

micromolds. The wafers were hard baked at 80°C for 20 minutes and then treated with HMDS in 

primeoven. This second HMDS treatment was initially intended to form a release layer on the 

photoresist. While the releasing properties of HMDS were not necessarily ideal, the heating and 

dehydration steps during HMDS deposition significantly reduced any photoresist delamination 

during the demolding process of PDMS substrates. After cooling the wafers to room 

temperature, the wafers were silanized with Trichloro(1H,1H,2H,2H-perfluorooctyl) silane 

(Sigma-Aldrich, MO, USA). About 100 μl was used per wafer, and the silane was allowed to 

evaporate overnight in a fume hood to form a release layer.  

Once the wafers were silanized, PDMS, mixed at a 10:1 w/w ratio, was poured onto the 

wafers. For the 5” square Greiner petri dishes, 30 g of PDMS will create devices ~3-4 mm in 

thickness. The wafers were then cured at room temperature under vacuum on a level surface for 

a minimum of 2 days before demolding. 

Micropost array preparation 

After curing, the PDMS substrates were demolded by cutting the PDMS with scalpels, 

and were cleaned of any residual photoresist by sonicating in 100% ethanol for 10 minutes. The 

substrates were then rinsed with DI water twice, and dried thoroughly using an aspirator. To 

render the substrates hydrophilic, they were O2 plasma-treated for 2-3 minutes. It is particularly 

important to remove all water and/or ethanol, as they can attenuate the O2 plasma treatment.  

Microcontact-printing 

Microcontact-printing stamps were made by incubating cleaned flat pieces of PDMS with 

a fibronectin solution (Invitrogen, NY, USA), diluted to a concentration of 50 μg/ml in DI water, 

for one hour. About 250 μl of solution was used for each stamp, yielding a final protein density 

of approximately 12.5 μg/cm
2
. Before use, the stamps were rinsed twice in sterile DI water and 

dried using an aspirator to rid the surfaces of any particulates. Following the O2 plasma-

treatment (RTE73 AMNS-500-E, Plasma Therm, FL, USA) of the micropost array substrates, the 

dried stamps were placed in contact with the substrates for a minimum of 20 minutes. After 

stamp removal, the micropost array substrates were washed for one minute intervals in 70% 
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ethanol and twice in sterile DI water. To prevent attachment of the cells to the microposts in 

places other than the top surfaces, the micropost array substrates were incubated in a 0.2% 

Pluronic
®
 F-127 (Sigma-Aldrich, Corp., MO, USA) solution for 30 minutes. The substrates were 

then washed for one minute and stored in sterile PBS in an incubator prior to use. The entire 

fabrication process for the micropost array substrates is shown in Figure 2.5.  

 
Figure 2.5. Fabrication process flow for the micropost array substrates.  

(A) Silicon wafers were cleaned and (B) spin-coated with SPR-220 to a thickness of 7 μm. The 

SPR-220 was processed, exposed, and developed before silanization. (C) PDMS, mixed at 1:10 

w/w ratio, was poured onto the wafers and allowed to cure under vacuum, to prevent bubbles, at 

room temperature for a minimum of two days. (D) The micropost array substrates were 

demolded, sonicated in ethanol, and O2 plasma-treated before (E) microcontact-printing the top 

surfaces with fibronectin. (F) The substrates were sterilized and treated with a surfactant before 

using them for cellular studies.  

 

2.3.2  Cell Preparation for Single Cell Migration Studies 

Bovine aortic endothelial cells (BAECs) were used for all single cell experiments in this 

chapter. All BAEC cell lines were sourced from lines isolated in a tissue culture laboratory. 

BAECs were maintained in Dulbecco's Modified Eagle Medium (DMEM) supplemented with 

10% fetal bovine serum (FBS), and 1% penicillin/streptomycin (P/S) (all Gibco, Invitrogen, NY, 

USA). Cells used in all experiments were within passages 5-15. Using standard cell culturing and 

sterile techniques, plated BAECs in 10 cm TC dishes were washed with 6 ml of PBS and 

trypsinized using 2 ml of 1x Trypsin (Gibco, Invitrogen, NY, USA) for 5 minutes. After 

neutralizing the Trypsin with 6 ml of DMEM, the cells were manually pipetted to minimize 

clusters of cells, and subsequently spun down in a centrifuge at 1000 RPM for 4 minutes. The 

media was aspirated and replaced before dilution. For single cell studies, the cells were 
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resuspended and diluted to a target concentration of 180 cells/μl. Approximately 30-40 μl of cells 

were placed onto the surfaces, or about 5400-7200 cells/cm
2
.  

2.3.3  Methods for Observing and Analyzing Single Cell Migration 

Time-lapse Microscopy 

Before seeding, the micropost array substrates were secured and placed in custom 

fixtures for viewing on inverted microscopes (Figure 2.6).  

 
Figure 2.6. Custom fixtures for inverted microscopy. 

(A) Micropost array substrates were dried and fixed onto sterilized microscope slides. (B) To 

prevent the surfaces from contacting the base of the petri dishes, halved pieces of microscope 

slides were fixed a device-width apart using sterilized double-sided tape and served as spacers. 

(C) Prior to viewing, the devices were placed face-down between the fixed microscope slide 

halves. 

 

After preparation, the micropost array substrates were dried and positioned face-up onto 

autoclaved or ethanol/UV sterilized microscope slides for handling purposes (Figure 2.6.A). In a 

non-tissue culture (TC) treated petri dish (diameter = 10 cm), two halved sterilized microscope 

slides were fixed in parallel and spaced a substrate-width apart with sterilized double-sided 

Scotch tape (Figure 2.6.B). Non-TC dishes were selected to prevent cells from growing on the 
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bottom of the dish, which could affect imaging quality. The Scotch tape was sterilized by 

submerging pieces in 70% ethanol for 15 minutes, washing twice in DI water, and air drying 

under UV light. This petri dish assembly served as a custom fixture for imaging. 

After the cells were seeded and incubated on the substrates for one hour, all DMEM was 

displaced by CO2 independent media supplemented with 10% FBS and 1% P/S (Gibco, 

Invitrogen, NY, USA). To observe cellular behavior, the substrates on glass slides were placed 

into the custom fixture described previously. Prior to placement, the fixed halved glass slides in 

the petri dish were submerged in CO2 independent media. The substrates were then slowly 

placed face-down between the parallel halved glass slides to prevent the trapping of air bubbles 

between the substrates and the dish bottom. This configuration enabled the substrates to be 

imaged directly through the media and the dish bottom, while fixing them in place to prevent 

movement during time-lapse imaging (Figure 2.6.C). These substrates were viewed (Eclipse 

TE300 inverted microscope, Nikon) using time-lapse phase contrast microscopy with images 

taken every 10 minutes for 18-hour periods and analyzed using Simple PCI software (Compix, 

Inc.). Due to the nature of time-lapse microscopy and the biological demands of living cells, the 

cells required an incubator-like environment during experiments. To address this need, a custom 

machined chamber was designed and built out of Plexiglass (Tap Plastics, CA, USA) to enclose 

the Nikon microscope. This created a semi-sterile environment for the cells and allowed for 

temperature (heater set to 38°C) and humidity control of experiments (Figure 2.7). Humidity 

was controlled by placing 700ml of DI water in an open Griffin beaker in the chamber. 

 
Figure 2.7. Customized chamber for time-lapse microscopy. 

A Plexiglas chamber was custom machined for the Eclipse TE300 inverted microscope to create 

a semi-sterile environment with temperature and humidity control for maintaining cell viability 

during time-lapse experiments. 
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Data Acquisition and Analysis 

Single cell migration data was collected by analyzing video images through a custom 

program developed in ImageJ (National Institutes of Health (NIH), USA). Considering that 

factors such as cell-cell interactions and collapsed microposts can possibly affect cell behavior, 

data was collected for single cells that had no contact with other cells, the edges of the arrays, 

and remained on pristine parts of the patterns during the entire experiment. Displacement and 

velocity data was collected by tracking the approximate area centroids of the cells over time. 

This data is presented as means and standard error of the mean (s.e.m.), which were directly 

calculated from the data. The s.e.m. is calculated by dividing the standard deviations by the 

square root of the sample size, n.  The p values for samples of data were also calculated as a 

means to demonstrate statistical significance between two samples if the difference was less than 

0.05. These were calculated using unpaired Student’s t tests. By dividing the differences between 

two samples’ means with the corresponding standard error of the difference of the two means, t 

values were calculated. The two-tailed p values were then calculated using these t values and 

numbers of degrees of freedom equivalent to n – 2.  

 

2.4  Results and Discussion 

2.4.1  Device Microfabrication 

The design of the micropost array gradients was an iterative process. Major 

considerations included the minimum resolvable micropost dimensions (radii of 1 μm) and 

largest tolerable spacing (10 μm) that would still prevent cells from falling in between the 

microposts. Additionally, the greatest failure mode of the micropost array gradients was the 

irreversible collapse of microposts onto one another, or stiction (Figure 2.8), caused by multiple 

crossings of the liquid-vapor barrier during preparation. Stiction rendered the micropost arrays 

unusable by compromising the original stiffness and spacing cues of the substrates. Several 

methods were attempted to minimize stiction in the system, including reducing exposure times 

and various coatings or surface roughening. The results of these methods can be found in Figure 

2.9. Although reducing exposure times can lower the aspect ratio of the microposts and change 

the angle of the micropost sidewalls, underexposure of the microposts yielded features with top 

surfaces that were textured instead of flat (Figure 2.9.A-C). Lowering the surface energy is a 

common method of reducing stiction at the microscale. To lower the surface energy of the 

microposts, their surfaces were roughened by O2 plasma and coated with fluorinated polymers in 

ptherm. However, these methods were not successful in eliminating stiction (Figure 2.9.D-E) 

and redesigning the spacing in the micropost patterns was required to prevent microposts from 

collapsing onto one another. Experimental results show that for microposts with radii of less than 

1.5 μm, the ratio of the micropost topographical area to the corresponding unit cell should not 
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exceed 0.2. Hexagonal spacing and ratios closer to 0.1 were able to eliminate stiction in the 

micropost arrays entirely.  

 
Figure 2.8. Micropost array stiction. 

During cleaning, microcontact-printing, and liquid sterilization, the micropost arrays break the liquid-

vapor barrier multiple times. This causes the microposts (height = 7 μm) to exhibited significant stiction 

during drying. (Left) At a magnification of 729X, clusters of the collapsed microposts can be seen, some 

with as many as 12 microposts. (Right) At higher magnification (4.24kX), micropost exhibit significant 

deformation to make contact with other microposts.  

 

  



22 

 

 
Figure 2.9. Methods for reducing micropost stiction. 

Two methods were tested for reducing micropost stiction: (A-C) vary exposure times, and (A-F) O2 

plasma etching combined with deposition of a fluorinated polymer (ptherm). (A-C) While increasing 

exposure time (0.35–0.50 seconds) produces cleaner and taller features, the microposts become more 

susceptible to stiction due to the increasing aspect ratio. Surface roughening and coating with a 

fluorinated polymers are common methods of decreasing surface energy, and can been seen in (D). 

However, by examining the arrays with decreasing magnification (E to F), varying exposure and lowering 

surface energy did not eliminate stiction entirely.  
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2.4.2  Single Cell Migration Results: μDGs 

Experimental results for the μDGs indicated that both substrates can preferentially induce 

BAEC migration in the direction of increasing micropost stiffness (Figure 2.10, Figure 2.11). 

[91] 

 
Figure 2.10. BAEC migration on μDGs. 

(A) Time-lapse images of a BAEC migrating on a μDGL over an 18-hour period where the cell body is 

located by the white arrows. All black arrows denote the direction of increasing micropost stiffness. Bar  
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= 50 μm. Normalized 2-D migration paths are shown for (B) 23 cells on a μDGL and (C) 13 cells on a 

μDGH, illustrating a bias towards the direction of increasing stiffness. Axes are in units of microns.  

 

To quantify migratory behavior, the displacement of BAECs was tracked on both 

substrates for 18-hour periods. Time-lapse images of this migration can be found in Figure 

2.10.A, where movement is shown every 4.5 hours. These images show cell migration in the 

direction of increasing micropost stiffness (rightward direction). On the μDGL substrates, the 

average displacement of 23 BAECs along the axis (x-direction) of changing micropost stiffness 

was found to be 26.5 ± 8.7 μm, where positive and negative displacement values correspond to 

the directions of increasing and decreasing micropost stiffness, respectively. The maximum 

positive displacement for these cells was 141 μm, and the maximum negative displacement was 

45 μm. After 18 hours, 16 out of the 23 BAECs, or 70%, had a net displacement in the direction 

of increasing micropost stiffness. The 2-D migration paths for these BAECs can be found in 

Figure 2.10.B. These paths, which are normalized to the original starting positions of the cells, 

illustrate the bias of movement in the positive x-direction, and also show significant 

displacement lateral (y-direction) to the axis of increasing micropost stiffness. The quantification 

of these displacements can be found in Figure 2.11.A. The average x- and y-displacements refer 

to the average displacements of cells relative to their starting positions, where positive x-

displacement is in the direction of increasing stiffness. The average net displacement is the 

summation of all movement in the x- and y-directions over time.  

 
Figure 2.11. Experimental displacement data for μDGs. 

Average cell displacements for (A) μDGL and (B) μDGH over 18-hour periods. X- and y-displacement 

refer to the axes parallel and perpendicular to the durotaxis gradients, respectively. Positive x-

displacement values indicate movement in the direction of increasing stiffness, and negative displacement 

values are in the direction of decreasing stiffness. The average net displacement refers to the summation 

of the all movement in the x- and y-directions integrated over time. Results suggest that higher gradient 

strengths enhance the magnitude of displacements in the direction of increasing stiffness. Both graphs 

indicate that there is significant movement in the y-directions. Y-axis values are in units of microns. Error 

bars = s.e.m.  
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On the μDGH substrates, the magnitude of positive cellular displacements and the 

percentage of cells moving in the direction of increasing stiffness were increased. This 

enhancement of the durotactic response with increased gradient strength is consistent with 

previous work. [48], [54], [89] The average displacement in the direction of increasing stiffness 

of 13 BAECs on the μDGH was found to be 41.9 ± 14.7 μm, with a maximum positive 

displacement of 145 μm, and maximum negative displacement of 24 μm. This negative 

displacement has also been reduced relative to the μDGL. At the end of the 18-hour studies, 10 

out of the 13 cells, or 77%, had a net displacement in the direction of increasing stiffness. The 2-

D migration paths of these cells over 18-hour periods can be found in Figure 2.10.C, and were 

quantified similarly to the μDGL in Figure 2.11.B. For both μDGs, there exists a bias of 

displacement in the positive x-direction, with a stronger bias on the higher gradient strength. 

Similar trends do not appear to be present in the y-direction, having smaller average 

displacements relative to the positive x-direction. There is, however, a slight favoring of the 

negative y-direction for cells migrating on the μDGH, which is possibly due to the random walk 

behavior of cells. 

In addition to displacement, cellular migration velocity was also affected by the μDGs, as 

summarized in Figure 2.12. During the 18-hour periods, cells moved faster on the μDGL (white) 

than the μDGH (gray), with average speeds of 7.5 ± 0.5 μm/hr and 7.0 ± 0.7 μm/hr in the positive 

x-direction, respectively. While there was slight difference in magnitude, this was not 

statistically significant (p = 0.61). In the negative x-direction, BAECs on the μDGL traveled at a 

reduced speed of 6.6 ± 0.5 μm/hr, which was not statistically different (p = 0.24) from their 

speed in the positive x-direction. On the μDGH, the BAEC migration speed in the negative x-

direction also decreased, with a magnitude of 4.8 ± 0.6 μm/hr. This change in migration speed 

was statistically different from the movement in the positive x-direction on the μDGH, as well as 

in the negative x-direction on the μDGL, with p < 0.05 in both cases. Thus, BAECs migrating on 

the μDGH moved at speeds 46% faster in the direction of increasing stiffness versus the direction 

opposite to that.  

Aspects of cellular migration, displacement and velocity, on the μDGs were enhanced by 

increasing the strength of the stiffness gradients. In comparison to the μDGL, BAECs migrating 

on the μDGH displaced farther, on average and maximally, in the direction of increasing 

micropost stiffness. BAECs also traveled shorter distances in the direction of decreasing 

stiffness. A larger percentage of migrating cells responded desirably to the μDGs higher gradient 

strength, displacing in the direction of increasing stiffness. Additionally, while the cell migration 

speeds on both substrates in the direction of increasing micropost stiffness were comparable, 

BAECs on the μDGH moved at statistically slower speeds in the opposite direction. BAECs on 

the μDGL, in contrast, did not move statistically slower. 
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Figure 2.12. Experimental velocity data for μDGs. 

The velocity of BAEC migration was calculated for all cells used to determine displacement data on the 

μDGH and μDGL. Velocity of each cell was calculated over 1-hour intervals (n = number of time steps) 

during the 18-hour experiments. In the direction of increasing micropost stiffness, BAECs migrated at 

comparable speeds on the μDGL (white) and the μDGH (gray). Although migration speeds on μDGL were 

slightly slower in the direction of decreasing stiffness, this was not statistically significant. In contrast, the 

migration speed in the direction of decreasing stiffness on the μDGH was found to be statistically different 

from movement in the opposite direction, as well as from the movement in the direction decreasing 

stiffness on the μDGL. * denotes statistical significance with p < 0.05. Error bars = s.e.m. 

 

While the μDGs were designed to a constant “effective” topographic surface area for 

regimes of different stiffnesses and yielded durotactic results consistent with previous research, 

factors such as changes in micropost-specific topographical surface area could have affected the 

migration results. At this time, effects of increasing the unique micropost topographical surface 

area are unknown and might affect cellular migration by varying the amount of continuous area 

available for cell-substrate attachments. This speaks to questions regarding how the density, size, 

and numbers (per micropost) of focal adhesion could influence the migration process  

2.4.3  Single Cell Migration Results: μDSGs 

Experimental results demonstrated that variable spatial cues can affect migratory 

behaviors of BAECs. [92] In direct comparison with the micropost stiffness regimes of the 

μDGL, BAECs migrating on the μDSGs indicated that increasing interpost spacing can negate the 

cellular response to durotactic migratory cues. A comparison of the displacement data 
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demonstrates this to be a statistically significant difference, with a p < 0.05. Migration of BAECs 

on the μDSGs, displayed through time-lapse images taken every 3-4 hours over an 18-hour 

period, can be found in Figure 2.13.A. These images show a unidirectional migration in the 

direction of decreasing interpost spacing (rightward direction), which runs opposite the direction 

of increasing micropost stiffnesses (leftward direction). The 2-D normalized migratory paths for 

these cells can be found in Figure 2.13.B, which are further quantified as absolute movement in 

the directions of decreasing interpost spacing (positive x-direction) and perpendicular to the 

gradient (y-direction) in Figure 2.13.C. In Figure 2.14, average directional displacements are 

quantified, where positive x-direction refers to movement in the direction of decreasing interpost 

spacing (decreasing micropost stiffness), and negative values are in the direction of increasing 

interpost spacing (increasing micropost stiffness). The average displacement of 38 BAECs in the 

positive x-direction was 9.6 ± 7.3 μm, with a maximum positive displacement of 149 μm and a 

maximum negative displacement of 115 μm (Figure 2.14.A). While displacement along the x-

axis shows bias as expected, movement in the y-direction appears to oscillate near zero, with 

average absolute displacement of 4.2 ± 11.5 μm. Of the 38 BAECs tracked on the μDSGs, 23, or 

61%, displaced in the direction of decreasing interpost spacing.  

Additionally, interpost spacing affected the speed of migration on these surfaces. During 

18-hour studies, the average BAEC migration speed was 5.42 ± 0.36 μm/hr in the direction of 

decreasing interpost spacing, and 4.67 ± 0.31 μm/hr in the opposite direction. Although there is a 

slight difference in the two directions, this was not found to be statistically significant (p = 0.12). 

While the exact mechanisms of cellular migration are not well understood, explanations 

for this behavior can possibly be attributed to the different stages of cell motility. Protrusive 

activity of cells is a stochastic process, and the formation of a dominant lamellipodia that 

determines the directionality of migration relies on cells being able to reach a subsequent 

attachment point and form cell-substrate junctions. Although the durotactic cues increase on the 

μDGL over the course of the array, the interpost spacing also increases in parallel on the μDSGs, 

which places stiffer microposts increasingly farther and farther away. This increased interpost 

spacing likely lowers the probability of cells being able to reach them during the stochastic 

protrusive activity, precluding them from physically reaching these attachment points. Large 

spacing, therefore, limits what durotactic information cells can receive from their 

microenvironments, leading to a dominance of spatial cues over stiffness cues in these micropost 

array gradients. This increasing spacing likely contributes to the lower average migration speeds 

of the cells in comparison to the μDGs. The μDSGs also have the same micropost-specific 

topographical surface area issues that the μDGs have. The gradient in micropost-specific 

topographical surface area could potentially result in localized chemical gradients, since the 

surfaces are microcontact-printed with fibronectin. These chemotactic cues could theoretically 

work in concert with the durotactic cues, suggesting that spatial cues are an even stronger 

regulator of cellular migration. 
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Figure 2.13. BAEC migration on μDSGs. 

(A) Time-lapse images of a BAEC migrating on a μDSG over an 18-hour period where the cell body is 

located by the white arrows. All black arrows denote the direction of decreasing interpost spacing 

(decreasing micropost stiffness). Numbers indicate time stamps in hours. Bar = 50 μm. (B) Normalized 2-

D migration paths are shown for 38 BAECs. Axes are in units of microns. (C) Average absolute 

displacement of cells in the x- and y-directions during 18-hour studies. Error bars = s.e.m.  
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Figure 2.14. Experimental displacement data for μDSGs. 

Average displacement of 38 BAECs over 18-hour periods on the μDSGs (A) parallel (x-direction) and (B) 

perpendicular (y-direction) along the axis of varying interpost spacing and micropost stiffness. Positive 

and negative values of displacement in the x-direction indicate movement in the direction of decreasing 

and increasing interpost spacing, respectively. From (A), there is a bias of movement in the direction of 

decreasing interpost spacing – opposite of the results for the μDGs. As there are no unidirectional 

stiffness changes perpendicular to the x-direction, (B) shows unbiased migratory behavior in the y-

direction. Error bars = s.e.m. 
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Chapter 3: Micropost Arrays for Regulation of Collective Cell Behavior 

3.1  Introduction 

This chapter describes using uniform and gradient micropost arrays in interpost spacing 

to modulate the biophysical microenvironment for collective cells, as well as a test methodology 

for direct culture of cell collectives onto these surfaces. Micropost arrays of varying radii and 

heights are employed to mechanically study collective cell behavior.  

Collective Cells versus Single Cells 

While single cell behavior provides an important foundation for predicting effects of 

biophysical cues, few cells in the body operate individually. Instead, group, or collective, cell 

behavior is the true environment behind many biological processes, such as immune response, 

tissue formation, and organ regeneration. [93–95] Transitional behavior from collective-to-single 

cell states, and vice versa, also characterizes many growth and pathological biological 

phenomena, including wound repair and cancer metastases. [8], [96] However, since collective 

cell studies are significantly more complex than single cell studies, the field of collective cell 

biology remains relatively unexplored. [97] 

In comparison to single cell behavior, collective cell behavior involves higher 

communication complexity as cells must work in concert with one another. Like single cells, 

collective cells respond to chemical regulation and can form cell-substrate junctions to 

mechanically transduce information from their environments. However, when cells are in a 

collective state, they initiate other communication methods to enable them to work 

synergistically. This “quorum” behavior materializes through new physical and chemical 

connections. Physically, collective cells can form cell-cell connections, such as anchoring 

(adherens, desmosomes), occluding (tight), and communicating (gap) junctions (Figure 3.1), 

which allow direct communication of small molecules or electrical signals through cytoplasmic 

connections with neighboring cells. [1], [2], [98] These junctions also enable tissue-level 

functionalities, which can include creating physical barriers between the interior and exterior of 

vessels, [98] exertion of greater traction forces, [82], [99–101] and collective cell migration. 

[95], [102] New paths of chemical signaling also occur, known as paracrine or juxacrine 

signaling, through the secretion and diffusion of factors from one cell to another. This type of 

collective cell chemical signaling is used in vivo to regulate group behaviors such as maintenance 

of vascular tone, angiogenesis, and proliferation. [21], [98], [103], [104]  
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Figure 3.1. Cell-substrate and cell-cell junctions of collective cells. 

Collective cells can form physical junctions with their surroundings, like single cells, as well as with one 

another. Cell-substrate junctions, such as focal adhesions and hemidesmosomes, are primarily for 

anchoring and for obtaining mechanotransductive information for the cellular microenvironment. Cells 

are also physically able to localize with one another through adherens junctions and desmosomes, and are 

capable of forming gap junctions that enable direct cytoplasmic connections for communicating with 

electrical impulses or small molecules. Occluding junctions, such as tight junctions, enable collective 

cells to have tissue functionalities, such as being able to create barriers between the external surfaces of 

intestinal tracts and their lumen.  

 

Microenvironmental Cues and Collective Cell Behavior 

While prior research on collective cells has primarily focused on their biology and the 

internal mechanisms that are involved in maintaining their collective states, [74], [105] 

microenvironmental cues have been shown to influence their behavior. Collective cell migration 

[95], [106–109] and patterning of groups of cells can be induced using soluble or substrate-

immobilized chemical cues. [100] Active and passive biophysical cues can possibly affect group 

behavior as well. When exposed to shear stress from fluid flow, monolayers of cells can exhibit 

morphological changes and collective migration. [110] Scratch wound assays, where parts of cell 

monolayers are removed to create openings in the layer, have been utilized to induce collective 

cell migration as part of the wound healing response. [111], [112] Researches have employed 

polyacrylamide gels to change the stiffness of a substrate. Over the course of a few hours, 

loosely clustered groups of cells either exhibited dispersion into single cells or formed tissue-like 

constructs on stiff and soft gels, respectively (Figure 3.2.A-B). This phenomenon was also 

described for tissue explants, where migration of cells from the tissue was found to be limited by 
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softer substrates, even after three days of culture. On stiff surfaces, cell migrated away from the 

tissue explants, marking the breakdown of tissue behavior. (Figure 3.2.C-D). [55]  

 
Figure 3.2. Maintenance and inhibition of tissue behavior on polyacrylamide gels. 

Researchers placed loosely clustered groups of fibroblasts onto (A) stiff (7.69 ± 2.85 kPa) and (B) soft 

polyacrylamide gel surfaces (2.68 ± 0.99 kPa). Cells on the stiff surfaces migrated away from the clusters 

as single cells. In contrast, on the soft surfaces, cells formed tissue-like constructs. Time stamps are in 

hh:mm. This was also shown for tissue explants placed on (C) stiff and (D) soft surfaces. After 3 days in 

culture, single cells migrated away from the tissue explants on the stiff surfaces, but barely on the soft 

surfaces. Bars = 100 μm [113] 

 

As collective cell behavior relies on the existence of cell-cell junctions, these results 

suggest that the biophysical force balance that hypothetically exists between cell-cell and cell-

substrate junctions can be manipulated through substrate stiffness, as shown in Figure 3.3. [107], 

[114], [115] Substrate stiffness, which can influence cell-substrate junctions, [116] might play an 

integral role in inducing or controlling biological phenomenon that rely on collective behavior 

and collective-to-single cell transitions by causing these junctions to be stronger or weaker than 

the adhesion forces of cell-cell junctions. For example, if cell-cell junctions are much stronger 

than cell adhesion forces to a soft substrate, then collective cell behavior might be maintained. 
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Conversely, if the cell-cell junctions are much weaker than cell-substrate junctions on a stiff 

substrate, single cell behavior may be favored. As the micropost array substrates mentioned 

previously in Chapter 2 were able to influence single cell behavior, they can be utilized to study 

collective and transitional cell behavior.  

 
Figure 3.3. Biophysical force balance between cell-cell and cell-substrate junctions. 

A biophysical force balance between the adhesion forces of cell-cell junctions and cell-substrate junctions 

may play a significant role in maintaining single and collective cell states. It is hypothesized that tissue 

behavior is preserved when cell-cell junctions dominate the physical interactions cells have with their 

environment. Conversely, if cells are able to form more favorable junctions with their substrate, collective 

cells may break apart and result in single cell behavior. 

 

Microtopographic substrate-based biophysical stimuli, which are well-controlled and 

simply fabricated, have been used to study specific aspects of collective cell behavior, including 

traction forces, directed migration, and alignment. For gels with semi-aligned collagen fibers, 

cells within a collective have shown various levels of polarization. [117] Using 

microtopographic surfaces, researches have shown that the collective cell leading edge may 

extend along microridges, [64] and exert larger traction forces than single cells. [100], [101], 

[118] Additionally, cell collectives were able to be confined by patterns of holes in their 

substrates. [69] While these findings suggest microtopographic surfaces can be used to 

mechanically influence collective cell behavior, they have not been utilized to investigate effects 

of substrate stiffness on collective cell behavior or collective-to-single cell transitions.  

By utilizing uniform and gradient micropost arrays to change the apparent stiffness of the 

cellular substrate, the effectiveness of using microtopography to study stiffness-related collective 

behavior and collective-to-single cell transitions will be explored. Similar to the aforementioned 

maintenance and inhibition of collective cell behavior on polyacrylamide gels, it would be 

expected that cells will break away from a collective and observe single cell migration on stiff  
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micropost (short or large radii) arrays, and maintain their collective behavior on soft (tall or 

small radii) micropost arrays. A schematic of this project concept can be found in Figure 3.4. 

 
Figure 3.4. Project concept: collective cell behavior. 

Previously, substrate stiffness has been shown to maintain collective behavior or induce transitions to 

single cell behavior. As micropost arrays are capable of regulating the apparent stiffness of a substrate at 

the microscale and have demonstrated influence over single cell behavior, these microtopographic 

surfaces are potentially capable of either maintaining or inhibiting collective cell behavior as well. On soft 

micropost (tall or small radii) arrays, cell collectives are expected to maintain their group behavior by 

allowing cell-cell junctions to dominate. Alternatively, on the hard micropost (short or large radii) arrays, 

cell collectives are predicted to breakdown and disperse into single cells, favoring stronger cell-substrate 

adhesion forces.   

 

 

3.2  Design of Micropost Arrays and Thin-film Stencils 

To explore the potential of using micropost arrays for controlling collective cell behavior, 

and possibly for observing transitions between collective and single cell states, uniform 

micropost arrays were designed in addition to gradient arrays. 

3.2.1 Uniform Micropost Arrays: μVRs and μVHs 

 Two groups of uniform circular micropost arrays were designed: (i) microtopographic 

constant micropost height, variable micropost radius array (μVR), and (ii) microtopographic 
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constant micropost radius, variable height array (μVH). The μVR and μVH (Figure 3.5) were 

designed to create surfaces of uniform apparent stiffness through various micropost geometries. 

To maintain consistency with the micropost array gradients used for the single cell studies, the 

same ratio of micropost top surface area to corresponding unit cell was used – %ECM of 0.2. For 

all uniform arrays, the interpost spacing was uniform in both the x- and y-directions to eliminate 

any gradients and the microposts were arrayed using hexagonal spacing. For the μVR, microposts 

had a constant height of 7 μm, and were arrayed uniformly with radii ranging from 1.5-2.25 μm 

with theoretical stiffnesses of 23.6-106.4 nN/μm (Figure 3.5.A). In this way, arrays with 

different apparent stiffnesses could be fabricated on the same device and tested in parallel with 

identical environmental conditions. In contrast, the μVHs were developed to maintain constant 

micropost-specific topographical surface area and interpost spacing while changing the apparent 

substrate stiffness through different micropost heights. For these arrays, the microposts had a 

constant radius of 1.5 μm and heights varying from 5-6 μm with theoretical stiffnesses of 59.1-

36.1 nN/μm (Figure 3.5.B). These micropost arrays could be compared directly to the μVR with 

1.5 μm radii. Due to their variable height, these arrays could not be fabricated on the same 

device. Arrays ranged in area from 500 x 500 μm
2
 to 2500 x 2000 μm

2
. 

 
Figure 3.5. Concept schematic for the μVRs and μVHs. 

(A) For the μVRs, the height of the microposts for all arrays was maintained at 7 μm, while the radius was 

varied between 1.5-2.25 μm. This enabled uniform arrays of different apparent stiffnesses to be tested in 

parallel on the same device. Theoretical micropost stiffnesses were calculated for these radii in the graph. 

(B) In contrast, the μVHs had a constant radius of 1.5 μm for all arrays and variable height ranging from 

5-6 μm. These can be directly compared to the μVR with radii of 1.5 μm. These arrays enabled the 

micropost-specific top surface area to be consistent between arrays; however, because they had variable 

heights, these arrays could not be fabricated on the same device for parallel testing. The graph below 

includes their theoretical micropost stiffnesses with the μVR with radii of 1.5 μm as a reference. From the 

micropost stiffness graphs, some of the μVRs show comparable stiffnesses to the μVHs.  

 

3.2.2  Microtopographic Spacing Gradients (μSGs) 

The single cell migration studies indicated that spatial cues can affect aspects of cellular 

migratory behavior. To determine if spacing might have an effect on collective cell behavior, 
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microtopographic spacing gradients, or μSGs, were designed (Figure 3.6). The μSGs consisted of 

microposts of uniform geometry with interpost spacing that decreased over the length of the 

array. The microposts had constant heights and radii of 7 μm and 1.5 μm, respectively. The 

interpost spacing decreased from approximately 3.9-3 μm (Figure 3.6.B), or an average of 10 nm 

post-to-post. This entire interpost spacing range is 2-3 times greater than the interpost spacing for 

any of the uniform 1.5 μm radii micropost arrays used for the collective cell experiments. Similar 

to the gradients used for the single cell studies, the interpost spacing was governed by Equation 

2.1, with a %ECM equal to 0.15. As the interpost spacing decreases over the length of the array, 

the interpost spacing perpendicular to the gradient axis was increased to maintain the ratio. A 

schematic of the top view of the μSG can be found in Figure 3.6.C. The approximate area of 

these arrays was 550 x 550 μm
2
. 

 
Figure 3.6. Concept schematic for the microtopographic spacing gradient (μSG). 

To determine if spacing could affect these studies, (A) μSG with uniform microposts (7 μm tall, 1.5 μm 

radii) and increasing spacing were designed. The range of interpost spacing (B) used in these gradient 

surfaces was greater than the interpost spacing for any of the μVRs. To eliminate effects of increasing 

topographical surface area, the ratio of the micropost surface area to corresponding unit cells was 

decreased to 0.15 from 0.2 used for all other micropost arrays. As the interpost spacing increased, the 

spacing perpendicular to the gradient was decreased. (C) A schematic of the top view of the μSG, with 

decreasing interpost spacing and constant micropost stiffness. 
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3.2.3  Collective Cell Stenciling 

From the single cell migration experiments, it became clear that creating uniform groups, 

or collectives, of cells was very difficult and could not be localized onto the micropost array 

surfaces in a repeatable fashion. To address this limitation, a method of stenciling cells onto the 

micropost arrays was developed (Figure 3.7). Thin-film stencils, which have historically been 

utilized for creating openings in cell monolayers for wound healing assays [111], were used to 

pattern cells on the micropost array surfaces in a manner similar to the metal lift-off processes of 

microfabrication. The thin-film stencils were designed with 100 μm deep circular or elliptical 

thru-holes ranging from 50-400 μm in diameter or major axis length. By placing these stencils in 

close contact with the micropost array surfaces, only select areas of the micropost arrays would 

be accessible to the seeded cells. The cells could then form collectives within the thru-holes and 

be released by removing the thin-film stencils. 

 

 
Figure 3.7. Thin-film stencil methodology. 

In order to directly localize and grow cell collectives on the micropost array surfaces (A), thin-film 

stencils with circular or elliptical thru-holes ranging from 50-400 μm in diameter or major axis length, 

were utilized. The thru-holes were 100 μm deep. These stencils were placed in contact (B) with the 

micropost surfaces, allowing only specific areas to be accessible by cells. (C) After incubation for a few 

days, the stencils were removed to release cell collectives.  

 

 

3.3  Materials and Methods 

3.3.1  Micropost Arrays and Thin-film Stencils:  Microfabrication and Preparation 

Micropost Arrays Substrate Fabrication and Preparation 

The uniform and gradient micropost array substrates were fabricated and prepared using 

the same techniques used for the micropost array gradients and single cell studies. Features of 

heights ranging from 5-7 μm were targeted for these devices. 
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Thin-film Stencil Fabrication 

Thin-film stencils were fabricated using a one-mask soft lithography process.  

Micromold Fabrication 

To create micromolds for the stencils, clean silicon wafers were spin-coated (CEE 100X, 

Brewer Science, MO, USA) with SU-8 2050 (MicroChem Corp., MA, USA). To yield 100 μm tall 

features, SU-8 was spun on at 500 RPM for 10 seconds and 1800 RPM for 30 seconds. The 

wafers were then soft baked on hot plates at 65°C for 5 minutes, followed by 95°C for 20 

minutes before exposing in contact mode for 60 seconds (Hybraline Series 400 Aligner, OAI, 

CA, USA). Following exposure, the wafers were post exposure baked on hot plates at 65°C for 5 

minutes and 95°C for 10 minutes. The wafers were then submerged in SU-8 developer 

(MicroChem Corp., MA, USA) for 15-30 minutes until fully developed, and subsequently washed 

with isopropyl alcohol. After the wafers were dried with compressed N2, they were silanized 

using the same process for the micropost array substrate micromolds.  

PDMS Stencil Micromolding 

PDMS thin-film stencils were fabricated by micromolding PDMS mixed at a 10:1 w/w 

ratio. PDMS was mixed and degassed for 30 minutes, placed in a syringe, and dropped sparingly 

onto the SU-8 micromolds. Using compressed air, the PDMS (approximately 2 g) was 

distributed evenly to coat the micromolds. Spin coating was not employed in this step due to 

poor (streaky and bubbly) distribution of the PDMS. The PDMS was then compressed into the 

molds using a weight separated by plastic transparencies to prevent adhesion of the PDMS to the 

weight. This methodology minimized the amount of PDMS coating the top surfaces of the 

features, thereby generating thru-holes in the thin-films. To cure the PDMS, the compressed 

stencils were heated on hot plates for 12 hours at 40°C. 

Thin-film Stencil Preparation 

Prior to use, the thin-film stencils were inspected for thru-holes. If the micromolds were 

not overly silanized, the PDMS coating the top surfaces of the features would stick to the 

developed SU-8, separating it from the thin-films, and resulting in clean openings. However, if 

the PDMS coating the top surfaces was too thick or the micromolds were nonstick from 

excessive silanizing, lightly running the blunt side of a scalpel over the SU-8 features and using 

Scotch tape could remove any excess PDMS occluding the holes. After demolding, the thin-film 

stencils were sonicated in 100% ethanol for 10 minutes, and subsequently sterilized and washed 

for one minute intervals in 70% ethanol, twice in sterile DI water, and twice in sterile PBS. 

Considering the stencils are highly hydrophobic, it is best to prepare these and submerge them in 

PBS for at least one day to render them more hydrophilic before use to minimize the trapping of 

air bubbles in the thru-holes during experiments.  
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Prior to seeding, the micropost array substrates and thin-film stencils were dried and 

placed in contact with one another. Failure to dry all surfaces of the substrates and the stencils 

completely would cause poor contact between the two, and result in lift-off of the stencils and 

leakage of cells onto all parts of the substrates. 

3.3.2  Cell Preparation for Collective Cell Migration Studies 

BAECs were used for all collective cell experiments. An mCherry-Actin transfected 

BAEC line was also used for these experiments, and was prepared and seeded using the same 

protocols. 

All BAEC lines used for collective cell experiments were prepared in a manner similar to 

that of the single cell experiments. However, the cells were trypsinized for a shorter amount of 

time, about 3 minutes, to maintain some clustering of the cells. Additionally, the cells were 

seeded at a density of approximately 3-4 times confluency (156000-208000 cells/cm
2
) to ensure 

that some cells would fall into the thru-holes of the stencils. Due to the hydrophobicity of the 

thin-film stencils, bubbles were often trapped at the holes, precluding cells from reaching the 

micropost array substrates. To remedy this, pipetting near the holes gently displaced the bubbles 

with cell suspension. The cells were allowed to attach to the micropost substrates for three hours 

before the excess cells were washed away, and the cells were left to incubate in the stencils for 3 

days before experiments. This ensured that the cell collectives were able to create cell-cell 

junctions before being released and observed. To release the cell collectives, the thin-film 

stencils were carefully removed while submerged in media with sterile tweezers. All DMEM was 

replaced with supplemented CO2 independent media following stencil removal for microscope 

observation. 

3.3.3  Methods for Observing Collective Cell Migration 

Time-lapse Microscopy 

Collective cell migration was observed using either time-lapse phase contrast (same setup 

as that used for single cell studies) or bright field microscopy with images taken every 20 

minutes for 16-hour periods. Bright field time-lapse images were taken using custom programs 

on the ImageXpress® Micro System (Molecular Devices, LLC, CA, USA) with a Photometrics 

CoolSNAPHQ digital charge-coupled device (CCD) camera and MetaXpress 3.1.0.89 software. 

The ImageXpress® Micro System also has a temperature controlled chamber to maintain the 

cells at 37°C. In all experiments, collective cell migration was observed through the PDMS 

substrates and therefore did not require custom glass slide fixtures.  

Antibody Staining 

All cells were stained using standard protocols in a non-sterile environment with non-

sterile reagents. Briefly, after aspirating all media, all samples were rinsed in PBS twice (one 
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minute/wash) and fixed using 4% paraformaldahyde for 15 minutes. After rinsing in PBS twice, 

samples were submerged in 0.1% Triton-X for 6-10 minutes, depending on the targeted proteins. 

Surface proteins, such as VE-cadherin, would require a 6 minute Triton-X treatment, while 10 

minutes was required for internal cellular proteins. The samples were again rinsed twice in PBS 

(one minute/wash) and blocked with 1% bovine serum albumin (BSA) for 30 minutes. Using a 

1:200 dilution in 1% BSA, the primary antibodies were placed onto the cells (100 μl/cm
2
), 

covered with parafilm squares, and incubated at 4°C for 12 hours. Parafilm squares were used to 

ensure that the suspension of antibodies covered all parts of the samples through capillary action. 

The squares should be cut slightly smaller than the actual samples and should only be removed 

after the entire sample is submerged. The parafilm squares will be automatically released to 

prevent damage to the sample surfaces. Between the primary and secondary antibodies, there 

were three 15 minute washes, 2x PBS-Triton-X and 1x PBS. For the secondary antibodies, the 

antibodies were diluted to a 1:500 ratio in PBS and pipetted onto the cells (100 μl/cm
2
), covered 

with parafilm squares, and incubated at room temperature for one hour. The same three 15 

minute washes were repeated and the samples were incubated with a 1:1000 dilution of DAPI for 

10 minutes. The samples were washed twice in PBS for 10 minutes, moved to glass slides, and 

mounted with fluoromount. To keep the samples from drying out, coverslips were place on top 

of the substrates and fixed in place with nail polish.  

Data Acquisition and Analysis 

Collective cell behavior data was collected from time-lapse images and analyzed using 

ImageJ software. To quantify cellular behavior, the expansion or contraction of the cell 

collectives was tracked over time by calculating their areas with respect to time. Considering that 

the collectives varied in initial size and shape, the expanded or contracted areas were normalized 

to their corresponding initial areas to compensate for these discrepancies. All data is presented as 

means and s.e.m. These were calculated directly from the data and processed using the same 

statistical methods as used for the single cell studies.  

All stained samples were imaged using the ImageXpress® Micro System (epi-

fluorescence), the Swept Field Confocal Microscope with Prairie View Imaging software 

(Prairie Technologies, Inc., WI, USA), or LSM 700 Flexible Confocal Microscope with Zen 

2009 software (Carl Zeiss Microscopy, LLC, NY, USA). All image post-processing was done 

using ImageJ software. 
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3.4  Results and Discussion 

3.4.1  Device Fabrication 

Using design rules and fabrication methods from the micropost array gradients used for 

the single cell experiments, the μVRs and μSGs yielded well-formed microposts (Figure 3.8.A). 

However, for the μVHs, fabrication was attempted with both OiR 897-10i (Fujifilm, RI, USA) 

and SPR-220. SPR-220 is difficult to spin-coat at heights lower than 5 μm due to its high 

viscosity. Therefore, shorter microposts were attempted with OiR 897-10i by spin-coating 

multiple layers of photoresist using the standard programs on svgcoat2. Unfortunately, OiR 897-

10i did not expose well on gcaws2, and could not yield viable micropost arrays at heights greater 

than 2 μm. Results in Figure 3.8.B illustrate deformed microposts with noncircular cross-

sections.  

 
Figure 3.8. Comparison of micropost profiles. 

Microposts were fabricated using two photoresists, SPR-220 (left) and OiR 897-10i (right). In both cases, 

target feature heights were 5 μm. Using custom programs for SPR-220, micropost arrays with relatively 

straight side walls were achievable. However, using multiple standardized coating steps on svgcoat2 to 

created resist thicknesses of 5 μm, features patterned using gcaws2 were warped and unable to maintain 

the desired height after processing. SPR-220 was, therefore, used to create micropost arrays with heights 

equal to or greater than 5 μm. 

 

Prior to using soft lithography, laser ablation was considered for thin-film stencils 

fabrication. PDMS was spin-coated onto photoresist-coated silicon wafers at thicknesses ranging 

from 25-60 μm, and subsequently cured and ablated using lasers in a materials processing 

laboratory and a femto-second laser. Photoresist was used as a release layer for the PDMS. 

Results from the laser system in the materials processing laboratory can be found in Figure 3.9-

left. While arrays of appropriately-sized thru-holes could be quickly produced in the PDMS thin-

films, significant thermal crazing and warping were found upon closer examination (Figure 3.9-

right). Interactions with the underlying photoresist also occurred and stained the thin-films. To 
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address these issues, a femto-second laser was tested to determine if the thermal damage could 

be minimized. The holes produced were cleaner and had less thermal damage; however, the spot 

size of the lasers was much smaller than 15 μm in radius and would not be viable for collective 

cell seeding considering that BAECs can easily spread to that size. 

 
Figure 3.9. Thin-film stencil laser ablation results. 

PDMS was spin-coated onto photoresist-coated wafers. (Left) PDMS was spun at thicknesses of 25-60 μm 

and ablated using the laser cutters in a materials processing laboratory. Arrays, 1 x 1 cm
2
, of thru-holes 

were rapidly produced. However, extensive thermal damage was caused by the laser ablation (right), 

resulting in warping of the thin-film and crazing around the thru-holes which could result in leakage of 

cells. The hole diameter is approximately 180 μm. 

 

Due to the fabrication issues associated with laser ablation, soft lithography was 

employed to create the thin-film stencils used in all collective cell experiments. The thin-film 

stencils were patterned with both circular and elliptical thru-holes. The fabrication results can be 

found in Figure 3.10. Stencils with diameters and major axes in the range of 50-400 μm have 

been designed and fabricated, all of which could produce features with clean side walls as shown 

in the SEM micrographs. However, the probability of yielding continuous and dense cell 

collectives was affected by fabrication issues and geometry. Features with diameters smaller than 

75 μm rarely produced thru-holes, and the scalpel method of opening the holes marginally 

increased viability without damage to the features. Additionally, thru-holes that were less than 

100 μm in diameter were very difficult to seed – even when seeding at high density, BAECs had 

difficulty being seeded collectively in these holes. 
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Figure 3.10. Thin-film stencil fabrication results. 

The thin-film stencils were fabricated using a one-mask soft lithography process. PDMS was compressed 

into SU-8 micromolds with features 100 μm in thickness (top left) and demolded (top right) after curing 

under external weights. Each stencil was approximately 1 x 1 cm
2
 in size. (Bottom left) SEM micrographs 

of the stencils show cleanly resolved features and straight side walls (bottom right).  

 

3.4.2  Cell Seeding and Collective Formation 

Cell collectives were formed by seeding the stenciled micropost array substrates at high 

densities and incubating them until the formation of cell-cell junctions. Stenciled micropost 

arrays can be found in Figure 3.11. Residual PDMS from the scalpel method can be seen along 

the edges of an elliptical thru-hole in Figure 3.11-left, which can account for slight imperfections 

at the edges of cell collectives. A thru-hole seeded with BAECs can be seen in Figure 3.11-right. 

Even when seeding at a density equivalent to confluency, it was difficult to localize the cells 

within the stencil openings due to trapped air bubbles at the thru-hole locations. Seeding cells at 

higher densities, such as 3-4 times confluency, helped to increase cell localization within the 

stencil openings and yielded dense cell collectives. Low density clusters of cells could not form 
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continuous cell collectives, rendering them irrelevant for experiments. Effects of seeding density 

of cell collective formation can be found in Figure 3.12. 

 
Figure 3.11. Stenciled micropost array substrates. 

Thin-film stencils were used to selectively culture and locate cell collectives on micropost array surfaces 

(left). Thru-holes occasionally required manual opening with the scalpel method, which created residual 

PDMS at the edges. This resulted in slight impefections at the edges of cell collectives. (Right) A 

stenciled micropost array substrate after high density seeding with BAECs and a 3 day incubation period. 

Major axis length for both thru-holes is approximately 250 μm. 

 

The thin-film stencil fabrication method was able to yield well-formed thru-holes that did 

not require manual opening. Even with these thru-holes, BAECs, while able to form dense cell 

collectives, were generally unable to maintain a perfect replica of the thru-hole shape after 

stencil removal, as shown in Figure 3.12-right. This is likely due to some cellular attachment at 

the edges to the stencils, which can result in mechanical breakage of cell-cell junctions during 

stencil removal.  
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Figure 3.12. Seeding densities for collective cell experiments. 

To create continuous collectives of cells, BAECs needed to be seeded at high densities to ensure thru-

holes in the thin-film stencils were densely populated. (Left) Stencils seeded at confluency produced 

poorly formed, sparse collectives that could not be used for collective cell studies. In contrast, seeding at 

(right) three times confluency yielded continuous collectives of cells. The slight irregularities at the edges 

of the collective are likely caused by mechanical breakage of cells attached to the side walls of the stencil 

thru-holes. This collective is approximately 300 μm at its widest part.   

 

To determine the types of junctions that were being formed by the cells after three days 

of incubating in the thru-holes of the thin-film stencils, BAECs collectives were fluorescently 

stained for cell-cell junctions and cell-substrate junctions. In Figure 3.13, a BAEC collective 

was visualized under bright-field and fluorescent illumination at 20x magnification. As shown in 

Figure 3.13.A, while the cell collective was not well visualized under bright-field illumination, 

the micropost substrate (μVRs with radii of 1.5 μm) below was visible. The microposts in this 

image had an uneven appearance – this is due to stiction, which causes groups of microposts to 

collapse onto one another. Figure 3.13.B shows the cell collective through the nuclei of the 

BAECs using DAPI (blue) staining. The outline of the BAECs can be seen in Figure 3.13.C 

through the staining of the cell-cell junctions (adherens junctions), where VE-cadherin (Santa 

Cruz Biotech, CA, USA) was stained with FITC (green). This staining indicated that cell-cell 

junctions had formed and that the BAEC collectives were physically connected and not loosely 

clustered cells through hydrophobic/hydrophilic interactions. In Figure 3.13.D, cell-substrate 

junctions (focal adhesions), which also formed during the incubation period, were stained using 

Vinculin (Sigma-Aldrich, Corp., MO, USA) with TRITC (red). The cell collectives formed using 

the stenciling technique were 3-D collectives, not monolayers, as indicated by confocal 

microscopy and account for the lack of a circular or elliptical appearance of the cell collective in 

Figure 3.13.  
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Figure 3.13. Formation of cell-cell and cell-substrate junctions for cell collectives. 

To determine the types of junctions the BAECs were forming during the three day incubation period, the 

cell collectives were stained for both cell-cell and cell-substrate junctions. BAEC collectives on micropost 

substrates (A) were stained for (B) nuclei (DAPI, blue), (C) VE-cadherin for adherens junctions (FITC, 

green), and (D) Vinculin for focal adhesions (TRITC, red). (A) While the cell collective was not 

visualized under bright-field illumination, the underlying micropost substrate (μVRs with radii of 1.5 μm) 

was visible. The microposts had an uneven appearance due to collapse from stiction. (B) The cells in the 

collective are localized through the nuclei staining, showing a non-circular/non-elliptical collective. From 

(C), the outline of the cells was visible through positive staining of VE-cadherin, indicating the BAECs 

had formed physical junctions with one another. The collectives also formed cell substrate junctions as 

illustrated in (D) through the positive staining for Vinculin. Confocal imaging of BAEC collectives 

indicated that they are 3-D clusters, not monolayers of cells. Magnification = 20x.  

 

3.4.3  Collective Cell Results: μVR, μVH, and μSG 

Experimental results for the μVRs indicated that changes in micropost radii could 

maintain or inhibit collective cell behavior. Time-lapse images of collective cell behavior can be 

found in Figure 3.14-left/middle, with images taken every four hours. To quantify collective cell 

behavior, the expansion or contraction of the collective areas was tracked over 16-hour periods 

and normalized to the original corresponding collective area. This normalization accounted for 

slight differences in the original areas of different collectives. Normalized expansion and 

contraction area data over the 16-hour studies can be found in Figure 3.15, where values greater 

than 1 indicate expansive behavior, and values less than or equal to 1 denote contractile 

behavior.  
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Figure 3.14. Experimental time-lapse collective cell results for μVRs and μSGs. 

Time-lapse images for cell collectives on stiff, soft, and gradient micropost arrays. On the stiff μVRs, 

collective cell behavior was inhibited, with collectives dispersing into single cells. In contrast, on the soft 

μVRs, collective cell behavior was maintained. The dotted circles approximate the expansion or 

contraction of the cell collectives. While some cells are lost at the periphery, cell collectives remain as 

collectives. On the μSGs, behavior was found to be more complex, with cell collectives exhibiting 

expansion and contraction at different edges. Black arrows indicate the direction of decreasing interpost 

spacing. For stiff μVRs and μSGs, bars = 100 μm. For soft μVRs, bar = 50 μm.  
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For the μVRs with radii in the range of 1.75-2.25 μm, results indicated that collective cell 

behavior could not be maintained and the collectives expanded over time (Figure 3.15). These 

micropost arrays were classified as “stiff”, and caused cell collectives to break apart and migrate 

radially away as single cells from the group. On the stiff arrays, it was found that collectives 

would have larger average expanded areas over time with increasing micropost radii. On the 

μVRs with radii of 1.75 μm, 2.0 μm, and 2.25 μm, the final average normalized expanded areas 

(greater than 1) were 3.0 ± 0.1, 3.3 ± 0.2, and 4.5 ± 0.5, respectively. While the differences in 

expansion between the μVRs with radii of 2.25 μm and 2.0 μm was not considerable (p = 0.09), 

the difference between the μVRs with radii of 2.25 μm and 1.75 μm was found to be statistically 

significant (p < 0.05).  

In contrast to the stiff μVRs, on the μVRs with radii of 1.5 μm, cell collectives were able 

to maintain their collective behavior (less than or equal to 1) and even contract, with a final 

normalized expanded area of 0.7 ± 0.1. These micropost arrays were considered “soft”. During 

experiments, cells at the periphery did break away intermittently; however not at the consistency 

and speed with which cells moved away from the collectives on the stiff μVRs. The difference in 

behavior between the soft and stiff surfaces was found to be statistically significant, with p < 

0.05. As the behavior of cell collectives changes between micropost arrays with radii of 1.5 μm 

and 1.75 μm, this transitional stiffness zone where collective cell behavior can no longer be 

maintained is characterized as 33 ± 9 nN/μm.  

 
Figure 3.15. Normalized expansion and contraction data for the μVRs. 

(Left) To quantify collective cell behavior, the expansion or contraction of cell collectives on the μVRs 

were tracked over 16-hour periods. To account for different sizes of collectives, these were normalized to 

their initial corresponding areas. As this is a normalization, values greater than 1 described expansion and 

values less than or equal to 1 indicated contraction, which are the inhibition or maintenance of collective 

cell behavior, respectively. For the microposts with radii between 1.75-2.25 μm, collective behavior could 

not be maintained and single cell migration was induced. In contrast, on the microposts with radii of 1.5 

μm, cells maintained their group behavior and exhibited contraction. Error bars denote s.e.m. (Right) The 

number of cell collectives tested for each radius is tabulated. 
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To further investigate possible differences between collective cell behaviors on the stiff 

and soft μVRs, collectives of a transfected BAEC cell line were used. The BAECS were 

transfected such that Actin, which was used to visualize the cell cytoskeleton, was fluorescently 

labeled with mCherry. In Figure 3.16, cell collectives were visualized with Actin by mCherry 

(Cy3, green) and with nuclei by DAPI (blue) staining. Microposts in Figure 3.16.B,D were 

stained with fluorescently-labeled BSA (Cy5, red). 

 
Figure 3.16. Fluorescence images for collective cells. 

Cell collectives with BAECs transfected with mCherry-Actin on μVRs with radii of (A,B) 1.5 μm and 

(C,D) 2.5μm. For all images, the cytoskeleton of the BAECs in collectives was visualized through 

mCherry (Cy3, green) and the cells were localized through their nuclei (DAPI, blue). Directly after stencil 

removal, collectives on the μVRs with radii of (A) 1.5 μm and (C) 2.25 μm were stained for nuclei and 

Actin. The edges of the collective on the μVRs with radii of 1.5 μm appear to be more continuous than the 

one on the surface with 2.25 μm microposts, suggesting that cells on these surfaces are able to form cell-

cell junctions more easily. Magnification = 40x. Bars = 20 μm. After 8 hours of incubation, the 

maintenance (contraction) and inhibition (expansion) of collective behavior can be seen on μVRs with (B) 

1.5 μm and (D) 2.25 μm radii microposts (Cy5, red), respectively. (B) The cell collective on the μVRs 

with radii of 1.5 μm was mostly intact after the 8 hour incubation period, losing only a few cells at the 

periphery. (D) In contrast, after 8 hours, the cell collective on the μVRs with radii of 2.25 μm had 

dispersed, with significant single cell migration. Magnification = 10x. Bars = 50 μm 
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After incubating for three days in the thin-film stencils, collectives on μVRs were stained 

immediately after stencil removal (Figure 3.16.A,C) and after eight hours of incubation (Figure 

3.16.B,D). In Figure 3.16.A, a collective on a μVRs with radii of 1.5 μm exhibited a fairly 

continuous edge, with overlap of cytoskeletons of neighboring cells seen through the mCherry-

Actin. Unattached cells appeared round and not spread out. The microposts could be visualized 

through the nuclear stains, likely from the deformation of the nuclei. In contrast, on the μVRs 

with radii 2.25 μm (Figure 3.16.C), the edge of the collective is not continuous with cells 

appearing loosely attached to one another in spite of the higher cell density. Individual cells 

appear more spread out in comparison to those on the μVRs with radii of 1.5 μm. Microposts can 

also be seen in the nuclear stains of the cells. These edge differences suggest that cells on the 

substrates with softer microposts have stronger tendencies to form cell-cell junctions more easily 

than those on the surfaces with stiffer microposts. The overall differences between the two 

surfaces can be seen after eight hours of incubation. In Figure 3.16.B, a collective on the μVRs 

with radii of 1.5 μm has been maintained or exhibited slight contraction with a few cells leaving 

at the periphery. In contrast (Figure 3.16.D), the collective on the μVRs with radii of 2.25 μm has 

expanded with many single cells migrating away from the group. 

Although these results suggest that changes in collective cell behavior can be attributed to 

changes in micropost radii (stiffnesses), interpost spacing also varies for the different arrays and 

may influence this behavior as well. Since these μVRs have a %ECM of 0.2 to maintain constant 

microtopographic area for microposts of different radii, the interpost spacing for radii 1.5-2.25 

μm increases from 1.47 μm to 2.21 μm. To investigate possible changes in behavior due to 

spacing, collective cell behavior was observed on the μSGs, which have microposts with 

identical geometry to the μVRs with radii of 1.5 μm as well as gradients in interpost spacing. For 

cell collectives on μSGs, experimental results indicated multiple behaviors that were markedly 

different from behavior on any of the μVRs. Time-lapse images of cell collectives on these 

surfaces, taken every four hours, can be found in Figure 3.14-right. From the time-lapse images, 

it was observed that at different parts of the collective, contraction of the collective can occur 

while the overall cell collective is expanding. To quantify the overall behavior of the collectives, 

the average normalized expansion of the collectives was tracked for 16-hour studies (Figure 

3.17).  
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Figure 3.17. Experimental collective cell data for micropost array gradients. 

Although all of the cell collectives on the μSGs had portions that exhibited contraction, the expansion 

areas were recorded for 16-hour studies to characterize their overall behavior. Cell collectives were not 

able to fully maintain their group behavior on these gradients, indicated by values greater than 1, despite 

having the same substrate stiffness stimuli as the μVRs with radii of 1.5 μm. Error bars denote s.e.m.   

 

Four cell collectives were observed and found to have a normalized change in area of 2.1 

± 0.3 after 16-hour periods, which is statistically different from that of the μVRs with radii of 1.5 

μm, where cell collectives were able to contract and maintain their group behavior. Cell 

collectives exhibited an overall expansion on these surfaces even though portions of the 

collectives did exhibit some contractile behavior. This contractile behavior was characterized by 

measuring the displacement of the centroids of the cell collectives over 16-hour studies. The 

average centroid displacement of the four collectives was found to be approximately 84.5 ± 35.8 

μm. Although the contractile behavior of specific portions of the collectives occurred in both the 

directions of decreasing and increasing interpost spacing, general effects of the spacing gradient 

may not be observable as only four collectives were tested. Overall, the expansive behavior 

indicated that, even with the same substrate stiffness cues, the larger interpost spacing can cause 

the expansion of the cell collectives.  

These results could be attributed to physical difficulties cells may have with forming and 

maintaining cell-cell junctions with one another. Similar to how single BAECs might have been 

unable to physically reach subsequent microposts that are spaced farther and farther away on the 

μDSGs, BAECs at the edges of collectives on the μSGs may not be close enough to one another 

to form sufficient numbers of or strong enough cell-cell junctions to balance the cell-substrate 

adhesion forces required to maintain collective cell behavior. At the center of collectives, where 

cell density is very high and spacing between cells should not be an issue, different phenomena 

might explain this behavior. It might be possible that BAECs need to form a sufficient amount of 

cell-substrate junctions in order to form cell-cell junctions well. On the μSGs, cells have less 

topographical area to anchor to due to the %ECM of 0.15. While the hypothetical force balance 

described in literature suggests that cell-cell junctions and cell-substrate junctions work 
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antagonistically to inhibit and maintain collective cell behavior, there might be a minimum 

balance between the two required for tissue functionality.  

Since interpost spacing can possibly affect collective cell behavior, cell collectives were 

observed on μVHs for 16-hour periods. These μVHs have the same micropost diameter at 1.5 m 

and same interpost spacing while the microposts have different heights of 5 m and 6 m. These 

have the same microtopographic layout as the μVRs with radii of 1.5 m, which has a height of 7 

m. Time-lapse images, taken every four hours, of expansion on these substrates can be found in 

Figure 3.18. From these images, it is clear that on these microposts arrays, collective cell 

behavior cannot be maintained, similarly to the stiff μVRs with larger radii. Their expansion data, 

compared to the μVR with radii of 1.5 μm, can be found in Figure 3.19. Specifically, for heights 

of 5 μm and 6 μm, the final normalized expanded areas were 4.6 ± 0.6 and 3.8 ± 0.5, 

respectively. It is observed that the expansion of cell collectives on these surfaces tends to 

increase with decreasing height, but these results were not statistically different (p = 0.3). 

However, the difference between these results and the μVR with radii of 1.5 μm was statistically 

significant (p < 0.05). These results further validate the experimental observation that there is a 

zone where collective behavior can no longer be maintained on micropost arrays with radii of 1.5 

μm between the heights of 6 μm and 7 μm and this transitional stiffness can be characterized as 

30 ± 6 nN/μm. 

 
Figure 3.18. Experimental time-lapse collective cell results for μVHs. 

Time-lapse images for cell collectives on μVHs for 16-hour studies. Similar to the μVRs, with radii 

between 1.75-2.25 μm, collective cell behavior was inhibited and the expansion of the collectives was 

observed for both μVHs. Bar = 50 μm. 

 

These results show that the expansive behavior was found for both the μVRs and the 

μVHs. Micropost stiffness can likely play a role in mechanically regulating collective cell 

behavior. Additionally, the μVRs with radii 1.75 μm and 2.0 μm have similar but slightly stiffer 

microposts than the μVHs with heights of 6 μm and 5 μm, respectively, as shown in Figure 3.5. 

Based on the expansion results for both the μVRs and μVHs, the collectives on the μVRs might be 

expected to expand slightly faster than they would on the μVHs. However, it is interesting to note 

that, while not statistically significant, cells spread faster on the μVHs relative to the μVRs. Based 

on the single cell migration data for the μDSGs, where cells migrated faster in the direction of 

decreasing interpost spacing (approximate range of 2 μm to 6 μm) relative to the opposite 
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direction, this result might again demonstrate the influence of interpost spacing on cellular 

migration.  

 
Figure 3.19. Normalized expansion and contraction data for the μVHs. 

The expansion and contraction of cell collectives on the μVHs were tracked for 16-hour periods, and 

normalized to their corresponding initial areas. Values greater than 1 and less than or equal to 1 indicate 

expansion (inhibition) and contraction (maintenance) of collective cell behavior, respectively. In 

comparison to the μVRs with radii of 1.5 μm, collectives on the μVHs could not maintain their group 

behavior and were dispersed into single cells. Error bars denote s.e.m. (Right) The number of cell 

collectives tested for each height is tabulated. 
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Chapter 4: Micropost Arrays for Cell Reprogramming 

4.1  Introduction 

Stem Cell Biology 

The field of stem cell biology holds promise for addressing many poorly met medical 

challenges, including regenerative medicine, organ engineering, cell replacement therapies, and 

autoimmune disorders. [119–125] Stem cells are unique due to their theoretical capacity to 

become any type of cell in the human body depending on their level of differentiation [120], 

[126] – the less differentiated a stem cell is, the greater the number of cells it has the potential to 

become. This potential to become many types of cells is referred to as potency. While totipotent 

stem cells are able to become any type of cells including extraembryonic tissues, [127], [128] 

pluripotent stem cells are considered sufficient for most practical medical applications of stem 

cells as they can differentiate into any of the three germ layers. [7], [129–131] Embryonic stem 

cells (ESCs) are considered the gold standard for pluripotency. [128] It has been demonstrated 

that ESCs can differentiate into all fetal and adult cell lineages, can be implanted into embryos 

and play a role in tissue generation, and are capable of self-renewal. [132], [133] While they 

appear to be a solution to the aforementioned medical problems, they are not without their 

limitations. There is significant ethical controversy over the harvesting of human embryonic 

stem cells (hESCs) due to the way they are isolated and cultured, which requires the destruction 

of a human embryo. [134], [135] Also, because of the way their pluripotency is maintained, 

currently available stem cell lines suffer from xenographic contamination from mouse embryonic 

fibroblasts (MEF) feeder cell layers, or expensive chemical medias conditioned by MEFs, as 

pluripotency of hESCs cannot be maintained by cytokines such as leukemia inhibitory factor 

(LIF). [132], [136], [137] Additionally, even if the two aforementioned issues were addressed, 

there remains a problem of graft-versus-host disease that is common to stem cell treatments. 

[138–141] Human embryonic cells in culture will have immune imprinting in their derived cells, 

which can result in the need for host immune system suppression for actual applications. [119] 

Stem Cell Reprogramming 

To address the issues associated with ESCs, researchers have investigated methods of 

producing stem cells through alternate means. The idea of reprogramming somatic cells into 

stem cells has become an active area of research in the last 10 years. Reprogramming is the 

methodology of changing the potency of a cell body by manipulating the nuclear behavior. 

Methods that have been used to do this include nuclear transfer, [142], [143] cell fusion, [144] 

cell explantation, [145] and the technologies to create induced pluripotent stem cells (iPSCs). 

[146–148] While pluripotency can be induced using all of these methodologies, iPSCs have the 

greatest potential to overcome the limitations of ESCs. As nuclear transfer requires the use of 
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embryos, cell fusion results in cells that are tetraploid, and cell explantation maybe confined to 

germ cells, these methods have severe technical and practical limitations. [131], [149]  

iPSCs have the potential to address the ethical and immunological rejection issues that 

are associated with ESCs. iPSCs are generated from embryonic or adult somatic cells by forcing 

exogenous production of transcription factors that are unique to stem cells. [147] As 

differentiated cells can be reprogrammed into iPSCs, this technology has wide reaching 

implications as they can possibly be patient-sourced. If iPSCs are patient-sourced, not only will 

stem cell treatments not require the use of embryos, the cells will be personalized and preclude 

any host rejection issues. [149]  

iPSCs can be derived from both embryonic and adult somatic cells, and are 

reprogrammed into pluripotent states through the transduction of key stem cell factors. Delivery 

methods for the desired transcription factors for reprogramming can include using integrating 

viruses (e.g. retro-/lentiviruses [147], [148], [150], [151] and virus cassettes [152–154]), non-

integrating viruses such as adenoviruses, [155], [156] plasmid transfections, [157–159] 

transposons, [160–162] direct protein delivery, [163–165] or mRNA delivery. [166] Several 

transcription factors play important roles in the propagation of undifferentiated stem cells and 

have been identified for reprogramming. Combinations of transcription factors, such as Oct-3/4, 

Sox2, c-Myc, Klf4, Lin28, and Nanog, [147], [149] are required for iPSC reprogramming. [149] 

Additionally, other classes of factors can improve the efficiency of the reprogramming process or 

replace transcription factors. These include epigenetic modifiers, signaling molecules, mRNA 

binding proteins, tumor suppressors, cell-cell adhesions, vitamin C, and environmental factors 

such as hypoxia. [167–174]  

While iPSCs have significant potential for overcoming the limitations of ESCs, they have 

several drawbacks. Several delivery methods of the transcription factors are mutagenic (viral 

integration) and some of the transcription factors themselves are oncogenic such as c-Myc, 

which can result in undesirable side effects in the human body. [175], [176] Reprogramming 

efficiency is also notoriously low, often much less than 1%, which makes the process both 

expensive and slow. [149] Developing and researching methods that can eliminate oncogenic 

factors, increase the efficiency of the reprogramming process, or enable direct differentiation or 

transdifferentiation [177–181] of reprogrammed cells, therefore, are imperative for making 

medical applications of iPSCs a reality.  

Microenvironmental Cues and their Effects on Stem Cells and iPSCs 

As previously mentioned, while transcription factors are integral to the reprogramming 

process of iPSCs, secondary chemical factors in the cellular microenvironment have been shown 

to increase reprogramming efficiency or replace some of the transcription factors. [167–174], 

[182] Additionally, ESC protocols that utilize chemical growth factors for directed 
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differentiation into specific cell lineages, including hepatic, hematopoietic, endothelial, and 

neural, have been effective in differentiating iPSCs. [183–186] 

Biophysical cues, which have demonstrated influence over the differentiation of stem 

cells, have not been explored for iPSCs. Microenvironmental stimuli, including substrate 

stiffness and extracellular matrix geometry, can control the differentiation of stem cells into 

specific desired lineages. [46], [187–192] In their seminal paper on effects of substrate stiffness 

on stem cell differentiation, Engler et. al. demonstrated that polyacrylamide surfaces of different 

stiffnesses could direct mesenchymal stem cells (MSCs) toward neuron, myoblasts, or 

osteoblasts lineages in identical chemical microenvironments. [46] Microtopography has also 

been used to direct the differentiation of stem cells. [56], [70] Uniform micropost arrays were 

employed to change the apparent stiffness of a substrate, and found to favor adipogenic or 

osteogenic fates of MSCs on soft and stiff microposts, respectively. [56] As microtopography 

can influence both somatic adult cell behavior and stem cell differentiation, micropost array 

technology may affect both the reprogramming and differentiation processes of iPSCs. 

 

4.2  Design of Micropost Arrays for iPSCs 

As a relatively new field of research, variables of the reprogramming and differentiation 

processes for iPSCs and the effects of microenvironmental cues are not well understood or 

characterized. Uniform micropost arrays, with varying radii and heights, and flat PDMS surfaces 

were used to explore the influence of microtopography on these iPSC processes. Furthermore, 

effects of initial seeding density and lentivirus infection levels were investigated. 

4.2.1 Uniform Micropost Arrays: (μVRs) 

Two sets of μVRs, similar to the micropost arrays utilized for the collective cell studies, 

were designed for the iPSC experiments (Figure 4.2). The μVRs were made at two different 

heights, 2 μm (μVR2) and 7 μm (μVR7). The micropost surfaces consisted of uniform micropost 

arrays with radii ranging from 1.5 μm to 3.0 μm, which enabled multiple stiffnesses at each 

height to be tested in parallel on the same device. As shown in the bottom figures of Figure 4.2, 

the theoretical stiffnesses for these radii are equivalent to 23.6-292.1 nN/μm and 483.6-2862.8 

nN/μm for the μVR7 and μVR2, respectively. To avoid any issues with stiction of neighboring 

microposts, the μVRs had a reduced %ECM of 0.1. Microposts were spaced uniformly, dictated 

by the %ECM, in both the x- and y-directions and were arranged in a hexagonal pattern. The 

areas of these arrays ranged from 2500 x 2000 μm
2
 to 7000 x 7000 μm

2
. These arrays were larger 

than those made for the collective cell studies as it was difficult to seed specific densities of cells 

onto small areas in a repeatable fashion. 
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Figure 4.1. Concept schematic for the μVRs. 

μVRs, similar to those used for collective cell studies, were fabricated for iPSC experiments. μVRs were 

made at two heights: (A) 2 μm (μVR2) and (B) 7 μm (μVR7). For each height, substrates were made with 

uniform micropost arrays with radii between 1.5-3 μm, enabling several different stiffnesses to be tested 

in parallel on the same device. Theoretical micropost stiffnesses were calculated for these radii for μVR7 

and μVR2 in the bottom graphs of (A) and (B), respectively. 

 

4.2.1 Design of Experiments 

As the effects of microtopography on the reprogramming and differentiation processes 

have not been explored, flat PDMS surfaces were used as control substrates for the μVR 

experiments (Figure 4.2). From the previous single and collective cell studies, maintaining 

specific seeding densities on PDMS surfaces was challenging. PDMS is very hydrophobic and 

seeded suspensions could easily bead off the surfaces through movement of the substrates during 

experiment preparation. To address this issue, the cell suspensions were confined on all surfaces 

with PDMS frames. These frames had thru-holes, with areas of 1 x 1 cm
2
 and approximately 4 

mm in depth, and were utilized as large stencils (Figure 4.2.B). Furthermore, as chemical 

microenvironmental cues can influence many aspects of cellular behavior, the μVRs were not 

microcontact-printed with attachment proteins to preclude their effects.  

In addition to exploring cellular responses to microtopography, the effects of initial 

seeding densities and viral infection levels of reprogrammed cells were investigated by varying 

their concentrations. Both of these factors can increase the probability of a reprogramming event 

by increasing the total number of available cells or the percentage of infected cells. Effects of 

viral infection levels on cells were compared on substrates of different microtopography. The 

possible effects of initial seeding density, virus infection levels, and microtopography on the 

reprogramming and differentiation events of cells (Figure 4.2.C) were observed over time. 
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Figure 4.2. Experiments for investigating effects of microtopography on iPSCs. 

Reprogrammed cells were seeded on (A) μVRs and flat PDMS surfaces. To ensure that specific seeding 

densities were maintained for different substrates, PDMS frames (B) were used to confine cell 

suspensions to 1 x 1 cm
2
 areas on all test surfaces. The frames were approximately 4 mm in depth. Effects 

of microtopography, initial seeding density, and virus infection levels on the (C) reprogramming and 

differentiation of iPSCs (light pink cells) were explored over time.  

 

 

4.3  Materials and Methods 

4.3.1  Micropost Arrays Substrates:  Microfabrication and Preparation 

Micropost Array Preparation for iPSCs  

Micropost array substrates with 7 μm tall features were fabricated in a manner similar to 

that used in the BAEC single and collective cell studies. Additionally, another set of shorter 

micropost array substrates (2 μm tall features) was fabricated. Briefly, silicon wafers were 

cleaned in msink8, treated with HMDS in primeoven, spin-coated with OiR 897-10i (Fujifilm, RI, 

USA) i-line positive photoresist (svgcoat2, coater program 5), and soft baked (svgcoat2, oven 

program 2). Similar to the SPR-220 coated wafers, these wafers were exposed using gcaws2 

with the EXPO EXPO program. For exposure, offset values ranged from -4 to -6, and exposure 

times were between 0.60-0.62 seconds to pattern features. Following exposure, the wafers were 

post exposure baked (svgdev1, oven program 1) and developed (svgdev1, developer program 1). 

The wafers were then hard baked at 120°C for 20 minutes (VWR oven) before being placed in 

primeoven for dehydration and baking. To create a release layer, the wafers were silanized using 

the same procedure used for the SPR-220 coated wafers. PDMS, mixed at a 1:10 w/w ratio, was 

poured into these micromolds, and cured under vacuum at room temperature for at least two days 

before use. 

The preparation of the micropost array substrates were identical to the methods used for 

the BAEC single and collective cell studies. However, to isolate the effects of biophysical cues 
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on the cells from any chemical effects, the substrates were not microcontact-printed with any 

proteins following the O2 plasma-treatment. Additionally, to maintain the surface density of 

seeded cells between different surfaces, the cell suspensions must be confined to a specific area. 

To accomplish this, PDMS frames were used, which were flat PDMS sheets (~4 mm thick) with 

1 x 1 cm
2
 square holes manually cut into them. The PDMS frames were cleaned and sterilized 

using the same procedures used for the thin-film PDMS stencils in the collective cell studies. 

Following sterilization, the PDMS frames were dried and placed in contact with the O2 plasma-

treated substrates, surrounding the active area of surfaces and creating small wells to contain the 

cell suspensions.  

4.3.2  Cell Preparation for Collective Cell Migration Studies 

Primary Cell Isolation: Mouse Ear Fibroblasts (mERFs) 

Mouse ear fibroblasts (mERFs) were isolated from C57BL/6 wild type mice provided by 

the Xiaohua Gong laboratory (Vision Sciences Division, School of Optometry, UCB). 

Euthanized mice, 4-8 weeks old, were sprayed until soaked with 70% ethanol to prevent 

contamination. Mouse ears were harvested by removing them close to the skull with sterilized 

scissors, and stored in sterile PBS prior to cell isolation. In a sterile environment, after removal 

of hair using tweezers, ear tissue (from 3-4 mice) was diced with scalpels until a putty-like 

consistency was achieved. The tissue was then digested in 10 ml of a sterile-filtered solution of 3 

mg/ml collagenase IV (Sigma-Aldrich, MO, USA) in 0.25% Trypsin, 1x PBS (all Gibco, 

Invitrogen, NY, USA). This mixture was incubated and agitated at 37°C for 30-60 min, or until 

the mixture was cloudy. DMEM, supplemented with 10% FBS and 1% P/S, was added to 

neutralize the Trypsin activity. Following manual pipetting to further break apart the tissue, the 

mixture was centrifuged at 1000 RPM for 4 min. The supernatant was aspirated and the pellet 

was resuspended in 40 ml of DMEM. The suspension was centrifuged for a second time under 

the same conditions. After aspiration of the supernatant, the pellet was resuspended in 10 ml of 

DMEM and transferred to a 10 cm TC dish and placed in an incubator at 37°C with 5% CO2 and 

5% O2. The dish was checked daily to observe appearance of fibroblasts and changes in media 

color. Changes in media color can indicate contamination. While fibroblasts should appear 

within 2-5 days, all viable cells should have exited the tissue after two weeks. The cells were 

then passaged, grown to 80-90% confluency, and frozen down for future use.  

Lentivirus Generation and Infection 

An overview of the iPSC reprogramming process can be found in Figure 4.3. 
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Figure 4.3. Overview of virus production and fibroblast reprogramming. 

mERFs were reprogrammed into iPSCs by transfecting them with specific stem cell-associated 

transcription factors using lentiviruses. To generate lentiviruses for reprogramming cells into 

iPSCs, DH5-α bacteria were first transfected and used to amplify desired reprogramming and 

helper plasmids. The plasmids were then extracted from the bacteria by lysing them, and used to 

transfect HEK 293T cells. The HEK 293T cells subsequently produced viruses for infecting and 

reprogramming mERFs.  

 

As the first step in this process (Figure 4.3-left), STEMCCA, the 4-in-1 polycistronic 

vector (material transfer agreement with Gustavo Mostoslavsky) for the original Yamanaka 

factors, Oct-3/4, Sox2, Klf4, and c-Myc (OSKM), [147] as well as helper plasmids for helper 

proteins (polyproteins, viral envelope proteins, transactivators, and viral genetic material 

integrators), Gag/Pol, vesicular stomatitis virus glycoprotein (VSVG), and Rev, (all a gift from 

the David Schaffer laboratory) were amplified by transfecting chemically competent E. coli, 

DH5-α (Life Technologies, NY, USA). Following plasmid amplification through DH5-α growth, 

the bacteria were lysed to harvest the plasmids. The plasmids were then quantified and diluted to 

get a final concentration of 1 μg/ml. These plasmids can be frozen down to store them for later 

use. This concentrated DNA was then mixed with sterile DI water, HeBS, CaCl2, NaCl, and 

NaHPO4 (all from Thermo Fisher Scientific, Inc., NH, USA) to reach the desired concentration 

for experiments of 10 ng/ml, or about 1% of the solution. Relative proportions of the components 

of this mixture varied depending on the plasmid type.   

To generate lentiviruses for reprogramming the mERFs into iPSCs, human embryonic 

kidney (HEK) 293T cells (gift from the David Schaffer laboratory) were used (Figure 4.3-

middle). The HEK 293Ts were maintained in Iscove’s Modified Dulbecco’s Medium (IMDM), 

supplemented with 10% FBS and 1% P/S (all from Gibco, Invitrogen, NY, USA). Prior to 

transfection, the media was replaced for the HEK 293T cells plated on 10 cm TC dishes (50-70% 

confluent) 15 minutes before adding the plasmid mixture to ensure a proper fluidic pH in the 

system. Following the media change, 2 ml of the plasmid mixture was incubated with the cells 



61 

 

for 14-16 hours. The HEK 293Ts were then washed with sterile PBS and stored in IMDM for 40 

hours before harvesting the produced virus. This virus could then be concentrated using Lenti-X 

Concentrator (Clontech Laboratories, Inc., CA, USA) and centrifuging. Once the virus has been 

concentrated, it can be frozen down for later use. To infect the mERFs for reprogramming, the 

virus was diluted to the desired concentration and placed on the mERFs for 5-24 hours (Figure 

4.3-right). While virus concentration was never measured for these experiments, a multiplicity of 

infection (MOI) of 1 was targeted as the baseline level of infection, or “1x”. This virus 

concentration for a 10 cm dish of mERFs was equivalent to the amount of virus produced from 

the aforementioned 40 hour incubation period of one 10 cm dish of HEK 293Ts. Once infected, 

these cells were trypsinized and suspended at the desired concentration of 1230 cells/μl in mouse 

embryonic stem cell (mESC) media. The mESC media is DMEM supplemented with 15% mESC 

FBS, 1% non-essential amino acids (NEAA), 1% P/S, (all from Invitrogen, NY, USA) 0.01% 

leukemia inhibitory factor (LIF) (Millipore, MA, USA), and 0.0008% β-mercaptoethanol (Sigma-

Aldrich, Corp., MO, USA). To fill the wells created by the PDMS frames, 200 μl of suspension 

were used, resulting in a density of 246000 cells/cm
2
. This density was considered to be 

approximately 10 times confluency, or “10x”. For both level of lentivirus infection and initial 

seeding density, the variations were multiples of the above concentrations.  

4.3.3  Methods for Observing Reprogramming Behavior 

The infected mERFs required daily media change and were imaged periodically using 

phase contrast microscopy with the Eclipse TE300 inverted microscope or the AxioObserver 

A.10 (Carl Zeiss Microscopy, LLC, NY, USA) with AxioVision 4.8.2 software. For fluorescently 

stained samples, images were taken using the Swept Field Confocal with Prairie View Imaging 

software (Prairie Technologies, Inc., WI, USA), or the ImageXpress® Micro System (Molecular 

Devices, LLC, CA, USA) with a Photometrics CoolSNAPHQ digital charge-coupled device (CCD) 

camera and MetaXpress 3.1.0.89 software. ImageJ was used for image post-processing and 

analysis, including measuring areas and fluorescence intensities. All data is presented as means 

and s.e.m. These were calculated directly from the data and processed using the same statistical 

methods as used for the single cell studies.  

 

4.4  Results and Discussion 

4.4.1  Microfabrication Results 

By using the design and microfabrication methods from both the single and collective 

cell studies, the μVR7s were fabricated using SPR-220 and yielded similar results. As SPR-220 

cannot be used to make microposts shorter than 5 μm, OiR 897-10i was used to make the μVR2s. 

Fabrication results for microposts with 1.5 μm and 2.5 μm can be found in Figure 4.4. The 

micropost had sidewalls that were slightly angled and flat top surfaces.  
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Figure 4.4. μVR2 fabrication results. 

μVR2s were fabricated with variable radii and heights to investigate possible effects of microtopographic 

height on the reprogramming process. Since micropost array substrates with features shorter than 5 μm 

cannot be made using SPR-220, 2 μm tall microposts were created using OiR 897-10i and standard 

programs on svgcoat2. SEM micrographs of micropost with radii of (left) 2.5 μm and (right) 1.5 μm. Bars 

= 10 μm  

 

4.4.2  Effects of Seeding Density on iPSC Colony Formation 

The reprogramming process of mERFs was refined and characterized in parallel with the 

reprogramming experiments. As a result, many factors, such as the initial seeding density of 

infected mERFs, were found to influence parts of the reprogramming process. For all 

experiments in this chapter, the reprogramming of mERFs into iPSCs was observed through the 

formation of iPSC colonies over time. If a mERF has been successfully reprogrammed, it will 

observe a different morphology that is similar to the rounded appearance of ESCs and self-

replicate at a much higher rate than normal mERFs. The high replication rate of the iPSCs results 

in the formation of individual, dense clusters, which are referred to as colonies. As colonies may 

merge into one another at later time points, merged colonies will be counted as single colonies as 

physical and chemical connections may have occurred.  

After lentivirus infection, the density at which cells were seeded onto substrates affected 

the number of colonies that formed. As shown in Figure 4.5, mERFs infected with a target MOI 

of 1 were seeded on TC dishes at densities that were multiples of confluency, 1x, 5x, and 10x. 

The seeding areas were approximately 1 x 1 cm
2
 and confined using the PDMS frames. Time-

lapse images of infected mERFs and induced iPSC colony growth can be found in Figure 4.5.A 

for days 2-8. In Figure 4.5.A, infected mERFs formed dense monolayers with no colony 

formation at day 2 for all seeding densities. By day 4, colonies formed on the surfaces with the 

1x seeding density, as shown by the cell cluster with different morphology in Figure 4.5.A. In 

contrast, the 5x and 10x samples only had mERF monolayers. However, the 5x and 10x samples 

yielded many more colonies in comparison to the 1x samples by day 8.  
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Figure 4.5. Time-lapse images of colony growth for various seeding densities. 

After lentiviral infection with a target MOI of 1, mERFs were seeded on TC dishes at densities that were 

multiples of confluency: 1x, 5x, and 10x. (A) Time-lapse images of colony formation for days 2-8 for all 

seeding densities. Colonies formed earliest for the 1x samples at day 4. However, the 5x and 10x samples 

formed more colonies by day 8. Bars = 200 μm (B) For two samples of each seeding density, the number 

of colonies was tracked over an 8-day period. The average number of colonies increased with increasing 

seeding density. (C) The average size of the colonies was calculated for all colonies tracked in (B). On 

average, the colonies on the 1x samples were larger than those on the 5x and 10x samples. This difference 

was not found to be statistically significant.  
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In Figure 4.5.B, the formation of colonies was recorded over time for two samples of 

each seeding density. While the average number of colonies increased with increasing seeding 

density, it was not found to be directly proportional. The average number of colonies at day 8 for 

the 1x, 5x, and 10x samples were 3.5, 9, and 11 colonies/cm
2
, respectively. The average area of 

the colonies was calculated for the different seeding densities, as shown in Figure 4.5.C. At day 

8, the 1x, 5x, and 10x samples had approximate average colony sizes of 127000 ± 20000 μm
2
, 

85000 ±20700 μm
2
, and 83000 ± 10900 μm

2
, respectively. While the colonies for the 1x samples 

were larger than the ones on the 5x and 10x samples, the differences were not found to be 

statistically significant. 

The proportionality between the numbers of iPSC colonies that form and the initial 

seeding density is an intuitive result, as increasing the number of cells in a population will 

increase the likelihood that a reprogrammed cell is present. Additionally, at high seeding 

densities, cells may be forced to have contact with many other cells and form cell-cell junctions. 

As E-cadherins have been found to be necessary for the reprogramming of cells and have even 

been able to replace Oct-4 in the reprogramming process, [168] high seeding densities may also 

promoted reprogramming through higher expression of E-cadherins.  

4.4.2  Effects of Virus Concentration and Microtopography on iPSC Colony Formation 

In addition to initial seeding density, experiments indicated that lentivirus infection levels 

(concentration) and substrate microtopography affected mERF reprogramming. mERFs were 

infected at three concentration levels, 0.5x, 1x, and 3x. While the virus concentration was never 

measured, the concentration levels were multiples of a targeted of MOI of 1. As higher initial 

seeding densities were found to yield more iPSC colonies, a seeding density of 10x confluency 

was used for all experiments to better visualize the results. Infected mERFs were placed on three 

surfaces: μVR2, μVR7, and flat PDMS. Two samples for each combination of virus concentration 

and substrate type were observed for their possible effects on the reprogramming process for 21 

days. 

To investigate the reprogramming of mERFs on these surfaces, immunofluorescence was 

used in Figure 4.6. Figure 4.6.A-D were taken at a magnification of 20x to show cellular detail 

of normal and infected mERFs, while montages of infected mERF images (7 x 7 matrix) taken at 

20x magnification were created to visualize entire colonies in Figure 4.6.E,F. Normal, non-

infected mERFs (Figure 4.6.A,B) were used as a control for the reprogramming process. Both 

normal mERFs and infected mERFs (Figure 4.6.C-F) were seeded on μVR7s and were incubated 

for 21 days. After 21 days, the infected mERFs were able to yield colonies (Figure 4.6.C-F), 

some of which exhibited beating. In Figure 4.6.A, the individual nuclei (DAPI, blue) of the 

normal mERFs show visible deformation (non-ovular shapes) from the underlying microposts. 

This deformation was also present in the nuclei of the infected mERFs, but is not visible in 

Figure 4.6.C because of the high density of cells, illustrating an iPSC colony, in the image. By 

comparing the density of nuclei in Figure 4.6.A and Figure 4.6.C, the different growth rates of 
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normal mERFs and iPSCs formed from reprogrammed mERFs were visible as normal mERFs 

were not able to form colonies of cells.  

To determine if the mERFs were actually reprogrammed into a pluripotent state, the 

normal mERFs and colonies formed by infected mERFs were stained for Oct-3/4 (Santa Cruz 

Biotech, CA, USA) (Figure 4.6.B,D). Oct-3/4 is involved in the renewal of undifferentiated stem 

cells and is used as a stem cell marker. As normal mERFs were not infected, the cultures did not 

express Oct-3/4, shown by the negative stain in Figure 4.6.B. In contrast, the colonies formed by 

the infected mERFs had positive staining for Oct-3/4, as shown through the bright TRITC (red) 

fluorescence in Figure 4.6.D.  

 
Figure 4.6. Fluorescence images of iPSC colonies. 

Normal and infected mERFs were seeded on μVR7s and stained for Oct-3/4 and Nanog to confirm that the 

colonies they formed consisted of iPSCs. (A) Normal mERFs were stained for nuclei (DAPI, blue) and 

show nuclear distortion (non-ovular shape) from the underlying microposts (radii = 2 μm). (C) In 

comparison to the relatively sparse nuclei of normal mERFs, the dense appearance of nuclei of infected 

mERFs shows that colonies of reprogrammed cells could be formed. To determine if these colonies were 

reprogrammed, both the normal mERFs and colonies formed from infected mERFs were stained for Oct-

3/4. (B) As shown by the negative staining, normal mERFs were unable to form colonies and did not 

express Oct-3/4. (D) In contrast, colonies formed by reprogrammed mERFs stained positively through 

bright TRITC (red) expression. Magnification = 20x. As Oct-3/4 was used to reprogram the mERFs and 

positive staining may not indicate endogenous production, Nanog was also stained to confirm full 

reprogramming of the cells. For (E) and (F), montages of images (7 x 7 matrix) taken at 20x 

magnification were used to visualize entire colonies. (E) The location of cells in these colonies can be 

found using DAPI (blue) staining of their nuclei. (F) Colonies stained positive for Nanog (FITC, green) 

on μVR7s, indicating reprogramming to pluripotent states. Bars = 1 mm 
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Although this staining indicated that Oct-3/4 was present in the infected mERFs and not 

in the normal mERFs, Oct-3/4 was one factors used to reprogram the mERFs through viral 

integration. Therefore, its presence in reprogrammed mERFs may not indicate endogenous 

production of the protein and does not show that cells have been fully reprogrammed. To address 

this issue, a transcription factor that was not used for reprogramming the mERFs, Nanog 

(Abcam, MA, USA), which directs propagation of undifferentiated cells, [132] was also used to 

identify iPSC colonies. In Figure 4.6.E, two large iPSC colonies were visualized by their nuclei 

(DAPI, blue) in the 7 x 7 montage of images. These two colonies stained positively for Nanog 

(FITC, green) in Figure 4.6.F, indicating that the infected mERFs had been reprogrammed into a 

pluripotent state.  

As there were slight variations in seeding densities and virus concentration, beating 

colonies were observed in as early as 14-15 days after infection on all surfaces. Although there 

were multiple radii on the micropost surfaces, beating colonies were formed on all micropost 

arrays and did not appear to have a bias towards specific radii. The colonies were also often 

characterized by multiple sections that beat independently of one another, having as many as 

three asynchronous parts. Beating frequency was in the range of 0.2 Hz to 1 Hz for all substrates. 

Time-lapse images taken every 2.5 seconds of a beating portion of a colony can be found in 

Figure 4.7. As shown in the images, the upper edge of the round feature deforms as the colony 

beats, indicated by the black arrows.  

 
Figure 4.7. Time-lapse images of beating iPSC colony. 

Time-lapse images for a beating portion of an iPSC colony, taken every 2.5 seconds. The circular feature 

shows deformation at the upper edge (black arrows) as the colony beats. Bar = 300 um 

 

Although no beating was observed for normal mERFs cultured on any of the surfaces, 

both normal mERFs (Figure 4.8.A,B) and beating colonies (Figure 4.8.C,D) derived from 

reprogrammed mERFs were stained for Myosin heavy chain (MHC) (Santa Cruz Biotech, CA, 

USA) on μVR7s after incubating for 21 days. All images in Figure 4.8 were taken at 20x 

magnification. As MHC is found in skeletal and cardiac muscle cells and necessary for muscle 

contraction, it can be used to identify pre-existing cells capable of muscle contraction in normal 

mERF cultures. Therefore, if normal mERF cultures contain many cells with MHC, then the 
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beating found in the colonies might not be due to the reprogramming and differentiation of 

iPSCs. In Figure 4.8.A, individual nuclei of normal mERFs (DAPI, blue) were easily seen and 

show distortion (non-ovular shape) from the μVR7s with radii of 2 μm. In contrast to the normal 

mERFs, infected mERFs were able to form colonies, which were visualized through dense 

populations of cells. The nuclei of cells in a colony formed from infected mERFs can be found in 

Figure 4.8.C. Normal mERFs did not stain positively for MHC (Figure 4.8.B), showing low 

expression of FITC (green) which is likely due to background in the channel. Colonies formed 

from infected mERFs, on the other hand, show positive expression, with bright FITC (green) 

staining in Figure 4.8.D. These staining results suggest that the normal mERF cultures did not 

have pre-existing cells that were the source of the beating in the colonies formed by the infected 

mERFs. The beating, therefore, likely resulted from differentiation of iPSCs.  

 
Figure 4.8. Fluorescence images for beating colonies. 

Normal mERFs and iPSC colonies on μVR7s were stained for MHC to determine if pre-existing cells 

capable of beating were present in the normal mERF cultures and were responsible for beating in the 

iPSC colonies. (A) Normal mERFs were localized using nuclei staining (DAPI, blue), which show 

distortion (non-ovular shape) due to the underlying μVR7s with radii of 2 μm. (C) In contrast to the 

relatively low density of the normal mERFs, nuclear staining (DAPI, blue) of a colony formed from 

reprogrammed mERFs shows high densities of cells. (B) Normal mERFs did not express MHC, with low 

FITC (green) fluorescence likely due to background noise. (D) On the other hand, the beating colony 

formed by the reprogrammed mERFs had portions that stained positively for MHC (FITC, green), 

suggesting that the beating was a result of differentiation of iPSCs. To further investigate the types of 

cells that were responsible for the beating exhibited by the iPSC colonies, iPSC colonies were stained for 

cTnT. (E) The nuclei of a beating colony formed from reprogrammed mERFs show a high density of 

cells. (F) This colony had positive expression for cTnT (TRITC, yellow), suggesting that cardiomyocytes 

were responsible for the beating. Magnification = 20x. 
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As MHC is found in both skeletal and cardiac muscle cells, to investigate the type of cells 

responsible for the beating, colonies formed from reprogrammed mERFs were stained for 

Cardiac Troponin T (cTnT) (Abcam, MA, USA). cTnT is more specifically expressed in 

cardiomyocytes, and positive expression may indicate that they are responsible for the colony 

beating. In Figure 4.8.E, a beating colony formed from reprogrammed mERFs (dense clustering 

of cells) was visualized with DAPI (blue) staining of the nuclei. This colony stained positively 

for cTnT with bright TRITC (yellow) expression, as shown in Figure 4.8.F. These results 

suggest that cardiomyocytes are likely responsible for the beating exhibited by iPSC colonies. 

The number of colonies formed by infected mERFs was found to increase almost directly 

with increasing virus concentration. This is expected as higher concentrations of virus particles 

increase the probability of cells becoming infected and having the ability to reprogram. Figure 

4.9-top shows the number of colonies formed for each sample, each approximately 1 x 1 cm
2
 in 

area. For a virus concentration of 0.5x, the average number of colonies that formed for flat 

PDMS, μVR2, and μVR7 were 2.5, 1.5, and 2.5 colonies, respectively. These numbers increase 

when the virus concentration was increased to 1x. Flat PDMS surfaces were, on average, able to 

form almost twice as many colonies as the micropost surfaces. On average, flat PDMS formed 8 

colonies, μVR2s formed 4.5 colonies, and μVR7s formed 3 colonies. For a virus concentration of 

3x, the μVR2s formed the greatest number of colonies. The average number of colonies formed 

for flat PDMS, μVR2s, and μVR7s were 14, 18.5, and 13.5 colonies, respectively. Considering that 

flat PDMS was able to produce the most number of colonies at the 1x virus concentration, and 

μVR2s produced the fewest at the 0.5x concentration and the most at 3x concentration, these 

results suggest that specific surfaces might be more favorable at different virus concentrations 

for producing iPSC colonies. As this work includes data from limited prototype testing (two 

samples per combination), a larger number of tests of the same conditions should be conducted 

to have statistical figures to reach sound conclusions.  

The number of beating colonies was also influenced by increasing virus concentration, 

though this increase was not directly proportional. The number of beating colonies formed for 

each sample can be found in Figure 4.9-bottom. At a virus concentration of 0.5x, flat PDMS, 

μVR2, and μVR7 all formed either 1 or 0 beating colonies. While the number of beating colonies 

increased on flat PDMS for a virus concentration of 1x, this number actually decreased for the 

micropost surfaces. On the other hand, the number of beating colonies increased for all surfaces 

with the 3x virus concentration. The average numbers of beating colonies for the flat PDMS, 

μVR2, and μVR7 were found to be 1.5, 4.5, and 1.5 colonies, respectively. Although the numbers 

of formed iPSC colonies and beating colonies varied for each sample for each combination of 

virus concentration and substrate type, it was found that the surfaces that produced the largest 

number of iPSC colonies also produced the largest percentage of beating colonies. These results 

suggest that substrate type may play a role in the relative numbers of iPSCs that differentiate into 

cardiomyocytes for different virus concentrations. Certainly, further investigations with larger 

numbers of experiments might be able to provide more conclusive trends. 
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These experimental results confirm that both increasing the initial seeding density and the 

lentivirus infection concentration of mERFs can increase the number of iPSC colonies that form 

during the reprogramming process. The influences of substrate microtopography over the 

number of iPSC colonies that form have been observed but more experiments have to be 

conducted for conclusive assessments as physical changes in cells due to mechanotransductive 

responses to microtopography might contribute to the reprogramming processes. 

 
Figure 4.9. Colony formation and beating results. 

Colony formation and percentage of beating colonies after 21 days in culture were found to be dependent 

on virus concentration and substrate type (two samples per combination). (Top) The formation of iPSC 

colonies increased with increasing virus concentration with relative numbers of colonies dependent on 

substrate type. (Bottom) The number of colonies exhibiting beating increased from 0.5x to 3x. 

Microtopography appeared to affect the relative numbers of beating colonies for each specific virus 

concentration. These results are for two samples for each combination of substrate type and virus 

concentration.  
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Several sets of experiments were subsequently conducted to investigate the appearance of 

colony beating in these studies, where reprogrammed mERFs on different substrates were 

observed for the onset of beating. Although the substrates were consistent in these experiments, 

factors such as sources of cells, cell passage number, and virus incubation periods were varied. 

Beating was observed in colonies as early as 10 days on the μVR7s. This result suggests that 

microtopography might be able to influence the direct differentiation of iPSCs. Previously, only 

the introduction of chemical factors has been able to achieve directed differentiation of 

cardiomyocytes within such a short time frame. [178] It should be noted that the inception of 

beating in the current experiments was difficult to control and could start as late as 20 days after 

infection, or not at all. Beating was also present on all surfaces, and the onset of beating differed 

between substrates by, at most, a couple days. As the substrates and initial seeding densities were 

most consistent between experiments, it is likely that the virus concentration or quality and the 

source of cells could be the biggest determinants of the onset of beating. 

4.4.4  Effects of Microtopography on mERFs 

As the previous results indicated that substrate microtopography may affect the formation 

of iPSC colonies and percentages of beating colonies at specific virus concentrations, effects of 

microtopography on normal, non-infected mERFs was investigated. These experiments were 

intended to determine possible physical changes within the cells that may occur on different 

types of microtopography to give insight on what may be responsible for changes in the 

reprogramming and differentiation processes of iPSCs. Short-term physical changes that occur in 

normal mERFs are relevant to these processes as full reprogramming of mERFs into iPSCs can 

take several days to occur. Experimentally, mERFs were seeded at 0.25x confluency on four 

types of substrates: TC dishes, flat PDMS, μVR2s, and μVR7s. For the micropost arrays, uniform 

microposts with radii ranging from 1.5 μm to 3μm were tested. mERFs were seeded and 

incubated on the surfaces for 24 hours and stained for Actin, Lamin A/C, HDAC4 (all from 

Santa Cruz Biotech, CA, USA), and Nesprin (Abcam, MA, USA). As one of the most important 

components of the cytoskeleton, Actin was used to observe the general morphology of the 

mERFs on different microtopography. To explore how microtopography can influence the 

structure of the cell nuclei, Lamin A/C and Nesprin expression was studied. Nesprin is 

responsible for transmitting mechanical information from the cellular microenvironment to the 

cell nucleus by connecting the cell cytoskeleton to the lamina of the nuclear membrane. The 

lamina is composed of proteins such as Lamin A/C, and is responsible for maintaining the 

structural shape of the nucleus through a meshwork of proteins that support the nuclear 

membrane. In addition to structural differences in the cell and cell nuclei, possible changes in 

DNA transcription were investigated through HDAC4. HDAC4 can regulate the access of 

transcription factors to DNA, and its localization in the cell can indicate possible changes in its 

activity.  
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After 24 hours, mERFs were stained for nuclei (DAPI, blue), Nesprin (FITC, green), and 

Actin (TRITC, red) on the TC dishes (Figure 4.10.A) and flat PDMS surfaces (Figure 4.10.B). 

The mERFs had ovular nuclei (DAPI, blue) and were well spread out as shown by the Actin 

(TRITC, red) staining on both surfaces in Figure 4.10.A,B. mERFs were also stained for 

Nesprin (FITC, green), and found to have high expression in their cytoplasms on the TC dishes 

and flat PDMS surfaces. Overall, mERFs on these two surfaces had similar morphology and 

expression of the three stains.  

 
Figure 4.10. Fluorescence images for mERFs on flat PDMS and TC dishes. 

mERFs were incubated for 24 hours on (A,C) TC dishes and (B,D) flat PDMS. (Top, A and B) In addition 

to nuclei (DAPI, blue), mERFs were stained for Nesprin (FITC, green) and Actin (TRITC, red). Nesprin 

was found in the cytoplasms for mERFs on TC dishes and flat PDMS. Actin stains illustrate the spread 

out morphology on both surfaces. (Bottom, C and D) mERFs were stained for nuclei (DAPI, blue), 

HDAC4 (FITC, green) and Lamin A/C (TRITC, red). Lamin A/C was found in both the cytoplasms and 

nuclei of mERFs on the TC dishes and flat PDMS. HDAC4 had high expression in the cell cytoplasms on 
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the TC dishes, and was mainly confined to the cell nuclei on the flat PDMS substrates. Magnification = 

40x.  

Additionally, mERFs were stained for nuclei (DAPI, blue), HDAC4 (FITC, green), and 

Lamin A/C (TRITC, red) on TC dishes (Figure 4.10.C) and flat PDMS surfaces (Figure 

4.10.D). Similar to Figure 4.10.A,B, nuclei (DAPI, blue) were ovular on both surfaces, and cells 

had a spread out morphology. As shown in Figure 4.10.C, mERFs on TC dishes exhibited high 

cytoplasmic content of HDAC4 (FITC, green), while the protein appeared to be mainly confined 

to the nuclei on the flat PDMS surfaces (Figure 4.10.D). On both surfaces, the Lamin A/C stain 

(TRITC, red) had visually distinct nuclei and some expression in the mERF cytoplasms. 

Figure 4.11 and Figure 4.12 show the staining results for mERFs incubated on μVR2s for 

24 hours. In Figure 4.11.A-D, mERFs on μVR2s with radii ranging from 1.5-3.0 μm were stained 

for nuclei (DAPI, blue), Nesprin (FITC, green), and Actin (TRITC, red). From the Actin 

(TRITC, red) staining, the morphologies of the mERFs appeared to be slightly affected by the 

microtopography, particularly for the microposts with radii of 2 μm and 3 μm, as shown in 

Figure 4.11.B and Figure 4.11.D, respectively. In Figure 4.11.B, the mERFs appear to be 

smaller and less spread out, while in Figure 4.11.D, the cells appear to be somewhat aligned to 

the underlying microposts. Overall, mERFs on these surfaces appeared to have smaller spreading 

areas and thinner protrusions than those on the TC dishes and flat PDMS surfaces. mERFs 

seeded on the μVR2s with radii of 1.5 μm (Figure 4.11.A) and 2.5 μm (Figure 4.11.C), in 

contrast, had similar morphologies to cells on the flat surfaces. These cells were well spread out, 

but had thinner protrusions in comparison to the flat surfaces. mERFs on the μVR2s had slightly 

irregularly shaped nuclei resulting from interaction with the underlying microposts for all radii. 

Similar to the flat surfaces, mERFs on the micropost arrays had high expression of Nesprin 

(FITC, green) in the cytoplasms and appeared to have significant overlap with Actin for all radii. 
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Figure 4.11. Fluorescence images for mERFs on μVR2: Nesprin and Actin. 

mERFs were incubated for 24 hours on μVR2s with radii of (A) 1.5 μm, (B) 2.0 μm, (C) 2.5 μm, and (D) 

3.0 μm. The cells were stained for nuclei (DAPI, blue), Nesprin (FITC, green), and Actin (TRITC, red). 

The nuclei on these surfaces were generally ovular, with some distortion due to the underlying 

microposts. From the Actin staining, mERFs were spread out on (A) and (C), similar to the morphologies 

observed on TC dishes and flat PDMS. In contrast, mERFs on (B) and (D) exhibited smaller spreading 

areas and thinner protrusions.  Nesprin was found to be highly cytoplasmic, with large amounts of overlap 

with Actin for all radii. Magnification = 40x. 

 

In Figure 4.12, mERFs on μVR2s with radii ranging from 1.5-3.0 μm were stained for 

nuclei (DAPI, blue), HDAC4 (FITC, green), and Lamin A/C (TRITC, red). Similar to the 

mERFs in Figure 4.11 and on the flat surfaces, the nuclei (DAPI, blue) were generally ovular.  

Slight distortion in the nuclei was visible in some mERFs, such as those on the left in Figure 

4.12.A. This distortion was due to the microtopography, as the nuclei show conformation to the 
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edges of microposts. For all radii, HDAC4 (FITC, green) was present in the cytoplasms of 

mERFs with some visible confinement to the nuclei, with the visually highest cytoplasmic 

expression for the μVR2s with radii of 1.5 μm (Figure 4.12.A) and 2.5 μm (Figure 4.12.C). The 

μVR2s with radii of 2 μm were the exception (Figure 4.12.B), where outlines of the nuclei could 

not be seen in the HDAC4 stain. The nuclei and cytoplasms were both highly visualized with 

Lamin A/C (TRITC, red) for all radii.  

 
Figure 4.12. Fluorescence images for mERFs on μVR2: HDAC4 and Lamin A/C. 

mERFs were incubated for 24 hours on μVR2s with radii of (A) 1.5 μm, (B) 2.0 μm, (C) 2.5 μm, and (D) 

3.0 μm. The cells were stained for nuclei (DAPI, blue), HDAC4 (FITC, green), and Lamin A/C (TRITC, 

red). The nuclei were generally ovular for all surfaces, similar to the ones in mERFs seeded on TC dishes 

and flat PDMS. However, some nuclear distortion is visible in mERFs on the left in (A), where the nuclei 

conform to the underlying microposts. HDAC4 was expressed in mERF cytoplasms for all surfaces and 

visualized in the nuclei for all radii except for the μVR2s  with radii of 2 μm (B). Lamin A/C was found in 

both cytoplasms and nuclei of mERFs on all μVR2s. Magnification = 40x. 
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In contrast to both TC dishes, flat PDMS surfaces, and the μVR2s, mERFs on μVR7s with 

radii ranging from 1.5-3.0 μm appeared to be highly affected by the surface microtopography 

(Figure 4.13 and Figure 4.14) after 24-hour incubation periods.  

 
Figure 4.13. Fluorescence images for mERFs on μVR7: Nesprin and Actin. 

mERFs were incubated for 24 hours on μVR7s with radii of (A) 1.5 μm, (B) 2.0 μm, (C) 2.5 μm, and (D) 

3.0 μm. The cells were stained for nuclei (DAPI, blue), Nesprin (FITC, green), and Actin (TRITC, red). 

The nuclei of the mERFs on all surfaces showed significant distortion, with shapes that conformed 

dramatically to the underlying microtopography. The edges of the microposts can be seen in the nuclear 

staining. From the Actin staining, mERFs demonstrated morpholgies very different from the TC dishes, 

flat PDMS, and μVR2s. In addition to smaller overall spreading areas, mERFs on the μVR7s exhibited 

alignment with the microposts, which was very evident in (A) and (B). mERFs on the larger microposts 

(C) and (D) had morphologies more similar to the flat surfaces and the μVR2s, but had smaller spreading 

areas as well. For all radii, Nesprin had high cytoplasmic expression, with substantial overlap with Actin. 

Magnification = 40x. 
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In Figure 4.13, mERFs were stained for nuclei (DAPI, blue), Nesprin (FITC, green), and 

Actin (TRITC, red). From the Actin staining (TRITC, red), mERFs exhibited very different 

morphologies for those seeded on the flat surfaces and μVR2s, with visually smaller spreading 

areas, alignment with the underlying microposts, and dramatically distorted nuclei. The 

underlying microtopography was visible for all images in Figure 4.13. The majority of nuclei 

(DAPI, blue) on all μVR7s were not ovular and molded to the shape of surrounding microposts. 

The alignment of the cells with the microtopographic features was especially evident for the 

μVR7s with radii of 1.5-2.5 μm (Figure 4.13.A,B and Figure 4.14.A-C). The cells on these 

surfaces exhibited small spreading areas, aligned along the lines of spacing between microposts, 

and had long, thin protrusions. mERFs on the microposts with radii of 3 μm, in contrast, had 

larger spreading areas (Figure 4.13.D and Figure 4.14.D) more similar to the flat surfaces and 

μVR2s. Similar to the other surfaces, mERFs on the μVR7s had high cytoplasmic expression of 

Nesprin (FITC, green) for all radii and had significant overlap with Actin, as shown in Figure 

4.13. 

In Figure 4.14, mERFs seeded on μVR7s with radii ranging from 1.5-3.0 μm were stained 

for nuclei (DAPI, blue), HDAC4 (FITC, green), and Lamin A/C (TRITC, red). Similar to nuclear 

stains shown in Figure 4.13, the nuclei (DAPI, blue) for all surfaces exhibited significant 

deformation, as outlines of the microposts can be readily visualized in the nuclear areas. For all 

radii, HDAC4 (FITC, green) was found to be highly cytoplasmic for the mERFs, with visual 

confinement to the nucleus only present in the μVR7s with radii of 1.5 μm (Figure 4.14.A). For 

the Lamin A/C (TRITC, red) stain, the mERFs showed visible confinement of the protein to the 

nuclei with some expression in the cytoplasm on all surfaces. 
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Figure 4.14. Fluorescence images for mERFs on μVR7: HDAC4 and Lamin A/C. 

mERFs were incubated for 24 hours on μVR7s with radii of (A) 1.5 μm, (B) 2.0 μm, (C) 2.5 μm, and (D) 

3.0 μm. The cells were stained for nuclei (DAPI, blue), HDAC4 (FITC, green), and Lamin A/C (TRITC, 

red). Similar to the nuclear stains in Figure 4.13, mERF nuclei were highly distorted with conformation 

to the underlying microtopography. mERFs had high expression of HDAC4 in their cytoplasms for all 

radii, with nuclei visualization for only the μVR7s with radii of 1.5 μm (A). Lamin A/C was expressed in 

both the nuclei and cytoplasms of mERFs for all surfaces. Magnification = 40x. 

 

HDAC4 is part of a class of proteins that are capable of regulating the expression of 

genes by enabling or limiting transcription factor access to DNA. [193–195] Its activity is 

modulated through a dynamic nucleo-cytoplasmic shuttling process in the cell. If HDAC4 is 

present in the nucleus, it is able to regulate the transcription of DNA. However, if it is shuttled 

out into the cytoplasm, its regulatory behavior is suppressed. As HDAC4 had different 

localizations in mERFs on the different surfaces, microtopography may play a role in regulating 
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HDAC4 activity. To better visualize the localization of HDAC4 on the TC dishes, flat PDMS, 

μVR2s, and μVR7s, the single HDAC4 stains are shown in Figure 4.15.  

 
Figure 4.15. Fluorescence images for mERFs on TC dishes, flat PDMS, and μVRs: HDAC4  

HDAC4 localized in different intracellular locations of mERFs on surfaces with different 

microtopographies. (A) HDAC4 was mostly localized in the nuclei on flat PDMS surfaces, as denoted by 

the bright nuclear outlines and low expression of HDAC4 in the mERF cytoplasms. (B) On the μVR2s, 

HDAC4 was found in both the nuclei and cytoplasms, as the general morphology of the mERFs were 

visualized in this staining. This particular μVR2 has microposts with radii of 2.5 μm. For the TC dishes (C) 

and μVR7s (D), HDAC4 was highly expressed in the cytoplasms with faint or non-existent localization in 

the nuclei. Nuclear outlines are particularly difficult to see for the μVR7s as the staining is interrupted by 

the underlying microposts. The featured μVR7s has radii of 3 μm. Magnification = 40x. 

 

As shown in Figure 4.15.A, the expression of HDAC4 on the flat PDMS substrates was 

mostly confined to the nuclei, with faint localization in the mERF cytoplasms. This is likely 



79 

 

indicative that these surfaces do not disrupt the activity of the protein significantly. The 

cytoplasmic content was increased relative to the flat PDMS substrates for mERFs seeded on the 

μVR2s, where HDAC4 was expressed strongly in both locations. Figure 4.15.B illustrates this 

localization in both the nuclei and cytoplasm for the μVR2s with radii of 2.5 μm. The μVR2s 

appear to initiate shuttling of HDAC4 to the cytoplasm, possibly indicating a reduction in its 

activity in the cell nuclei. For the TC dishes (Figure 4.15.C) and the μVR7 (Figure 4.15.D), 

HDAC4 was highly cytoplasmic with slight localization in the nuclei which is indicated by the 

faint or non-existent outlines of the nuclei in this stain. Figure 4.15.D shows high cytoplasmic 

expression for μVR7s with radii of 3 μm, and any nuclear localization is difficult to see as the 

underlying microposts interrupt the fluorescence staining. This large shuttling of HDAC4 out of 

the mERF nuclei suggests that these surfaces significantly suppressed HDAC4 activity in the 

nuclei. 

To provide a numerical comparison of protein expression between surfaces, average 

fluorescence values were measured for each substrate. Fluorescence values for HDAC4 and 

Lamin A/C (Figure 4.16-top), and Nesprin and Actin (Figure 4.16-bottom) were measured. By 

using confocal images, fluorescence data was collected from image planes with the best staining 

focus for each substrate using ImageJ. Fluorescence values were collected from the brightest 

areas of mERFs for each stain.  To ensure intensity accuracy, fluorescence values were measured 

for only the mERFs that were in focus for the specific image plane.  

As shown in Figure 4.16-top, the TC dishes had statistically higher expression of both 

HDAC4 and Lamin A/C than any of the other surfaces, suggesting that surface chemistry or 

stiffness might play a role in the expression of both proteins. For HDAC4, expression on the flat 

PDMS surfaces was similar to the μVR2s with radii of 2-2.5 μm and the μVR7s with a radius of 

1.5 μm, and higher than all other surfaces. Both the μVR2s and μVR7s had similar high and low 

expressions of HDAC4, with no clear trend for any of the radii. In contrast, the TC dishes, flat 

PDMS surfaces, and μVR2s had higher relative intensities of Lamin A/C in comparison to 

HDAC4. This trend was reversed for the μVR7s, where the relative intensity of Lamin A/C was 

lower than HDAC4 on these surfaces. In fact, the expression of Lamin A/C on the μVR2s was 

statistically higher than the μVR7s for corresponding radii.  

As Lamin A/C is integral for mechanically stabilizing the nucleus through a protein 

meshwork underlying the inner nuclear membrane, [196–198] it should have strong expression at 

the periphery of the mERF nuclei. Lamin A/C was found at the outer edges of the nuclei on all 

surfaces. As shown in Figure 4.16-top, on the μVR7s, the intensity of Lamin A/C was reduced 

relative to the TC dishes, flat PDMS substrates, and μVR2s. This makes sense as the nuclei of the 

mERFs on the μVR7s were highly distorted (Figure 4.13 and Figure 4.14) in comparison to the 

ovular nuclei found on the other surfaces (Figure 4.10-Figure 4.12). Lower expression of Lamin 

A/C in the μVR7s may indicate protein disruption at the nuclear envelope and lower nuclear 

rigidity, which would enable the nuclei of mERFs on these surfaces to conform to the edges of 

the underlying microposts.  
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Figure 4.16. Normalized fluorescence results. 

To numerically compare the expression of (top) HDAC4 and Lamin A/C and (bottom) Nesprin and Actin 

for different surfaces, the normalized average fluorescence intensities were measured for TC dishes, flat 

PDMS substrates, and the μVRs. (Top) For HDAC4 and Lamin A/C, TC dishes had the highest 

expression, with values that were statistically greater than all other surfaces. HDAC4 did not show any 

trends for the flat PDMS surfaces or the μVRs. In contrast, the expression of Lamin A/C was relatively 

higher than HDAC4 for the flat PDMS substrates and μVR2s. This trend reversed for the μVR7s, where the 

expression for Lamin A/C was not only relatively lower than HDAC4, but also statistically lower than the 

μVR2s of corresponding radii. (Bottom) The overall intensity values were higher for this set of 

fluorescence values due to the use of different microscopes for imaging. For Nesprin, expression was 

similar among all of the surfaces. Actin had higher intensities relative to Nesprin for most of the surfaces, 

and had similar high and low expressions for both μVRs. Error bars = s.e.m. 
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The average fluorescence values were also calculated for Nesprin and Actin (Figure 

4.16-bottom). These values were much higher than those calculated for Lamin A/C and HDAC4 

due to the different microscopes used for imaging. For Nesprin, TC dishes had similar intensities 

to all other surfaces, differing only from the μVR7 with radii of 1.5 μm. The expression of 

Nesprin on flat PDMS surfaces was found to be statistically the same as all of the other surfaces. 

Although the μVR7s generally had higher average intensities than the μVR2s, only the μVRs with 

radii of 1.5 μm had statistically different expressions for Nesprin. In general, Actin expression 

was higher relative to Nesprin expression. TC dishes had the lowest Actin intensity, with 

expression that was statistically lower than all other surfaces. Actin expression was high on the 

flat PDMS surfaces, with expression similar to the μVR2 with radii of 2.5 μm and μVR7 with radii 

of 2 μm. Both μVRs had high and low expression of Actin, with statistical differences for the 1.5 

μm and 2.5 μm radii. Overall, no clear trends were found for Nesprin or Actin on the different 

substrates. 

Nesprin, which is responsible for linking the cytoskeleton to SUN proteins that are 

attached to the lamina of the nucleus, [199–201] should be localized near the outer edge of the 

nuclei. For all substrates, the nuclei of the mERFs were not visualized in this stain and Nesprin 

was highly cytoplasmic, with significant overlap with Actin. This suggests that the antibody used 

for these stains was not specific for this cell type. 

The aforementioned structural and DNA transcription changes that result from 

differences in substrate microtopography give insight into the mechanotransductive pathways 

that may influence the reprogramming and differentiation of iPSCs. Understanding how 

biophysical cues can possibly affect these processes will be integral for the implementation of 

iPSCs in tissue engineering and regeneration, as microenvironmental cues must work 

synergistically for a common goal. 
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Chapter 5: Conclusion and Future Work 

Micropost arrays provide a robust methodology for controlling the biophysical stimuli 

within the cellular microenvironment. Through simple and repeatable soft-lithography 

microfabrication processes, the characteristics of the cellular substrate can be engineered through 

geometric and spatial modulation of microscale features. In this body of work, micropost arrays 

were designed to induce (i) unidirectional single cell migration, (ii) maintenance and inhibition 

of collective cell behavior, and (iii) possible changes in the reprogramming and differentiation of 

induced pluripotent stem cells.  

 

5.1  Micropost Array Gradients for Single Cell Migration 

5.1.1  Microtopographic Durotaxis and Durotaxis versus Spatiotaxis Gradients 

Micropost array gradients, consisting of circular micropost, were utilized to induce 

unidirectional cellular migration. Two types of arrays were designed: (i) microtopographic 

durotaxis gradients (μDGs), and (ii) microtopographic durotaxis versus spatiotaxis gradients 

(μDSGs). 

The μDGs were engineered to create durotactic cues through microtopography by 

generating microscale stiffness gradients. In these arrays, the radii of microposts were increased 

along an axis of the array at two gradient strengths, low and high, and spaced a constant distance. 

To mitigate effects of increasing topographical surface area (availability of potential attachment 

sites) and gradients in substrate immobilized proteins, the effective microtopographic surface 

area was uniform for regimes of different micropost radii, and therefore different stiffnesses. 

This was accomplished by maintaining a constant ratio of micropost top surface area to a 

corresponding unit cell. As the interpost spacing along the axis of increasing micropost stiffness 

was also held constant, the interpost spacing perpendicular to this axis was appropriately 

adjusted. On the μDGs, BAECs moved faster and displaced farther in the direction of increasing 

micropost stiffness relative to the opposite of that direction. Additionally, this behavior was 

enhanced with higher gradient strength, where stiffness ranges were increased from 5-50 nN/μm 

to 5-390 nN/μm. 

The μDSGs were developed to explore possible effects of micropost spacing on cellular 

migration, termed spatiotaxis, while cells simultaneously interfaced with durotactic cues. 

Although similar in design to the μDGs with increasing micropost stiffness over the length of the 

array, the μDSGs also included increasing interpost spacing. For consistency, the ratio of 

micropost top surface area to a corresponding unit cell was the same as the μDGs, but the 

interpost spacing was increased uniformly in the directions parallel and perpendicular to the 

direction of increasing stiffness. On the μDSGs, BAECs exhibited higher speeds and 
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displacements in the direction of decreasing interpost spacing (decreasing micropost stiffness) 

than in the direction opposite of that. These results show that gradients in spatial cues, or 

availability of attachment points, can influence cellular motility, and dominate opposing 

durotactic cues. This is the first demonstration of spatiotaxis, and suggests that interpost spacing 

is an important design consideration for microtopographic devices interfacing with cells.  

5.1.2  Future Directions for Microtopographic Gradients 

As discussed in Chapter 2, the μDGs and μDSGs have several limitations. In addition to 

having considerable movement in the directions perpendicular to the gradient axes, the 

micropost-specific topographical surface area increases with stiffness. The implementation of 

elliptical micropost arrays would be able to address these limitations (Figure 5.1). As mentioned 

previously, elliptical micropost arrays were able to limit cell migration to bidirectional 

movement along the major axes direction. [59] If the major and minor axes of the micropost are 

adjusted over the length of an array, thereby increasing anisotropy of the features, dual axis 

durotactic cues could be created. Since the stiffness is greater along the major axis relative to the 

minor axis, this design should reduce migration along the minor axis. Additionally, if the major 

axis increases while the minor axis decreases along the array, the stiffness increases along the 

direction of the major axis, providing a durotaxis gradient to induce unidirectional movement. 

Since the axes of the elliptical microposts can be adjusted individually, the micropost-specific 

topographical surface area can be kept constant for regimes of different stiffness.  

 
Figure 5.1. Concept for micropost arrays with increasing anisotropy. 

To address the limitations of the μDGs and μDSGs, elliptical microposts with increasing anisotropy can 

be designed. Elliptical microposts have previously demonstrated the ability to limit migration 

bidirectionally along the direction of the major axes. By increasing the major axis length while decreasing 

the minor axis length over the course of the array, seeded cells will also receive dual axis durotactic cues 

for unidirectional migration. The elliptical nature of the microposts would reduce the movement of cells 

perpendicular to the axis of increasing micropost stiffness. As the major and minor axes can be adjusted 

independently, the micropost-specific top surface area can remain constant for regimes of different 

stiffnesses, mitigating any effects of increasing micropost-specific top surface area associated with 

circular microposts.  
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While the μDSGs were able to demonstrate dominance of spatial cues over stiffness cues, 

effects of spatial cues on cell motility have not been investigated independently of other 

migratory stimuli. The μSGs used in Chapter 3 for investigating effects of spacing on collective 

cells, could be adapted for studying spatiotaxis. With uniform microposts and variable interpost 

spacing, μSGs with different ranges of interpost spacing could be tested.  

Micropost array gradients have demonstrated their utility in inducing unidirectional 

cellular migration based on durotaxis and spatiotaxis biophysical cues on a platform that is 

simple to fabricate with high repeatability. In addition to their traditional use a traction force 

sensors, these substrates are well suited for interrogating the molecular dynamics of migration 

processes. Micropost array gradients would be able to yield dynamic traction force data during 

directed cellular migration, and could be used to investigate the effects of changes in stiffness 

and interpost spacing on the formation and dissolution of cell-substrate junctions, and 

intracellular processes such as cytoskeleton dynamics.  

As the cellular migration results indicate, the geometry and interpost spacing can have 

different effects on cellular processes. The effects of spacing could possibly be minimized if the 

array were scaled down such that the critical dimensions are significantly smaller than those of 

cells. While nanoscale micropost arrays might offer a solution, there are several issues that 

should be taken into consideration. Currently, only the 2-D (x- and y-directions) planar effects of 

micropost arrays have been investigated – it is highly likely that out of plane (height, z-

directions) dimensions might also affect cellular behavior. Although nanoscale features with the 

appropriate stiffness ranges can be fabricated and may be relevant in the x-y plane, their effects 

could be negated by the fact that cells might be able to touch the continuous substrate below 

because the features are not tall enough in the z-direction. Additionally, it is unclear how 

micropost-specific surface area affects cellular behavior, and the formation and density of cell-

substrate junctions might require a minimum amount of continuous surface area. Fabrication of 

nanoscale features is also more time consuming and expensive than microscale features. [202] 

Despite their limitations, micropost array gradients are a versatile tool for controlling biophysical 

cues in the cellular microenvironment, and could have applications on both the research and 

industrial levels. 

 

5.2  Micropost Arrays for Regulation of Collective Cell Behavior 

5.2.1  Microtopographic Maintenance and Inhibition of Collective Cell Behavior 

Uniform and gradient micropost arrays, using circular microposts, were used to 

mechanically influence collective cell behavior. Two groups of uniform micropost array 

substrates were tested: (i) microtopographic constant micropost height, variable micropost radius 

arrays (μVRs), and (ii) microtopographic constant micropost radius, variable micropost height 
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arrays (μVHs). Microtopographic spacing gradients, μSGs, with constant micropost geometry and 

variable interpost spacing were used to investigate whether or not spacing had effects on 

collective cell behavior.  

For the μVRs, μVHs, and μSGs, cell collective were directly localized and grown on their 

micropost surfaces using a thin-film stenciling technique akin to metal lift-off microfabrication 

processes. BAECs were seeded at high density onto the micropost surfaces in thru-holes of thin-

film stencils. After a few days of incubation in the thin-film openings, the BAECs were able to 

form cell collectives with cell-cell junctions. These collectives were released for observation by 

removing the stencils. 

The μVR and μVH were designed to create surfaces of uniform apparent stiffnesses using 

various micropost geometries. For the μVR, uniform micropost arrays of a constant height were 

created for four different micropost radii within the range of stiffnesses of the μDGs and μDSGs. 

To maintain consistency, the ratio of micropost top surface area to a surrounding unit cells was 

held constant for all μVRs and equivalent to the ratio used for the μDGs and μDSGs. These 

devices enabled parallel testing of several different substrate stiffnesses at once in uniform 

environmental conditions. In contrast, the μVHs were uniform micropost arrays with a constant 

radius, the smallest of the ones used for the μVRs, at two different heights. These micropost 

arrays had the same microtopographic ratio as the μVRs. The microposts were spaced uniformly 

in both the x- and y-directions for both the μVR and μVH. On the μVR, BAEC collectives 

dispersed into single cells on the larger radii (stiffer) micropost arrays, and maintained their 

collective behavior on the smaller radii (softer) micropost arrays. Collectives dispersed at faster 

rates with increasing micropost radius.  

From the single cell spatiotaxis studies, it was demonstrated that spatial cues can affect 

cellular behavior. Since the microtopographic ratio is constant for μVR with different radii, there 

are inherent differences in interpost spacing as well. The μVHs were created to mitigate effects of 

spacing while simultaneously changing the substrate stiffness cues. On the μVHs, BAEC 

collectives dispersed into single cells on the stiffer micropost arrays in a manner similar to cells 

on the stiffer μVRs. The μVHs were shorter (stiffer) versions of the μVR with radii of 1.5 μm, and 

this dispersive behavior indicated that the inhibition of collective cell behavior was repeatable, 

independent of micropost geometry. Cell collectives dispersed at faster rates with decreasing 

micropost height. The stiffnesses of the μVHs were comparable to some of the μVRs, though 

slightly softer. It is interesting to note that while μVRs have stiffer microposts than the μVHs, cell 

collectives dispersed at faster rates on the μVHs based on the fabricated prototype micropost 

arrays. This is likely due to the fact that microposts on the μVHs are closer to one another, 

making it easier for cells to migrate away, as suggested by the single cell migration data of the 

μDSGs.  

The effects of interpost spacing on collective cell behavior were also explored using the 

μSGs. The μSGs had microposts identical to the μVRs that were able to maintain collective cell 
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behavior (smallest radii) and interpost spacing that decreased over the length of the array. 

Similar to the uniform and gradient micropost arrays, the ratio of the micropost top surface area 

to a corresponding unit cell was held constant for regimes of smaller interpost spacing. To 

maintain this ratio, the interpost spacing perpendicular to the direction of decreasing interpost 

spacing was increased. The range of interpost spacing for the μSGs was 2-3 times that of the 

μVHs and μVRs with radii of 1.5 μm. Cell collectives on the μSGs were found to have multiple 

behaviors, with simultaneous contraction and expansion at different parts of the collectives. 

Overall, collectives expanded in area and the movement of the collectives’ centroids did not 

appear to be guided by the micropost gradient. These results reemphasize the importance of 

interpost spacing in micropost arrays as interpost spacing was able to disrupt the maintenance of 

collective cell behavior on surfaces with favorable stiffness cues.  

5.2.2  Future Directions for Microtopography-based Collective Cell Studies 

The uniform micropost arrays with varying geometry and thin-film stenciling method 

have shown that microtopography can be used to mechanically regulate collective cell behavior 

and induce collective-to-single cell transitions. This testing methodology has the potential to 

dissect the biophysical force balance that is hypothesized to exist between cell-cell and cell-

substrate junctions. Since transitional behavior can be induced on these surfaces, associated 

traction force data and possibly intracellular information could be derived from collective cell 

experiments. By incorporating chemical cues or transfected cell lines into the system, this 

biophysical force balance could be interrogated by removing cellular capabilities of forming such 

junctions (Figure 5.2). Methods can include the disruption of either the cytoskeleton or cell-cell 

junctions. Chemicals, such cytochalasin D, could be used to disrupt Actin microfilaments to 

favor cell-cell junctions, [203] or culturing cell collectives in low calcium media to interfere with 

cadherins for inducing single cell behavior. [204], [205] Additionally, cells that have been 

transfected for suppression of other factors necessary for forming junctions, such as FAK, can 

also be explored. [206] As these substrates can be used in concert with chemical cues, it is 

possible to use this methodology to elucidate the cellular hierarchy of responses to different 

types of microenvironmental cues. Utilizing this technology with other microenvironmental 

stimuli could have many potential applications in drug screening, tissue engineering, and 

characterization and induction of transitional behavior of cells characteristic of biological 

phenomena, such as wound healing or cancer metastasis. 
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Figure 5.2. Investigating the biophysical force balance between cell-cell and cell-substrate junctions. 

The micropost array platform can be used to investigate the biophysical force balance between cell-cell 

and cell-substrate junctions. As demonstrated, varying the stiffness of micropost arrays can maintain or 

inhibit collective cell behavior by modifying the cell-substrate junctions. If this system is combined with 

chemical factors or transfection methods that modify the cell-cell junctions, it may be possible to override 

the biophysical cues of the cellular substrate. Both sets of cues could be tuned to determine transition 

points in the dominance of one cue over the other. Additionally, forces associated with transitional 

behavior could be measured through micropost deflection to further characterize this force balance.  

 

While collective cell behavior was shown to be repeatable for microposts with similar 

stiffnesses but varying geometries, the microposts used for these experiments were confined to 

the geometries used in the single cell migration studies for consistency. As collective cell 

behavior differs significantly from single cell behavior, it is possible that new types of collective 

cell phenomenon might be observed for stiffnesses and interpost spacing regimes differing from 

those used for interrogating single cell behavior. For instance, while gradients in interpost 

spacing were able to induce single cell behavior, collective cell migration was not observed on 

the μSGs. Collective cell migration could be possible if the micropost array gradients included 

different ranges and increments of stiffnesses and interpost spacing in their design. Additionally, 

like the micropost array gradients, this test methodology would benefit from scaling down the 

micropost dimensions to produce a substrate that appears more continuous to cells.  

 



88 

 

5.3  Micropost Arrays for Cell Reprogramming 

5.3.1  Effects of Virus Concentration and Microtopography on iPSC Colony Formation 

As the reprogramming methodology was developed in parallel with the reprogramming 

experiments, many factors, such as initial seeding density, were found to influence the results of 

the reprogramming processes. Low passage mERFs were infected at a targeted MOI using 

lentiviruses for the original Yamanaka factors (OSKM), and seeded at three concentrations 

(multiples of confluency) on TC dishes. These cells were incubated over several days to observe 

the effects of initial seeding density on iPSC reprogramming processes. After four days in 

culture, colonies formed on the dishes with the lowest seeding density before the dishes with the 

higher seeding densities. However, after eight days in culture, the number of colonies formed on 

the dishes was proportional to the initial seeding densities. Colonies formed on the dishes with 

the lowest initial seeding density were the largest, on average, after eight days of culture. The 

differences in colony size among the three seeding densities were not found to be statistically 

significant. 

The proportionality between initial seeding density and formation of colonies is expected 

as increasing the seeding density also increasing the likelihood that a reprogrammed cell is 

present in a sample. Additionally, higher seeding densities may result in greater numbers of cell-

cell junctions due to increased cell-cell contact. As E-cadherins have been shown to be integral 

to the reprogramming process of cells, an increase in the number of junctions may also 

contribute to this result.  

5.3.2  Effects of Seeding Density on iPSC Colony Formation 

Uniform arrays of circular microposts were used to investigate possible effects of 

microtopography on the reprogramming and differentiation of infected mERFs. μVRs, similar to 

the ones used for the collective cell studies, were designed with several micropost radii in the 

stiffness ranges of the μDGs and μDSGs for single cell migration. This enabled parallel testing of 

multiple stiffnesses on the same devices. These micropost arrays were fabricated at two heights, 

denoted as μVR2 and μVR7. Flat PDMS surfaces were used as controls for these experiments. 

mERFs were infected at three different lentivirus infection levels (concentrations) and 

seeded onto all substrate types at approximately the same density. The seeding suspensions were 

confined to specific areas on the flat PDMS surfaces, μVR2s, and μVR7s in wells created by 

PDMS frames. This ensured consistent seeding for different surfaces. Colonies were able to form 

on all surfaces and iPSCs were confirmed by staining for Oct-3/4 and Nanog. The infected 

mERFs were also able to form colonies that exhibited beating, many of which had several 

sections with asynchronous beating. The colonies had beating frequencies that ranged from 0.2-1 

Hz for all surfaces, and could form as early as 10-20 days after infection. This is a notable result 

considering that chemical factors have been required to achieve directed differentiation of iPSCs 
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into cardiomyocytes within such a short time frame. Positive staining for both Myosin heavy 

chain and cardiac Troponin T indicated that the beating in the colonies was likely due to 

cardiomyocyte differentiation.  

Both lentivirus concentration and substrate microtopography appeared to influence the 

reprogramming and differentiation processes of mERFs. The total number of iPSC colonies that 

formed on all surfaces almost directly increased with virus concentration. This was expected as 

increasing virus concentration, similar to increasing initial seeding density, also increases the 

probability that reprogramming events in cells will occur. Microtopography did not have as 

strong an effect on colony formation as virus concentration; however, at specific virus 

concentrations, microtopography appeared to influence the relative numbers of iPSC colonies 

that formed on different surfaces. For the lowest virus concentration, μVR2 formed the fewest 

colonies. However, flat PDMS and the μVR2 formed the most colonies for the mid and highest 

virus concentrations, respectively.  

In addition to the total number of iPSC colonies formed, the number of beating colonies 

was recorded. Beating colony formation was not directly proportional to virus concentration. 

Relative to the lowest virus concentration, the number of beating colonies decreased and 

increased for the mid and highest virus concentrations, respectively. The relative numbers of 

beating colonies was also affected by microtopography. At the lowest virus concentration, all 

surfaces yielded the same average number of beating colonies. At the mid and highest virus 

concentrations, the formation of beating colonies followed the trend for the formation of iPSC 

colonies. It was also found that the surfaces that produced the greatest number of beating 

colonies also had the highest percentage of beating colonies. 

These results suggest virus concentration is an important factor for determining the 

average number of iPSC colonies and absolute numbers of beating colonies that form. 

Microtopography appears to have secondary effects on the reprogramming and differentiation 

processes of iPSCs by increasing or decreasing relative numbers of iPSC and beating colonies 

that form on surfaces at set virus concentrations. Specific virus concentrations, therefore, may be 

more effective at producing different lineages of cells on different substrate microtopographies.  

Similar subsequent experiments have indicated that the onset of beating in iPSC colonies 

is difficult to control. In addition to initial seeding densities, virus concentrations, and 

microtopography, factors such as the sources of cells, cell passage number, incubation periods, 

and the quality of viruses may affect mERF reprogramming and differentiation.  

5.3.3  Effects of Microtopography on mERFs 

To investigate how microtopography physically changes cells, normal, non-infected 

mERFs were seeded on, μVR2s, μVR7s, flat PDMS surfaces, and TC dishes for 24-hour periods. 

The mERFs were subsequently stained for Lamin A/C, HDAC4, Nesprin, and Actin.  
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For the TC dishes and flat PDMS surfaces, the mERFs were widely spread out with 

ovular nuclei. Lamin A/C was expressed in the nuclei and cytoplasms of cells for both surfaces. 

Although HDAC4 was found in the cytoplasm of mERFs on the TC dishes, the protein was 

largely confined to the nuclei on the flat PDMS surfaces. On the μVR2s, mERFs had slight 

physical changes due to the microposts, including smaller spreading areas and thinner 

protrusions. For the majority of the μVR2s, both HDAC4 and Lamin A/C were present in the 

cytoplasms and nuclei of cells. In contrast to both flat surfaces and the μVR2s, mERFs on the 

μVR7s were highly affected by the surface microtopography. In addition to having small 

spreading areas and distorted nuclear shapes, mERFs exhibited some alignment with the 

underlying microposts. For these surfaces, HDAC4 was found mainly in the cytoplasm of cells 

with little expression in the nuclei. Lamin A/C was found in both the nuclei and cytoplasms. 

Nesprin expression had significant overlap with Actin and was primarily cytoplasmic for all 

surfaces.  

Normalized fluorescence intensities were used to numerically compare protein 

expression. The expression of both Lamin A/C and HDAC4 were statistically higher on the TC 

dishes than all other surfaces. Flat PDMS surfaces also had high expression, and had similar 

intensities to the μVR2s with smaller radii. TC dishes, flat PDMS surfaces, and μVR2s had higher 

relative intensities of Lamin A/C in comparison to HDAC4, and this trend was reversed for the 

μVR7s. μVR2s had statistically higher expression of Lamin A/C than μVR7s with corresponding 

radii. HDAC4 did not have a similar trend, with statistical differences for the two μVRs only 

occurring for the micropost arrays with smaller radii. For Nesprin, the μVR7s had slightly higher 

expression than the μVR2s, but this difference was only significant for the micropost arrays with 

the smallest radii. The flat surfaces had comparable expression. Actin expression had high 

variability for both micropost array surfaces, and high and low expression for the flat PDMS 

surfaces and TC dishes, respectively.  

These physical differences suggest that microtopography can influence the regulation of 

genes through nuclear and cytoplasmic localization of HDAC4. The shuttling of HDAC4 to the 

cytoplasm likely indicates suppression of its activity. Therefore, on the TC dishes and μVR7s, 

HDAC4 was highly suppressed. In contrast, on the flat PDMS and the μVR2s, HDAC4 had high 

expression in the nuclei, suggesting strong transcription activity. Microtopography also appeared 

to affect the structural stability of the nuclei through the relative expressions of Lamin A/C. The 

TC dishes, flat PDMS surfaces, and μVR2s had stronger expression of Lamin A/C at the cell 

nuclei than the μVR7s. The nuclei on the μVR7s surfaces were able to distort and conform to the 

edges of the microposts. The Nesprin staining was not localized at the nucleus as expected, 

suggesting that different antibodies will be required for staining this protein in mERFs. 

5.3.2  Future Directions for Microtopography-based iPSC Studies 

This preliminary work has demonstrated that microtopography has the potential for 

influencing the reprogramming and differentiation of iPSCs. Although the early onset of colony 
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beating without the use of chemical cues is a promising result, controlling this and rates of 

colony formation proved to be difficult. This is likely due to changes in other factors in these 

experiments. Effects of changes in the initial seeding densities and lentivirus infection levels 

indicate the importance of non-biophysical cues in these processes. Therefore, it is imperative 

that all other factors are tightly controlled to reveal the true influence of microtopography and 

other biophysical cues in future experiments. Virus concentration, which was never measured for 

any of these experiments, must be quantified to ensure consistency. Other means of generating 

iPSCs, such as doxycycline-inducible reprogramming, [207], [208] maybe provide an alternate 

system for investigation of effects of biophysical cues. Additionally, the cell lines and their 

passage number are important to consider. Experiments have shown that iPSCs could not 

produce the beating phenotype from higher passages of mERFs or other cells lines, such as 

fibroblasts derived from tail tissue. 

From the microtopography studies, it is unclear what biophysical cues are resulting in 

changes to the reprogramming and differentiation processes. The current μVRs deliver many 

types of biophysical cues: substrate stiffness, spacing of attachment points, and different 

geometries, some of which enable contact with the continuous substrate below. To determine the 

effects each of these has on these processes, developing systems that isolate these cues is 

imperative. As used for tissues and stem cells, [46], [113] polyacrylamide gels can be employed 

to study changes in substrates stiffness on a continuous surface. Similar to the μVRs and μVHs 

used in the collective cell studies, microposts with varying geometry and same theoretical 

stiffnesses can be utilized to explore how micropost radii and heights affect cellular behavior. 

The influence of spacing of attachment points can also be investigated on μSGs or through 

changes in %ECM. Additionally, further investigation of the structural and transcription changes 

that occur due to microtopography should be conducted, such as through polymerase chain 

reaction (PCR), to understand the possible mechanisms behind changes in the reprogramming 

and differentiation processes of iPSCs.  

The long term goal of implementing biophysical cues in the reprogramming and 

differentiation of iPSCs is to determine if they can be used in concert or in lieu of other 

microenvironmental cues to increase reprogramming efficiencies or direct differentiation. 

Biophysical cues can further be explored by reducing the number of transcription factors used in 

the reprogramming process, e.g. using OSK instead of OSKM, and observing their effects. As 

biophysical cues can affect the behavior of both somatic adult cells and stem cells, their 

influence over other aspects of iPSCs, such as epigenetic memory, [209] would be areas worthy 

of investigation.  
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