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ABSTRACT OF THE DISSERTATION 
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Extracellular vesicles (EVs) are a class of lipid bilayer enclosed particles secreted by most 

mammalian cells, and are found ubiquitously in body fluids such as plasma and cerebrospinal 

fluid. EVs contain molecular signatures of their secreting host cells, and are involved in long-range 

intercellular communication and transfer of biomolecular cargo. There is significant potential for 

EVs to be used as biomarkers for specific cancers, and their involvement in long-range 

intercellular communication holds promise for their use as targeted drug delivery vehicles. 

However, EVs’ nanoscale size and heterogeneity (30-1000 nm) and the choice of isolation 

methods confound the structural, biophysical, and surface biochemical analysis of single vesicles. 

Here, we focus on the characterization of single small extracellular vesicle (sEV) (40-160 nm) 

structural-mechanical properties by atomic force microscopy (AFM) and other methods. We 

examined the impact of isolation methods on the biophysical heterogeneity of single sEVs, 

including their nanoscale morphology and the presence of co-isolates. We also investigated the 

structural-mechanical properties of breast cancer cell line-derived sEVs and their secreting cells, 

finding that breast-cancer derived sEVs reflect the biomechanical signature of the cancer cells 
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that secrete them, and identify similar trends in patient plasma derived EV like particles. Finally, 

we demonstrated the applicability of AFM-based single sEV analysis as an efficient tool to quantify 

the abundance, structure, and biomechanical properties of sEVs from limited volume patient 

cerebrospinal fluid. Overall, this work advances the understanding of single sEV structural-

mechanical properties, provides a framework to assess sEV quality and purity, and further 

develops cellular and nanoscale mechanotyping methodologies. 
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Chapter 1. Introduction 
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Scientific advancement seeks to extend beyond the human limitations of our five senses, 

particularly so in the field of microscopy where new technologies allow us to characterize 

materials at higher resolution and magnification than the human body alone can. For example, 

the development of light microscopes expanded the capability of our sense of sight: the first light 

microscopes developed by Hans and Zacharias Janssen in the late 16th century achieved a 

magnification of 3-9x. In 1667, Robert Hooke used a light microscope with improved magnification 

(250x) to identify pores in a piece of cork—in his book Micrographia, he provided drawings of 

these pores which he termed “cells” due to their similarity to cells in a monastery, paving the way 

for modern cell theory. Most optical light microscopes are constrained by the Abbe diffraction limit 

of light, restricting the resolution of images obtained from these microscopes to ~250 nm. The 

development of techniques such as super resolution microscopy,1 scanning tunneling 

microscopies2 such as electron microscopy,3 and scanning probe microscopies4 such as atomic 

force microscopy,5 extend the resolving power of microscopes to the nanoscale and even allowing 

atomic resolution of materials such as carbon nanotubes.6 Atomic force microscopy in particular 

is an especially interesting microscopy technique, leveraging physical contact with the sample to 

not only create a topography image, but also to probe the mechanical properties of a sample, 

thereby combining sight with touch, and extending our sense of touch beyond human capabilities. 

 

To speak further to the sense of touch and its application in scientific settings, our fingers can be 

used to qualify the stiffness, adhesivity, or texture of a surface, and in a clinical setting, the sense 

of touch is useful to diagnose or identify disease, particularly cancerous tumors. At the 

macroscale, touch allows physicians to palpate breast tissue and identify cysts or tumors based 

on shape, size, and stiffness.7 Biomechanical variations in cancerous cells and tissues are a 

useful target for diagnosis, evident in the development of instruments such as a handheld 

piezoelectric needle for rapid mechano-profiling of malignant thyroid lesions.8 The utility of touch 

also extends to the microscale, where AFM can be combined with optical microscopy9 allowing 
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simultaneous optical imaging and characterization of the distinct biomechanical signature of 

cancerous cells10,11 and tissues.12 Further, AFM extends touch to the nanoscale, allowing 

simultaneous structural-mechanical characterization of nanomaterials such as liposomes,13 

DNA,14 viruses,15 and extracellular vesicles.16 

 

Extracellular vesicles in particular are a fascinating class of nanosized vesicles (30-1000 nm) of 

particular interest for drug delivery or biomarker applications.17 The study of nanosized EVs often 

approaches from the bulk or ensemble level, obtaining population level information about particle 

count, size, or biomolecular composition. Much is still unknown about the biophysical 

characteristics of EVs at the single vesicle level. EVs are known to have specific biochemical 

signatures linked to their cell of origin,18 but little is known about their biomechanical signatures, 

especially as it relates to malignant transformation or the use of biomechanical signatures for 

disease diagnosis or monitoring.  

 

This dissertation focuses on the biophysical characterization of cancer-derived cells and 

extracellular vesicles, driven by AFM. I focus on single vesicle-based analysis to identify structural 

and mechanical features with sub-nanometer resolution. My research seeks to elucidate these 

features at the single vesicle or cell level towards developing them towards biomarker 

applications, and to bridge the gap between biochemical knowledge and biophysical knowledge. 

First, I will discuss the history of the field of extracellular vesicles, as well as the basics of AFM 

and its applicability to the study of EVs (Chapter 2). Then, I will examine the impact of EV isolation 

method on single vesicle nanoscale structure (Chapter 3). Next, I will discuss the relevant 

biomechanical properties of EVs (Chapter 4) and examine EV biomechanical signatures in breast 

cancer cell-derived EVs (Chapter 5) and in cerebrospinal fluid-derived EVs (Chapter 6). Finally, I 

will discuss the single cell mechanotyping of urothelial carcinoma cells (Chapter 7). 
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Chapter 2. Ascent of Atomic Force Microscopy as a Nanoanalytical 
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2.1 Abstract 

Over the last 30 years, atomic force microscopy (AFM) has made several significant contributions 

to the field of biology and medicine. In this review, we draw our attention to the recent applications 

and promise of AFM as a high-resolution imaging and force sensing technology for probing 

subcellular vesicles: exosomes and other extracellular vesicles. Exosomes are naturally occurring 

nanoparticles found in several body fluids such as blood, saliva, cerebrospinal fluid, amniotic fluid 

and urine. Exosomes mediate cell–cell communication, transport proteins and genetic content 

between distant cells, and are now known to play important roles in progression of diseases such 

as cancers, neurodegenerative disorders and infectious diseases. Because exosomes are 

smaller than 100 nm (about 30–120 nm), the structural and molecular characterization of these 

vesicles at the individual level has been challenging. AFM has revealed a new degree of 

complexity in these nanosized vesicles and generated growing interest as a nanoscale tool for 

characterizing the abundance, morphology, biomechanics, and biomolecular make-up of 

exosomes. With the recent interest in exosomes for diagnostic and therapeutic applications, AFM-

based characterization promises to contribute towards improved understanding of these particles 

at the single vesicle and sub-vesicular levels. When coupled with complementary methods like 

optical super resolution STED and Raman, AFM could further unlock the potential of exosomes 

as disease biomarkers and as therapeutic agents. 

 

2.2 Exosomes and other extracellular vesicles (EVs) are challenging to characterize due 

to their nanoscale size and heterogeneity of their origin and composition 

Scanning probe microscopy (SPM) opened a new era in microscopy in the field of biology and 

medicine over 30 years ago. So far, atomic force microscopy (AFM) has contributed unique and 

novel nanoscale structural, biophysical and biomolecular information on a variety of sub-cellular 

structures such as DNA,1–5 membrane proteins,6–8 vesicles,9–12 vaults,13 actin14 and actin-binding 

proteins,15–17 viruses18–21 as well as bacteria,22–24 and mammalian cells.25,26 Recently, attention 
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has turned to a class of sub-cellular, lipid membrane bound, nanoscale vesicles called exosomes 

and related EVs for their potential use as novel circulating disease biomarkers.27–32 

 

Exosomes were first discovered in the 1980s in mammalian reticulocyte cells and were initially 

thought to be cellular trash.33 While their specific physiological functions are currently under 

investigation,34 it is now widely recognized that secreted exosomes and other EVs contain specific 

molecular signatures of their cells of origin. Exosomes are ubiquitously found in our bodies, and 

can be isolated from blood, urine, saliva, and other bodily fluids, and have been aptly termed as 

'cellular FedEx system' due to their implications in long-range intracellular communications and 

disease propagation.35 Diseases such as cancer,36–38 HIV infection,39 and Alzheimer's40 have 

been shown to propagate using exosomes, and it has been hypothesized that HIV viruses can 

spread through the body by hijacking healthy exosomes as a sort of 'Trojan Horse' enabling them 

to 'sneak' into healthy cells.41 Because exosomes possess the additional ability to pass through 

the blood brain barrier, exosomes may be used as novel agents to deliver drugs or nucleic content 

to specific cell types in the central nervous system to treat diseases such as Huntington's disease, 

Alzheimer's disease, and multiple sclerosis.42 Further, exosomes have also been shown to be the 

primary mediator of cell-to-cell communication for mesenchymal stem cells (MSCs), and could 

prove to be beneficial to therapeutic applications due to their ability to circumvent issues 

associated with stem cell-based therapies such as issues with transplantation and directed 

delivery of therapeutic content.43 MSC-derived exosomes have been used to treat cardiac disease 

and osteoarthritis.43,44 

 

Given their tremendous diagnostic and therapeutic potential, it is not surprising that, in recent 

years, exosomes have become a subject of intense biomedical research. But the nanoscale size 

of exosomes and the heterogeneity of their origin and composition make it challenging to precisely 
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investigate the biogenesis, structure and function of individual exosomes to aid translational 

research and clinical applicability. 

 

So far, there is no gold standard technique to isolate and determine precise physical, biochemical, 

and bio-molecular characteristics of exosome populations. The choice of characterization method 

is strongly associated with the type of sample, isolation strategy, and ultimately the downstream 

application requirements. Exosome characterization typically involves collection of biofluids or the 

supernatant of cultured cells; isolation or enrichment of vesicles; classification by size, size 

distribution; characterization of membrane receptors (type and distribution); and subsequent 

extraction and analysis of their RNA,45,46 DNA,47 protein,48,49 and sometimes lipid content.50 

Particle sizing and counts for exosomes in isolated samples is commonly explored using light 

scattering methods and assessed qualitatively using electron microscopy (EM). The biologic and 

genomic content of exosomes is typically studied using ensemble proteomic and sequencing 

methods, where single exosome level information is lost. 

 

2.3 High-resolution microscopic techniques to determine exosome shape, size and 

morphology 

In general, the nanoscale size of exosomes (30–120 nm) and other EVs precludes the use of 

most optical microscopies from providing structural information on exosomes (Figure 1). 

Furthermore, exosomes obtained from different bodily fluids and cell types, isolation methods, 

and characterization methods show significant variations both in size, structure and molecular 

heterogeneity.51 Figure 2b shows the typical molecular contents present in exosomes. EM 

techniques and more recently AFM52 and other scanning probe microscopies have proved useful 

for studying exosome size distributions that typically fall below the diffraction limit of light53 as 

outlined in Figure 1. Early examinations of exosome structure and morphology used EM 

techniques, which provided a wealth of information about the biogenesis pathway and secretion 
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of these vesicles from originating cells. Figure 2a shows early electron microscopic evidence 

demonstrating the release of exosome bound transferrin receptor in reticulocytes upon fusion of 

the multivesicular body (MVB) with the plasma membrane. 

 

Figure 1. Size scale for exosomes and extracellular vesicles and the different microscopic 
techniques available for structure and function studies. Atomic force microscopy bridges the 
size scale between electron and optical microscopies as a label-free, quantitative, 3D nanoscale 
characterization tool. The relative abundance of exosomes, extracellular vesicles (EVs), large 
oncosome and presence of other extravesicular components within the purified exosome samples 
can be readily visualized by AFM imaging. 
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Figure 2.  Schematic illustrating the formation and release of exosomes from 
multivesicular bodies (MVB) at the cell surface. (a) Inset (dashed lines) shows an electron 
microscopy (EM) image of an MVB releasing exosomes at the cell surface. Several small 
exosomes are observed within the MVB. The exosomes show surface-bound transferrin receptors 
labeled with gold nanoparticles, while the MVB itself does not show the presence of transferrin. 
(b) Magnified schematic of a single exosome displaying, mRNA, miRNA, protein, and DNA cargo, 
and surface proteins and receptors typically found on exosomes. (c) AFM image showing release 
of several nanosized exosomes from a large, micron size MVB. Limiting membrane of MVB is 
marked with dotted circle. MVB enclosed exosomes are marked with white arrows. Figure (a) 
reproduced with permission from Pan, B. T., Teng, K., Wu, C., Adam, M. & Johnstone, R. M. 
Electron microscopic evidence for externalization of the transferrin receptor in vesicular form in 
sheep reticulocytes. Journal of Cell Biology 101, 942–948 (1985) and figure (c) is reprinted 
(adapted) with permission from Sharma, S., Gillespie, B. M., Palanisamy, V. & Gimzewski, J. K. 
Quantitative Nanostructural and Single Molecule Force Spectroscopy bio-molecular analysis of 
human saliva derived exosomes. Langmuir 27, 14394–14400 (2011). Copyright (2011) American 
Chemical Society. 
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Traditional EM methods require dehydration, chemical fixation, or staining of samples that can 

influence the nanostructure of the exosomes, and cause to be mistakenly observed as cup-

shaped vesicles instead of spherical vesicles.12,55 Further, freezing exosome samples for 

scanning electron microscopy (SEM) may complicate distinction of exosomes from other vesicles 

secreted during cell death.56 Cryo-EM has seen a tremendous recent improvement with the use 

of direct electron detectors. Advanced modes, such as the cryo-TEM, provide structure of 

exosomes in their native aqueous environment without staining or added fixatives. Cryo-EM57 also 

enables 3D tomography, enabling spatial visualization of more complex structures, and is 

increasingly being used for imaging exosomes.58,59 Detailed characterization of subpopulations of 

exosomes for more accurate phenotyping and enumeration in complex biofluidic environments 

has been achieved using Cryo-EM and immuno-gold labeling.58,60,61 Field-emission cathodes in 

SEMs (FESEM) provide narrower probing beams at low and high electron energies resulting in 

improved spatial resolution, minimal sample charging and sample damage. FESEM provides 

lower electrostatic distortion, enabling a spatial resolution of 1.5 nm and has been used to 

differentiate morphological variations in individual exosomes as shown in Figure 3a.12 Overall, 

EM is still the most common imaging method used to obtain qualitative information of exosome 

structure. 
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Figure 3. Exosomes isolated from human patient saliva samples (a) Field emission scanning 
electron microscopy (FESEM) image of exosomes isolated from human patient saliva samples. 
Round vesicular morphology outlined with white dashed circle. Intervesicular filaments are 
marked with black arrows. (b) Peak force AFM image of glioblastoma cell line-derived exosomes. 
Exosomes are marked with white dashed boxes while inter-vesicular filaments are marked with 
white arrows. Figure (a) reprinted (adapted) with permission Sharma, S. et al. Structural-
Mechanical Characterization of Nanoparticle Exosomes in Human Saliva, Using Correlative AFM, 
FESEM, and Force Spectroscopy. ACS Nano 4, 1921–1926 (2010). Copyright (2010) American 
Chemical Society. Figure (b) adapted from Sharma, S., Das, K., Woo, J. & Gimzewski, J. K. 
Nanofilaments on glioblastoma exosomes revealed by peak force microscopy. J R Soc Interface 
11, 20131150 (2014) with permission from The Royal Society of Chemistry. 
 

AFM presents as a unique alternative to optical and electron diffraction techniques for studying 

exosomes. With its ability to quantify and simultaneously probe the abundance, structure, 

biomechanics, and biomolecular content of individual exosomes and other EVs (Figure 2c and 

Figure 3b) within heterogeneous populations such as tumors, AFM-based nanoscale analysis of 

exosomes isolated and purified from in vitro cell cultures or body fluids is an exciting, rapidly 

growing research field. In the following sections, we examine the current state of characterization 

methods currently utilized for exosomes and other EVs. Isolated exosomes can be immobilized 

and imaged on freshly cleaved mica substrate under ambient conditions, or under physiological 

buffer condition through non-specific surface immobilization or over specifically functionalized 

surfaces coated with antibodies, peptides or aptamers.62,63 AFM works by raster scanning a tip 

over a sample, line-by-line, and adjusting tip height based on instrument feedback to obtain 

sample topography and mechanical information. This feedback can come from the force exerted 

on the cantilever by the surface, the frequency of oscillation of the tip, the amplitude of tip 

oscillation, or some combination of these. Some commonly used AFM imaging modes that have 

been applied to probe the structure and function of exosomes are summarized in Figure 4. 
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Figure 4. Summary of the key AFM imaging and force modes applied to the study of single 
exosomes and extracellular vesicles. Schematic diagram of (i) contact, (ii) tapping, (iii) non-
contact and (v) peak force tapping AFM imaging modes with corresponding information obtained 
through each imaging mode. When an AFM tip is brought close to the sample, a number of forces 
may operate. Interaction forces on the tip corresponding to tip–sample separation distance are 
shown in (iv). Schematics for antibody functionalized single molecule force spectroscopy shown 
in (vi). 
 

In contact mode AFM (Figure 4i and Figure 4iv), cantilever deflection is kept constant by 

adjusting the distance between tip and sample in response to topographic height change. Contact 

mode is difficult to use for soft biological samples due to unwanted friction and reversible or 

irreversible deformations in the sample64 and therefore not frequently used in exosome imaging. 

 

Tapping mode AFM (Figure 4ii and Figure 4iv) was invented to circumvent some of the issues 

associated with contact mode AFM. In tapping mode AFM, the tip is oscillated at near resonance 

frequency while scanning a sample, and the tip ideally only touches the sample at the downward 
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extreme of this oscillation. Tapping mode is most commonly used for imaging of exosomes due 

to the simplicity of the use and less perturbation to the samples. Closely-related to tapping mode 

is non-contact mode AFM (Figure 4iii and Figure 4iv). In amplitude modulated AFM (AM-AFM) 

the oscillation amplitude is used as feedback to adjust tip height—this requires only one simple 

feedback loop as opposed to three in tapping mode AFM. Phase modulated AFM (PM-AFM) 

keeps the cantilever's oscillation amplitude constant, and instead uses the phase difference 

between the excitation and the oscillation as a feedback signal. Change in the phase difference 

reflects a change in the surface mechanical properties.65,66 In AM-AFM and PM-AFM the tip does 

not touch the surface as in contact or tapping mode, but instead oscillates near the surface. Non-

contact mode has been successfully used to image single exosomes.12 

 

Peak force tapping mode (Figure 4v) uses low drive frequency and low drive amplitude to control 

the maximum force at the tip down to tens of piconewtons. The low forces used minimize sample 

damage and tip damage and permit sub-nm imaging of soft biological samples. Peak force 

tapping mode obtains adhesion force, elastic modulus, deformation, and dissipation, and is 

therefore useful for obtaining quantitative nanomechanical information.67,68 Peak force mapping 

enable simultaneous evaluation of 3D morphology and physicochemical properties (elasticity and 

adhesion) of individual exosomes at sub-nm resolution with pico-Newton (pN) sensitivity.10 'Micro-

scale' cellular extensions69 and intercellular nanotubes70 and their functional mechanisms in 

intercellular communication are currently being debated. However, using peak force mapping, our 

group revealed ultra-structural details of exosome surfaces.12 Peak force images revealed distinct 

nanofilaments extending from the surface of glioblastoma exosomes10 for the first time, as shown 

in Figure 3b. Individual nanofilaments within the network were measured to be 10–20 nm in 

diameter and up to several microns in length. The biochemical composition of these filaments 

needs detailed investigation into their specific role in intercellular interactions that may serve as 

long tethers for anchorage, increasing the probability of exosome binding to target cells. They 
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may provide enhanced rigidity or structural integrity to parent exosomes. These rigid and adhesive 

nanofilaments may also harbor specific recognition motifs for cognate receptors on target cells, 

perhaps thereby further modulating exosome targeting, uptake, and effector functions. 

 

Single molecule-force spectroscopy (SMFS) (Figure 4vi) uses tip–sample interactions to obtain 

force–distance curves for single molecules of interest. This is accomplished by functionalizing an 

AFM tip with specific chemical groups, ligands, or antibodies. When the functionalized tip comes 

in contact with the sample, a bond is formed, and as the tip is withdrawn from the sample, the 

cantilever is bent as the bond is stretched and eventually breaks.64,71 Using either functionalized 

nanobeads or a functional probe tip, AFM enables complementary phenotyping of exosome 

subpopulations at the single-vesicle level.11 

 

2.4 Isolation and characterization of 'purified' exosome sub-populations 

Both the quality and quantity of purified exosomes affect their downstream structural and 

functional analysis. To date, the ideal choice of method for isolation and characterization of 

exosomes from bodily fluids, tissues, or cells of origin remain debatable, though is increasingly 

recognized to influence downstream exosome-based assays. A better understanding of the 

interdependence of isolation and characterization strategies would also help to clarify disparate 

results and lack of rigor and reproducibility in intra-laboratory findings on exosomes studied from 

similar cell models. Typically used exosome isolation procedures and commercial kits attempt to 

optimize and enrich exosomes, remove non-exosomal components and other contaminants, and 

evaluate the different kinds of exosome populations from specific cell types (Table 1). 

Subsequently, for each exosome sub-type the biophysical properties (size, size distribution, 

counts, buoyant density), cargo (e.g., tumor antigens) and surface markers with diagnostic or 

prognostic implications must be precisely determined. Conventional methods utilize sequential 

centrifugation and ultracentrifugation (UC) to spin down exosomes in cell culture media or bodily 
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fluids.72–75 Sucrose gradient density ultracentrifugation is used to minimize protein contamination 

by exploiting the density variations between exosomes and other membrane structures and 

viruses. Size exclusion chromatography relies on exosome physical dimensions. In 

immunoaffinity capture (IAC), antibodies targeting exosome surface markers such as CD9, CD63, 

CD81 and EpCAM are attached to magnetic beads to capture and purify exosomes.72–74,76 A 

summary of main exosome isolation methods and their advantages and limitations are 

summarized in Table 1. 
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Table 1. Comparison of exosome or other EVs isolation methods. 

 Isolation Method Advantages Limitations References 

Non-specific 

Ultracentrifugation 
(UC) 
 

• Most commonly used method of isolation 

• Produces regularly sized and shaped particles 

• Isolated exosomes can be characterized 
using single particle methods such as AFM 
and EM 

• Co-sedimented protein/RNA may affect 
downstream proteomics/genomics   

• Time and labor intensive  

• Requires >20ml starting material  

• Requires expensive instrument 

72–75 

ExoQuick kit  
• Easy to perform 

• Faster (minutes) 

• Isolated particles with irregular shape and size 

• Can co-isolate unwanted RNA content 

• Not exosome specific  

• Polymeric precipitates in isolated exosome 
samples make it difficult to probe using AFM 
and EM 

72,74,75 

Density gradient 
ultracentrifugation 

• Segregation of exosomes based on density 
profiles results in less abundance of other 
membrane vesicles and membrane debris in 
isolated samples 

• Single particle methods such as AFM and EM 
can be used to study isolated populations 

• Produces high purity RNA  

• Low yielding, both of exosomes and RNA 
content 

74 

Specific 
Immunoaffinity-
Capture (IAC) 
 

• Allows capture of exosomes/EVs containing 
specific surface proteins 

• Higher specificity of exosome  

• Antigen-antibody binding may modify 
exosomes 

• Receptor target limited. While the exosome 
molecular make-up is recognized to be cell-
type dependent, definitive markers for 
particular exosomes are yet to be established  

• Exosomes need to be extracted from bead 
surface for specific assays and imaging of 
single vesicles using AFM and EM 

73,76 
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2.5 Biophysical characterization of 'purified' exosomes 

Variations in the accuracy and precision of exosome isolation methods complicates the unbiased 

distinction of biological differences from sample-to-sample and methods variability in exosome 

isolation.77 UC and precipitation can co-isolate proteins resulting in artifacts and false positive 

identification of exosome cargo components.73 Precipitation introduces polyethylene glycol into 

the sample, which is an ion suppressor incompatible with mass spectrometry analysis.78,79 

Because of an incomplete understanding of how proteins are loaded in vesicles, it is often 

challenging to assess sample purity solely on the basis of protein analysis of specific proteins 

expected to be unrelated to exosome content.80 A high ratio of particles-to-protein may indicate 

high vesicular purity,80 but lacks distinction of vesicles from other particulate matter (protein 

aggregates, salts, or others) of the same size. Chemical residues from the purification process 

may necessitate post-isolation removal.48 Certain sources of exosomes such as blood can 

introduce additional components like albumin that complicate downstream analysis.48 Together, 

these current challenges in isolation, optimization and quality control of purified exosomes, 

highlight the significance of single vesicle characterization methods such as AFM to quantify not 

only the basic properties such as counts, size, morphology of purified exosomes, but also assess 

other phenotypes such as adhesivity, elasticity of the vesicles, extravesicular components and 

their surface biomolecular make-up, at the nanoscale. 

 

Characterization of exosomes can be mainly classified into imaging methods and non-imaging 

methods and is used, post-exosome isolation, to assess sample purity, structure, bio-molecular 

content, and other biophysical characteristics. The International Society for Extracellular Vesicles 

(ISEV)81 therefore recommends examining the size distribution of exosomes as a measure of the 

heterogeneity of a sample when studying exosomes—and recommends examining samples 

using EM or AFM to check the quality of a prepared sample.72 However, the ISEV guidelines on 

exosome or other EVs' characterization are not limited to just those methods—a summary of 
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some of the characterization methods is shown in Table 2. Non-imaging methods like 

nanoparticle tracking analysis (NTA) and dynamic light scattering (DLS), are fast and simple 

technique for examining particle size, but are hindered by polydispersity of vesicles that 

complicates accurate quantification of size. Imaging methods, on the other hand, can distinguish 

between particles of different size and have high resolution, but are limited by their low throughput. 
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Table 2. Comparison of exosome and other EVs characterization methods. 

 Characterization 
Method 

Advantages Limitations References 

Non-imaging 

Nanoparticle 
Tracking Analysis 
(NTA) 

• Fast, simple 
• Cannot distinguish between co-isolated particles of 

same size 
82,83 

Dynamic Light 
Scattering (DLS) 

 • Works best on mono-disperse samples 84 

Flow Cytometry 
• Allows specific subpopulations to be analyzed 

via fluorescent tagging 

• Assumes homogenous refractive index 

• Poor detection limit 

• Produces a population average 

85–88 

Microfluidic 
Methods 

• Enables multiplexing 

• Small sample quantity needed 

• Can be used to isolate and characterize 
simultaneously 

• Limited by what receptors are available 89 

Imaging 

AFM 

• Sub-nm resolution, ambient or fluid conditions 

• Label-free- single vesicle morphology, size, 
counts 

• Extra-vesicular components in purified samples 

• Quantitative single vesicle adhesivity, elasticity, 
deformability 

• Quantitative surface biomolecule assessment 
(Single molecule force spectroscopy) 

• Low throughput 

• Surface probing method 

• Exosomes need to be stably attached on substrate 

10,12,84,85 

Stimulated 
Emission 
Depletion 
Microscopy 
(STED) 

• High spatial (~30 nm), temporal resolution 
(seconds) 

• High intensity light needed 

• Can cause phototoxicity 

• Requires fluorescent tagging 

90 

TEM 
• Sub-nm resolution 

• Can examine surface markers 

• Harsh imaging conditions 

• Can affect morphology 

• Low throughput 

84,91,92 

Cryo-EM 
• Maintains morphology 

• Allows for 3D imaging 

• Specimen preparation may influence exosome size 
and distribution 

• Low throughput 

55,85,93 

Field Emission 
SEM 

• Maintains morphology, high resolution 
• Unconventional 

• Rarely used 
12 
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AFM provides a significant advantage in evaluating the effects of different isolation methods on 

purified exosomes as it allows the size and structure to be directly visualized along with 

biophysical properties such as stiffness, adhesion, and deformation at single vesicle and sub-

vesicle resolution. Figure 5 illustrates one such example comparing exosomes obtained using 

UC and exosomes obtained using IAC. The increased surface roughness of the IAC-isolated 

exosome compared to those obtained using UC from the same cell type reflects the unique 

physiochemical and biological characteristics of purified vesicles that can be quantitatively 

determined at nanoscale resolution using AFM techniques. 

 

 

Figure 5. Representative AFM images of U87 cell-derived exosome isolated using 
ultracentrifugation (a) compared to exosome obtained using immunoaffinity capture (IAC) (b). The 
exosome obtained using IAC has a significantly rougher surface. Reproduced from Woo, J., 
Sharma, S. & Gimzewski, J. The Role of Isolation Methods on a Nanoscale Surface Structure and 
its Effect on the Size of Exosomes. J Circ Biomark 5, 11–11 (2016).  
 

2.6 Biomolecular characterization of 'purified' exosomes 

Exosomes contain complex cargo of proteins and genetic material analyzed using various 

imaging and bioanalytical methods. Immuno gold label EM is a common imaging technique 

through where gold nanoparticles, labeled with specific antibodies, are bound to biological 

particulate of interest, and allows specific phenotypes to be studied, such as transferrin, CD235a, 

CD41, and CD63.54,60,94 SMFS95 permits AFM to go beyond imaging and probe the surface of 
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biological matter. The technique works by specifically functionalizing an AFM tip to interact with a 

specific surface. As the tip approaches the surface, there is an attractive force until the two bind—

then as the tip is retracted, it severs the binding of the tip and surface. This allows calculation of 

the specific ligand-receptor binding forces and mapping of chemical groups and receptors on a 

surface, and more. This interaction is shown for specific and non-specific interactions in Figure 

6 where the adhesive force between the functionalized tip and the surface receptor (Figure 6a 

and Figure 6b) allows a specific interaction to be differentiated from a non-specific interaction, 

and demonstrates a characteristic rupture force (Figure 6c). Cell-type specific markers such as 

CD63 have been visualized on the surface of exosomes by use of an antiCD63 IgG functionalized 

gold tip, and the antibody-antigen interaction has been reported to correlate to a difference in 

expression of the receptor in normal exosomes versus oral cancer derived exosomes from saliva 

samples.12 Currently, force spectroscopy is hindered by the ability to only probe one type of 

receptor at a time, as there is only one tip, which is low throughput. However, force spectroscopy 

on exosomes is a largely unexplored area that is expected to advance through the combination 

of complementary approaches such as multiplexing and microfluidics96 as well as multi-probe 

AFMs under development.97 
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Figure 6. AFM based single molecule force spectroscopy of exosomes using 
functionalized and unfunctionalized surfaces. (a) A tip is functionalized with an antibody such 
as anti-CD9, anti-CD63, or anti-CD81 known to bind to a receptor on the surface of the exosome, 
and force–distance curves are taken. (b) This method can also be coupled with an antibody or 
linker coated surface (covalently or noncovalently bonded). (c) Characteristic force–distance 
curves are obtained that show either (i) no interactions or (ii) a specific interaction with signature 
rupture force marked with a double-headed arrow. Only the retraction curves are shown. 
 

The ability to observe and understand detailed relationships between structure of exosomes and 

related EVs within a functional context can be further extended using correlative microscopic 

approaches such as AFM-Ramans.98 Raman spectroscopy is a powerful label-free analytical 

technique, widely used in pharmaceutical industry, providing detailed vibrational fingerprints from 

the molecules under investigation. Surface-enhanced Raman scattering (SERS) offers signal 

enhancements of several orders of magnitude over conventional Raman scattering and has been 

used for characterizing exosomes.50,99–101 However, the (often random) heterogeneity of SERS 

substrates leads to high variations in electromagnetic field enhancement across the sample 

surface, which limits its range of application. An alternative approach called tip-enhanced Raman 

spectroscopy (TERS) involves reducing the enhancing substrate to a single local 

'enhancement spot' at the end of a very sharp tip, which can be accurately positioned on the 

sample surface via AFM. TERS enables spectroscopic imaging with sub-diffraction spatial 

resolution (<50 nm) by scanning the local 'enhanced spot' at the end of the AFM tip across the 

sample surface. A typical TERS system combines a confocal laser scanning microscope with an 

AFM. The confocal microscope allows for rapid optical alignment of the laser focus with a metal-

coated AFM tip and requires a movable sample stage to scan the sample relative to the prealigned 

laser-to-tip configuration. TERS102 can potentially provide nanoscale chemical composition and 

morphology of biological samples such as exosomes in a label-free manner. It has been used to 

differentiate picomole quantities of surface adsorbed normal nucleobases A, T, G, C.103 TERS 

spectra has been used to study both large protein assemblies104 and filamentous structures such 

as amyloid fibrils105 as well as to identify the contributions of surface lipid molecules, RNA and 
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protein.106 This promising method allows biomolecules to be studied in their native condition and 

reduces sample heating due to the laser and photobleaching, and it remains to be explored further 

within the context of exosomes. The quality and durability of the probes are often key to a 

successful TERS experiment. The data acquisition time for TERS mapping and the available scan 

range currently limit the application of TERS as a standard tool for spectroscopic imaging of 

exosomes. Development of new scanning modes for TERS, enabling a trade-off between image 

size and spatial resolution and robust probes will be needed to test the applicability of this 

technique for exosome biochemical characterization. 

 

Exosomes typically comprise of luminal cargo, i.e., proteins, DNA, RNA, peptides, and lipid-

derivatives, surrounded by a lipid bilayer membrane. In 2007, Valadi et al were the first to confirm 

the presence of RNA inside EVs and also showed that mRNA inside EVs could be translated into 

proteins in vitro.107 EVs were shown to carry single-stranded DNA, amplified oncogene sequences 

and transposable elements,108 and the presence of double stranded DNA in tumor-derived EVs 

has been reported by several research groups.108–110 Two online databases, ExoCarta 

(http://exocarta.org), a database that lists proteins, RNA and lipids identified in exosomes, and 

Vesiclepedia (http://microvesicles.org), a community annotation compendium for all EVs, are 

available online. Mostly utilized as a surface-mapping tool, AFM has been previously employed 

to also probe intracellular molecules such as mRNA without compromising the viability of the 

targeted cell.111,112 The AFM-based method involves pushing a bare AFM probe into a live cell by 

applying a compressive forces of 10–100 nN, holding the probe within the cell for a short time, 

and pulling it out for subsequent amplification and quantitation of retrieved mRNAs into cDNA 

through quantitative RT-PCR and PCR procedures. Measurement of the binding and unbinding 

forces between the oligonucleotides DNA probe on the AFM tip and the complementary target 

mRNA has also been demonstrated.113 Through such combinations of molecular specificity, 

broader application fields can be opened for exosome phenotyping and genotyping. 

http://exocarta.org/
http://microvesicles.org/
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Table 3. Potential uses of exosomes as biomarkers 

 Disease Biomarker References 

Cancers 

Prostate 
Cancer 

PCA3, TMPRSS2-ERG 27 

Colon Cancer miR-181 29 

Pancreatic 
Cancer 

Glypican-1, various miRNA 28,44 

Brain Cancer EGFRvIII 114,115 

Lung Cancer a6b4 and a6b1 integrins 36 

Bladder Cancer HOTAIR 116 

Neurodegenerative 
Diseases 

Alzheimer’s 
Various miRNA, B-amyloid proteins 
released alongside exosomes 

31,32 

Parkinson’s 
miR-19b, miR-24, and miR-195, a-
synuclein 

117,118 

Other Diseases 
Macular 
degeneration 

cathepsin D, cytokeratin 8, more proteins 30 

 

 

2.7 Summary and outlook for AFM based exosome analysis 

Current challenges impeding the use of exosomes in biomarkers and therapy include tumor origin 

specificity, the number of exosomes that can be obtained from samples, and the need for a 

renewable cell source for widespread therapeutic application.119 Nonetheless, analysis of 

exosomes and other EVs in body fluids could, in the future, be the standard for diagnostics in 

medicine (prominent candidates of exosome based biomarkers under investigation are shown in 

Table 3). On one hand, the size, number, concentration, and composition of exosomes are 

influenced by diseases including cancer, neurodegenerative diseases, and other anomalies, and 

thus comprise clinically relevant information. On the other hand, the best utilization of this 

information warrants standardization of exosome-based analysis.120 This is one area where AFM 

has already been acknowledged as a key exosome metrology tool.81 As a next step in developing 

the EV field, ISEV produced a series of educational massive open online courses (MOOCs) titled 
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'basics of EVs'. A MOOC is an online course where recorded lectures and presentations are used. 

It is open access via the World Wide Web and can be accessed by an unlimited number of 

participants (the course is accessible at https://coursera.org/learn/extracellular-vesicles). Module 

five in this series highlights an example of the growing popularity of the AFM as a characterization 

tool for exosomes and EVs of different sources and beyond.

https://coursera.org/learn/extracellular-vesicles
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3.1 Abstract 

Extracellular vesicles (EVs) have raised high expectation ns as a novel class of diagnostics and 

therapeutics. However, variabilities in EV isolation methods and the unresolved structural complexity of 

these biological-nanoparticles (sub-100nm) necessitate rigorous biophysical characterization of 

single EVs. Here, using atomic force microscopy (AFM) in conjunction with direct stochastic optical 

reconstruction microscopy (dSTORM), micro-fluidic resistive pore sizing (MRPS), and multi-angle light 

scattering (MALS) techniques, we compared the size, structure and unique surface properties of breast 

cancer cell-derived small EVs (sEV) obtained using four different isolation methods. AFM and dSTORM 

particle size distributions showed coherent unimodal and bimodal particle size populations isolated via 

centrifugation and immune-affinity methods respectively. More importantly, AFM imaging revealed 

striking differences in sEV nanoscale morphology, surface nano-roughness, and relative abundance of 

non-vesicles among different isolation methods. Precipitation-based isolation method exhibited the 

highest particle counts, yet nanoscale imaging revealed the additional presence of aggregates and 

polymeric residues. Together, our findings demonstrate the significance of orthogonal label-free surface 

characteristics of single sEVs, not discernable via conventional particle sizing and counts alone. 

Quantifying key nanoscale structural characteristics of sEVs, collectively termed ‘EV-nano-metrics’ 

enhances the understanding of the complexity and heterogeneity of sEV isolates, with broad implications 

for EV-analyte based research and clinical use. 

 

3.2 Introduction 

The emerging roles of secreted nanometer-sized exosomes or other extracellular vesicles (EVs),1 

in various physiological and pathological processes, has led to enormous interest in their potential 

clinical utility as cell-free biomarkers for cancer and other diseases.2 Consequently, numerous 

efforts are underway to isolate, characterize, and optimize EVs.3,4,5,6 However critical knowledge 

gaps still exist in our understanding of the biophysical properties of single EVs. There is no single 

“gold standard” method used for the isolation of EVs. Further, the current biophysical analyses of EVs 
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typically encompass inadequate particle counting and size distribution determinations using 

various techniques. Together, to overcome the barriers due to the structural complexity (heterogeneity, 

small-to-large size ~30-1000nm) of these biological-nanoparticles, and isolation method dependent 

variabilities, improved biophysical analysis of EV isolates that complement and inform existing 

biomolecular analysis techniques is warranted prior to their subsequent use for reliable biomarkers or as 

therapeutics.  

 

The small EV (sEV) isolates from commonly used methods such as ultracentrifugation (UC),7 

density ultracentrifugation (UCg),8 size exclusion9 or immuno-affinity (IA)7,10 not only vary in purity 

and yield, but additionally demonstrate structural and biomolecular heterogeneity.11,12 Further, 

precipitation (PT) based approaches represent an easy and fast approach for EV isolation which 

is mostly exploited by commercial kits. Several biophysical techniques estimate the particle 

counts and size distributions,13–17 including nano-flow cytometry,6,18 resistive pulse sensing,19 

nanoparticle tracking analysis,20 and micro-fluidic approaches.11,21–24 Yet, uncertainties and 

challenges exist with respect to reliable EV enumeration and comparisons of EV isolates obtained 

using different isolation techniques. Notably, most particle characterization approaches for 

evaluating EV isolates rely heavily upon particle size and count determinations but invariably fail 

to capture additional high-resolution characteristics such as structure, surface topography, 

adhesiveness or elasticity of single EVs which may offer novel orthogonal markers to precisely 

quantify the EV biophysics and nanoscale effects of isolation strategies used.  

 

Structurally, electron microscopy (EM)25 has provided a wealth of information on sEVs12 given 

their nanoscale size range,5,6,26 and while EM gives qualitative 3D information, quantitative 

computations on particle surfaces are challenging. Advancements in optical super-resolution 

imaging approaches further bring new capabilities to visualization of labeled sEVs. By contrast, 

atomic force microscopy (AFM)27 enables deriving label-free, 3D, quantitative information of sEV 
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isolates at sub-nanometer scale resolution.28 Nevertheless, only a limited range of biophysical 

characteristics have been explored to date to assess the nanoscale scale impact of isolation 

methods on EV isolates. Here, using atomic force microscopy (AFM) in conjunction with direct 

stochastic optical reconstruction microscopy (dSTORM), micro-fluidic resistive pore sizing (MRPS), and 

multi-angle light scattering (MALS) techniques, we compared the size, structure and unique surface 

properties of breast cancer cell-derived sEVs obtained using different isolation methods. We identify 

novel biophysical properties to benchmark both the biophysical “quantity and quality” of EV isolates that 

largely remain obscured in the ensemble or other characterization techniques. Our findings reveal 

that the quantification of key biophysical parameters within sEV isolates collectively termed ‘EV-nano-

metrics’ provides novel orthogonal markers to precisely quantify the nanoscale effects of isolation 

strategies at the single particle level. The findings hold significant potential implications for EV-

based downstream applications particularly where molecular markers of sEVs are not established 

or not available. 

 

3.3 Materials and Methods 

3.2.1 Cell culture and isolation of EVs: To examine the biophysical characteristics of secreted 

exosomes, we first isolated exosomes from cultured cells that represent different metastatic 

potentials. We chose MCF-7 and MDA-MB-231 cells, two well-established breast cancer cell 

lines.29,30 Also see Supplementary Information for characterization of cells and EVs. MCF-7 cells 

are tumorigenic but non-metastatic and represent the low metastatic potential. MDA-MB-231 cells 

are highly metastatic, with altered adhesion and motility properties. 

 

3.2.2 Small EV (sEV) isolation: The MCF-7 and MDA-MB-231 (ATCC) breast cancer cell lines 

were cultured in Dulbecco’s modified eagles medium (DMEM; Gibco, Thermo Fischer Scientific, 

Carlsbad CA) supplemented with 10% fetal bovine serum (FBS; Atlanta Biologicals), 100U/mL 

penicillin, and 100μg/mL streptomycin, in a 5% CO2 humidified atmosphere at 37°C. Cells were 
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cultured in six 60 mm Petri dishes (Corning, CA) with FBS-originated-exosome-free media (as 

per protocol by Théry; FBS was ultra-centrifuged at 100 000 g for 2 hours at 4ºC, then filtered 

with a 0.22 µm sterile filter). After 48 hours incubation, the media containing sEVs were isolated. 

Total cell count was 2x107 and 24 mL of sEV-containing media was obtained. sEV isolation was 

performed as outlined in Figure 1. Successful sEV isolation was confirmed by electron 

microscopy, immune labeling (CD63, CD81 and CD9), and enrichment of sEV associated 

proteins determined using Mass Spectrometry (Supplemental Information).   

 

 

Figure 1. Protocol used for simultaneous isolation of sEVs from breast cancer cells (MCF7, 
MDA-MB-231) using four different isolation methods (i.e., ultracentrifugation- UC, sucrose density 
ultracentrifugation- UCg, Immune Affinity-IA, and polymeric precipitation-PT). 
 

Ultracentrifugation (UC): As outlined in Fig 1, the sEV-containing media was centrifuged at 

2,000g for 20 min at 4°C to remove cells and other debris. Subsequently, the isolated 

supernatant (supernatant 1) was centrifuged at 10,000g for 30 min at 4°C to remove large EVs 

and supernatant 2 was carefully isolated. To isolate sEVs, supernatant 2 was ultra-centrifuged 

at 100, 000g (type 70 Ti rotor in a Beckman Coulter Optima L-100 XP ultracentrifuge, Beckman 
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Coulter, Inc. USA) for 2 hours at 4°C and supernatant 3 was discarded. The pellet containing 

sEVs was re-suspended in 1 mL PBS, ultra-centrifuged at 100,000g for 1 hour at 4°C, and 

supernatant 4 was discarded. Purified sEVs were re-suspended in 1mL of PBS and stored at 

4°C for subsequent imaging and analysis within < 1 week. 

 

Density gradient ultracentrifugation (UCg): sEV isolation was performed using sucrose cushion 

as described previously.7 Briefly, 0.5 ml 30% sucrose solution in PBS was carefully layered 

beneath 2.5 mL supernatant 2 in an ultracentrifuge tube, and was ultra-centrifuged at 100,000g 

using a type 70 Ti rotor in a Beckman Coulter Optima L-100 XP ultracentrifuge (Beckman Coulter, 

Inc., USA) for 2 hours at 4°C. The top 2.5 mL of solution was discarded, and the 30% sucrose 

bottom layer (0.5 mL) was collected, re-suspended in 3 mL PBS, and the mixture was spun at 

100,000g for 1 hour at 4°C, and the resulting supernatant was discarded. Purified sEVs were 

re-suspended in 1mL of PBS and stored at 4°C (< 1 week).  

 

Immune affinity (IA): Immune affinity (IA): As per previously described techniques,31 magnetic 

immune affinity beads (JSR Life Science, Tokyo, Japan) coated with CD63, CD81 and CD9 

antibodies were used to isolate sEVs from cell culture supernatants. Briefly, the sEV-containing 

media (200 µL) were incubated with 100 µL of capture beads for 60 min at room temperature 

(RT) with gentle shaking. Using magnets, beads were separated from the supernatant and 

washed three times using 0.5mL of wash buffer; beads were gently re-suspended in 50 µL of 

elution buffer, then incubated without mixing for 3 min at RT. Beads were magnetically removed 

and the supernatant was diluted to 1 mL with PBS and then dialyzed against PBS (using Slide-

A-Lyzer Dialysis Cassette, Thermo Fisher Scientific, CA). Isolated sEVs were stored at 4°C and 

analyzed within a week. 
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Precipitation (PT): Commercial reagents for sEV isolation by PEG precipitation—ExoQuick 

(System Biosciences, CA) were used according to the manufacturer guidelines. Briefly, 200 µL 

of MCF7 or MDB-231 sEVs-containing media was combined with 1 mL ExoQuick-TC Solution 

in sterile Eppendorf tubes, mixed by inverting the tube several times, and incubated at 4°C for 

18 hours. The solution was centrifuged at 1,500 g for 30 minutes in an Eppendorf MiniSpin Plus 

(Eppendorf, Germany). The supernatant was discarded, and the pellet was suspended in 1 mL 

PBS and stored at 4°C. 

 

3.2.3 AFM imaging, particle size, and single particle nano-roughness analysis: sEV 

samples were incubated on freshly cleaved mica substrates (TedPella Inc, CA) for 5 min, washed 

with de-ionized water to remove any unbound EVs and air-dried overnight. Samples were imaged 

by Dimension Icon (Bruker Instruments, CA, USA) using the amplitude mode via TESP probes 

(Bruker Instruments, CA, USA) and images were recorded at 1024 samples per line at 1 Hz.  

 

In our study, AFM imaging of isolated sEVs was performed at room temperature (22 ± 1 0C) and 

ambient humidity ranging from 40-45 % relative humidity for all samples studied. Both 

temperature and humidity (with impact on factors such as capillary forces, friction, lubrication) 

play significant role in local-tip sample interactions. While the detailed influencing mechanisms of 

environment conditions such as temperature and humidity, were beyond the scope of these 

current investigations, the use of controlled environmental chamber enclosing the sample and the 

probe should be carefully considered, especially for metrological applications of AFM for EV 

analysis. 

 

Image processing was done using SPIP (Image Metrology, Denmark) software to quantify particle 

diameters and counts using grain analysis function. For sEV yield calculation, images at sizes of 

1 µm x 1 µm and 8 µm x 8 µm at a resolution of 1024 samples per line, at 1 Hz, were used. As 
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per previously described for glioblastoma cell line derived EVs, to evaluate surface nano-

roughness we employed 1 µm x 1 µm AFM topographic images.32 The z (x, y) profiles, exported 

from AFM topographic scans were plane flattened to mitigate the effects of mostly curved nature 

of the nanoparticles. The apical regions (sub-tending typically 10% of the total area) were fitted 

with smooth spherical profiles, using least squares regression to obtain the average radius and 

center location for each nanoparticle (See supplemental information). Subsequently, the radial 

component of the spherical fit was subtracted from the distance between the center of the smooth 

profile and each (x, y, z) surface location. The resulting radial roughness amplitudes (Figure 4) 

were then used to calculate RMS for single sEVs.33 Casein micelles from bovine milk without and 

without protease treatment were used to validate the quantitative nano-roughness analysis of 

single particles using AFM analysis.   

 

3.2.4 dSTORM image acquisition and data analysis: Sample preparation: Isolated sEVs were 

labeled with 0.0025 mM carbocyanine dye (Vybrant DiO, Molecular Probes, OR) in PBS34. 

Samples were incubated over poly-lysine coated glass coverslips at RT for 20 mins and washed 

twice before imaging. The dSTORM35 acquisition was performed in an oxygen-scavenger buffer 

solution (ethanolamine, OxyFluor, and DL-Lactase adjusted to PH 7.5-8.5. A total internal 

reflection fluorescence microscope (Leica GSD SR, IL, US) with a 100× oil-immersion objective 

featuring a numerical aperture of 1.46 was used.34 Lasers 405 nm and 642 nm were used for 

activation and excitation of DiO, respectively. For a single acquisition, 20,000 images of 

32.56×32.56 µm were recorded with a cooled, electron multiplying charge-coupled device 

camera (Leica, IL, US) using 50 ms for exposure time. Calibration experiments were done with 

known size fluorescent beads (20 and 100 nm). EV-free samples [DiO in PBS] used as controls 

indicated no detectable (or <100 times lower) photo-blinking events in the far-red channel, 

suggesting the absence of non-specific fluorescence from the unbound dye. The images were 

recorded using Leica software (LAX Life Sciences).  
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3.2.5 Micro-fluidic Resistive Pulse Sensing (MRPS): For MRPS measurements, the 

supernatants and all solutions were filtered through a 0.2 μm filter (Millipore) prior to use, as per 

the manufacturer’s recommendation. Measurements were performed using an nCS1 machine 

(Spectradyne LLC, Torrance, CA) utilizing single use poly-dimethylsiloxane cartridges (TS-400) 

with pore size ranging from 65-400 nm (as per the manufacturer’s manual). According to the 

manufacturer’s recommendation, about three micro-liters of filtered sEV supernatants were used 

for each measurement and at least five-hundred individual events (particles) were assessed for 

analysis. Each cartridge was calibrated using standard polystyrene beads (100 ± 2 nm in size). 

Data were analyzed via nCS1 Data Analyzer (Spectradyne LLC, Torrance, CA) and employed 

similar user-defined transit time, signal-to-noise ratios and characteristics peak setting across all 

samples analyzed. The particle size and counts were determined using the average of triplicate 

measurements on two independent samples. 

 

3.2.6 Dynamic and multi-angle laser light scattering (MALS) for particle size 

determination: Using Dyna Pro (Wyatt Technologies, Santa Barbara, CA), sixty micro-liters of 

sEV samples were analyzed in triplicates to obtain Rg and absolute nanoparticle concentrations. 

Light scattering measurements were taken continuously at 18 angles between 15° and 151°; the 

captured data were integrated and analyzed using the DYNAMICS software (Wyatt 

Technologies). 

 

 

3.4 Results 

To quantify the nanoscale variations in sEV isolates obtained using different isolation methods 

(Figure 1) and cell types, key biophysical sEV-nano-metrics (namely particle morphology, counts, 



  

49 
 

size distributions, surface roughness) were derived using multiple techniques (as summarized in 

Table 1).  
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Table 1. Biophysical characteristics of sEV particles obtained from breast cancer cells, using different isolation methods 

  AFM dSTORM MALS MRPS 

Isolation 
Method 

Cell line 
Particle 
counts 

Mean ± St dev.  
Particle diameter (nm) 

Average Particle Rms 
Surface Roughness (nm) 

Mean ± Std dev.  
Particle diameter 
(nm) 

Median 
Particle 
diameter (nm) 

Median Particle 
diameter (nm) 

   Pk 1 Pk 2 Mean 
Std 
dev. 

variance Pk 1 Pk 2 Pk 1 Pk 2 Pk 1 Pk 2 

UC 

MDA-
MB-231 

727 69.3 ± 18 - 0.23 0.03 0.001 74 ± 22 - 46.6 - 
< limit of 
detection  

- 

MCF7 724 62.2 ± 6 - 0.26 0.04 0.001 70 ± 16  -     

UCg 

MDA-
MB-231 

174 70.5 ± 18.9 - 0.42 0.01 3.8 X10-4  70 ± 20 - 120.6 - - - 

MCF7 163 71.0 ± 16 - 0.48 0.01 2.2X10-4  76 ± 12 -     

IA 

MDA-
MB-231 

628 82.0 ± 38 140 ± 8 0.71 0.09 0.008 54 ± 12 79 ± 10 99.7 213.4 65 - 

MCF7 505 75.5 ± 22 135 ± 18 0.59 0.04 0.001 48 ± 12 86 ± 8     

PT 

MDA-
MB-231 

1190 88.4 ± 36.4 - 3.5 0.37 0.13 na na 99 210   

MCF7 1515 100.4 ± 73.0 - 2.83 0.55 0.30       
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3.4.1 Comparative AFM based structural characterization of sEV isolates 

First, we visualized sEVs from four different isolation methods (UC, UCg, IA, and PT as outlined 

in Figure 1) from well-established breast cancer cell lines29 (described, as sEVMCF7 and sEVMDA-

MB-231 respectively) at the single-particle level using AFM imaging under ambient conditions. The 

sEVs adsorbed on mica exhibit flat, roundly shaped morphologies. Simultaneously obtained AFM 

height (Figure 2a-h), amplitude (Figure 2a-am), and phase images (Figure 2a-Ph) emphasize 

differences in surface topography, standard deviation of topography, and contrast associated with 

biophysical properties such as elasticity respectively, among the different EV isolates are shown 

in corresponding panels (Figure 2; left to right: i-iii). As illustrated in Figure 2, the overall 

architecture observed in UC, UCg, and IA isolates reveal frequently occurring circular sub-100nm 

particle populations. However, in striking morphological contrast, PT isolates under identical 

imaging conditions showed relatively large and more heterogeneous particles (>100 nm) 

exhibiting irregular morphologies, as shown in representative images (Figure 2a). At this 

magnification, no significant substructures were detected on the EV surfaces (AFM-h, -am), 

however, distinct phase differences (AFM-Ph) observed for PT isolates indicate high likelihood of 

presence of polymeric residues on the nanoscale surface features of sEVs (Figure 2) compared 

to sEVs from other isolation methods (i.e., UC, UCg, IA).   
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Figure 2. AFM based structural characterization of single sEVs obtained from different 
isolation methods. (a) AFM topographic height-h (i) showing 20 nm z range, amplitude-am (ii) 
and phase-Ph (iii) images for sEVs using UC, UCg, IA and PT isolations are shown from top to 
bottom respectively. AFM images exhibit least, and highest particle counts per micron square for 
UCg and PT isolation methods respectively. (b) Particle size distribution histograms with 
Gaussian fits obtained from AFM topography images. While minimal variance in particle size 
distributions was observed for UCg and largest variations for PT isolates, IA shows two distinct 
particle size populations, consistent among both cell types (MCF7 and MDA-MB-231), that were 
found to be significant based on two-way ANOVA (*p < 0.05).  
 

Further, we determined AFM topography-based particle size (Figure 2b) and counts, i.e., the 

number of particles imaged per square micron, in various sEV isolates (summarized in Table 1). 

Particles displaying a minimum threshold topographic height (>1nm), circularity with aspect ratio 

< 0.5, and a characteristic phase shift under amplitude-modulated AFM, were measured to 

minimize the influence of any soluble proteins or lipoprotein aggregates. Higher particle counts 

were noted for MDA-MB-231 compared to MCF7 cell-derived sEVs across three independent 

isolation techniques (UCg, UC, and IA). In addition to overall higher counts as described using 
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different techniques,5 and consistent with excess sEVs known to be shed by metastatic cancer 

cells, AFM particle analysis further resolved the distinct modalities of the size distributions among 

the four isolation methods. The UC and UCg methods exhibited unimodal distributions but minimal 

particle size variance, suggesting more homogeneously sized particle populations. The PT 

method exhibited unimodal but broader, heterogeneously size distributions. In contrast, the IA 

method exhibited more complex bimodal distributions showing two distinctly sized particle 

populations. These findings were consistent among sEVs derived from both cell types (i.e., 

sEVMCF7 and sEVMDA-MB-231) analyzed in three independent experiments. For each experimental 

run, cell culture supernatants from ~10^6 cells were split and processed in parallel for the four 

sEV isolation methods probed (Figure 1).  

 

3.4.2 Particulate to the non-particulate ratio in sEV isolates  

Second, we employ enhanced resolution AFM imaging as a means to structurally fingerprint and 

differentiate the sEV isolate components among the various isolates. Most nanoparticle sizing 

techniques extrapolate particle sizes assuming the spherical shape of the particles within sEV 

isolates, in addition to an inherent lack of sensitivity to detect additional non-vesicular structures 

that frequently exist on or associated with sEVs.36 Here, from a structural standpoint, we used the 

high-resolution, label-free imaging analysis to biophysically characterize sEV isolates regardless 

of form and size. Not surprisingly, a systematic survey of sub-nanometer-resolution AFM images 

of sEVs obtained from different isolation methods revealed the co-existence of nano-sized 

particles, alongside additional varying filamentous structures albeit at varying abundance based 

on the isolation methods employed. A few such examples are illustrated in Figure 3a. Relative 

ratios of particles (ranging from 10-1000nm in size) and filamentous components detected in 

different sEV isolates are quantified in Figure 3b. The presence of relatively small but 

reproducible (experimental triplicates) populations of filaments and large (<500 nm in size) 

vesicles in UC, and IA sEV isolates for both cell types were noted, which were minimal in case of 
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UCg isolates. In contrast, PT isolates frequently showed large aggregates for both cell types that 

obscured further structural distinction of constituents within the complexes. The origins or 

functional relevance of identified co-isolates need to be further investigated. Nevertheless, high-

resolution structural determination and quantification of non-vesicle components enabled 

orthogonal pre-analytical purity assessment criteria for sEV isolates, irrespective of the 

heterogeneous size, structure, or need for molecular labels.  

 

 

Figure 3.  Higher resolution structural analysis of sEV isolates obtained from different 
isolation methods show the presence of other particles, non-particles and filaments 
(together called EV co-isolates), at varying abundances. (a) Higher resolution AFM images of 
sEV isolates reveals majority of round circular sEV particles but also structurally diverse sEV co-
isolates illustrated in (i-v). Examples of nanoscale filamentous extensions and larger (>200nm) 
particles are shown (b) Relative abundances of sEV co-isolates from breast cancer cells varied 
among different isolation methods.    
 

3.4.3 Surface nano-roughness of sEV isolates  

Another striking yet underutilized biophysical feature of sEVs is their surface topography. Owing 

to the relatively large surface to volume ratios with key bio-interfacial roles, surface interactions 

of sEVs affect different biological and analytical processes.37 Expanding on our previous 

findings,31 we evaluated the topographic root-mean-square (RMS) nano-roughness of individual 

sEVs, representing the standard deviation of the height profile belonging to the surface asperities 
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(Figure 4). Our data demonstrate substantial isolation-method dependent variations in RMS 

nano-roughness of sEVs in breast cancer cells. The RMS nano-roughness of sEVs decreased in 

the order from PT> IA> UCg> UC isolates for both sEVMCF7 and sEVMDA-MB-231 (Figure 4; Table 1). 

Among these, the highest average roughness values of 3.1 nm and 2.9 nm were observed for PT 

isolated EVMCF7 and EVMDA-MB-231 respectively. Taken together, the sub-nm resolution mapping of 

the three-dimensional surface topology of individual sEVs offered a novel metrics to quantify the 

isolation-method influenced surface complexity of single sEVs with potential implications for 

biological and analytical behaviors of sEVs that primarily elude typical approaches confined to 

sEV particle size distribution analysis. 

 

 

Figure 4. Isolation method influences nanoscale surface topography of sEV isolates. The 
impact of EV isolation methods on the surface topography of single sEVs was quantified as RMS 
roughness obtained from AFM topographic images (a) Assessment of RMS roughness of different 
isolates reveal greatest surface undulations in PT derived sEVs for both MCF7 and MDA-MB-231 
cells (b) Representative roughness cross-sectional profiles illustrate variations in surface 
roughness of different sEVs. Over thirty single sEVs were analyzed for each cell type and isolation 
method under identical imaging conditions, resolution of topographic images obtained, using 
identical imaging probes. 
 

 

3.4.4 Comparative optical, light scattering, and microfluidics-based resistive pulse sensing 

particle size measurements of sEV isolates  
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The localization super-resolution microscopy techniques now enable the resolution of light 

microscopy down to a few tens of nanometers- a scale closer to the typical lateral resolution of 

AFM when imaging sEVs. This provides an opportunity to contrast the impact of isolation methods 

on sEVs between scanning probe and optical detection techniques. Therefore, we exploited the 

resolution capabilities of direct stochastic optical reconstruction microscopy (dSTORM) imaging,38 

to further assess particle size distributions from all four sEV isolation methods and two cell lines 

studied. A representative reconstructed dSTORM image showing individual lipid labeled sEV 

nanoparticles is shown in Figure 5. The measured particle sizes (mean ± Std.dev) for sEVs are 

reported in Table 1. Overall, the UC and UCg isolation methods displayed unimodal Gaussian 

distributions for both sEVMCF7 and sEVMDA-MB-231 (Figure 5b). In contrast, the IA method showed 

bimodal size distributions for both the cell types measured i.e., sEVMCF7 and sEVMDA-MB-231, 

respectively indicating the presence of two major sub-populations distinctly differing in particle 

sizes. Thus, the distinct EV subpopulations in case of IA method were independently noted from 

both AFM and dSTORM particle size distribution analyses. However, the bimodal particle size 

distributions were undetectable when probed using intensity-weighted light scattering MALS 

(Figure 6a) analysis run in parallel on similar samples, despite considerable shifts observed in 

particle distributions towards larger particle sizes (>200nm). We further assessed nanoparticle-

sensing technologies based on resistance measurements, in an attempt to better resolve size 

distributions via particle-by-particle readouts, particularly in case of IA method derived sEV 

isolates, while requiring a lower sample concentration (~107 particles/mL) and smaller sample 

volume (~40 μL). To assess diverse sEV populations independent of light scatter measurements, 

we probed IA sEV isolates (EVMCF7; and EVMDA-MB-231) using MRPS39 (Figure 6b). The MRPS 

based particle concentrations, which correspond to the density of particles per mL of solution per 

nm of particle diameter (particles/mL*nm) are displayed in Figure 6b. The IA method exhibited 

four times higher particle counts in MDA-MB-231 compared to MCF7 sEV isolates. Very few 

particles were detected in UC isolates (shown in green curve in Fig. 6b). The higher number of 
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particles noted in IA isolated sEVMCF7 compared to sEVMDA-MB-231 concurred with both AFM and 

dSTORM analysis. However, only a single peak particle size ~65 nm was observed on repeat 

MRPS analysis. Together, the multitude of particle size distribution findings on parallel EV isolates 

demonstrate that single particle AFM and dSTORM approaches enable better resolution and 

quantification of sEVs than MALS or MRPS alone, and to determine heterogeneity that 

presumably represent sEV sub-populations or other co-isolates.  

 

 

Figure 5. The dSTORM based particle size characterization of single sEVs obtained from 
different isolation methods. (a) Representative super-resolution dSTORM reconstructed image 
showing individual lipid labeled sEVs. (i) The full-width half-maximum (FWHM) of the fluorescence 
intensity distribution ~20nm obtained for dSTORM imaging, ~10 times better resolution compared 
to conventional fluorescence imaging (ii) Zoom-in and inset view showing two well-resolved sEVs, 
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~100nm in size. (b) Histograms showing the size distributions of particles with Gaussian fits 
obtained for various isolation methods and breast cancer cell types. *direct stochastic optical 
reconstruction microscopy. 
 

 

Figure 6. Comparative particle size characterization of breast cancer cell sEVs isolates 
from different isolation methods via (a) MALS based root-mean square radius (Rg) analysis 
showing averaged results from duplicate runs of each sample (b) Microfluidic resistive pulse 
sensing (MRPS) showed clear differences between particle concentrations and size distributions 
among MCF7 and MDA-MB-231 sEVs isolated using IA method within the 50-300nm size range.  
 

3.5 Discussion 

Isolation methods impact the biophysical characteristics of sEV isolates at the nanoscale level 

but elude detection when sEV isolates are assessed based on the particle counts and size 

distributions alone. Previous studies from our group and others demonstrated the applicability of 

correlative AFM, EM, and single-molecule force spectroscopy techniques as valuable tools for 

single sEV biophysical characterization.28,32,40–42 Additionally, AFM based nanoscale imaging has 

been successfully applied to improve quantitative understanding of the impact of isolation 

methods on surface topographies of sEVs31,43 with significant implications for downstream 

proteomic or transcriptomic assays.8,44–46 When employing AFM based single particle analysis, 

the influence of key factors such as AFM imaging mode, magnitudes of imaging forces applied, 
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and the choice of probes and substrates need to be carefully examined.31,47–51 In this paper, we 

have conducted a systematic multi-dimensional comparative analysis (between cell types and 

isolation methods) of in vitro cancer cell-derived sEVs isolates using breast cancer cell models. 

Direct, high-resolution sEV surface features, quantification of sEV co-isolates, and particle size 

distributions using multiple sizing techniques were employed to improve our current 

understanding of nanoscale variations in single sEVs. In contrast to the biological fingerprint of 

sEVs, we focused on label-free biophysical fingerprinting of sEVs to evaluate the impact of 

isolation methods at the single-particle level.  

 

Our study introduced nanoscale biophysical characteristics of label-free sEV isolates that differ 

among four main isolation methods. First, we show variable particle counts and sizes detected 

among different sEV isolation methods and cell types. The AFM based particle counts reduced 

from IA>UC>UCg for both sEVMCF7 and sEVMDA-MB-231 (Table 1). The highest particle counts were 

detected among PT isolates. However, when probed individually (Figure 2) the large (>150-200 

nm in diameter) irregular structures and presence of polymeric residues observed via AFM 

imaging in these sEV isolates reflect the limitations and uncertainties associated with the quality 

of sEVs in the absence of direct structural mapping. More interestingly, the sEV isolates showed 

unimodal particle size distribution probabilities, except in the case of IA where the bimodal 

distributions of sEVMCF7 and sEVMDA-MB-231 were determined. The AFM-based bimodal distributions 

of IA derived sEVMCF7 and sEVMDA-MB-231 were found to be strikingly coherent with findings from the 

dSTORM particle size determinations, showing reproducible bimodal distributions among the sEV 

isolates. While MRPS noted about four-folds higher particle counts for sEVMDA-MB-231 for IA isolates, 

the two size populations were not distinguished either via MALS or MRPS based analysis (Figure 

6). While AFM mapped the surfaces of sEV isolates, dSTORM provided complementary 

information via lipid labeling to reveal particle sizes. The structural mapping of single sEVs thus 

provides a mechanism to de-convolute isolation method dependent sEV yields (quantity) that may 
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be associated but not necessarily synonymous with greater isolation efficiency (quality).  

 

Second, as a label-free approach, AFM based structural fingerprinting allowed differentiating the 

sEV isolate components (few nanometers-1000nm) among the various isolation methods studied. 

We envision that coupling of high-speed AFM-correlative dSTORM imaging of sEV isolates with 

machine learning algorithms52 for multi-parametric data analysis, such as simultaneous sub-

nanometer resolution structural mapping of single sEVs while spatially locating the fluorescently 

labeled molecules, offers exciting new directions in EV metrology.  

 

Further, we illustrate the applicability of RMS roughness to the repertoire of single sEV biophysical 

characteristics to provide enhanced inter-methods comparisons of the residual impurities or co-

isolates. The sub-nm resolution of z-height measurements in AFM enabled quantitative analysis 

of surface undulations, separate from the overall particle shapes or sizes. Topographic nano-

surface roughness of single sEVs revealed significantly higher surface undulations in IA, and UCg 

isolates compared to UC. The RMS nano-roughness of sEVs decreased in the order from PT> 

IA> UCg> UC isolates for both sEVMCF7 and sEVMDA-MB-231 (Figure 4; Table 1). The greater than 

average roughness values of 3.1 nm and 2.9 nm observed for PT isolated sEVMCF7 and sEVMDA-

MB-231 respectively compared to other methods, together with the visualization of aggregates in 

high-resolution images, strongly suggest that PT isolation results in localization of residual 

polymeric matrix on sEV surface43. Nonetheless, our findings demonstrate the usefulness of 

orthogonal particle shape/size independent sEV RMS roughness that may be particularly suitable 

for higher stringency assessment of sEVs isolated from various isolation methods. It is important 

to note that sEV surfaces are associated with numerous complexes interactions with proteins and 

other molecules within the dynamic environment (e.g., medium pH, ionic strength or biofluids). 

The quantitative determination of sEV surface characteristics such as RMS roughness may thus 
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be vital for downstream applications of sEVs including as biomarkers, for functional assays or as 

therapeutics.   

 

3.6 Conclusions 

In summary, the rigorous biophysical characterization of sEVs is a crucial step for their use in 

diagnostic and clinical medicine. Our work highlights the limitations of comparing sEV isolates 

based primarily on particle counts and size distributions. Further, we show that correlative and 

spatially mapped particle metrics (topography, RMS roughness, particle ratios) add unique 

dimensions for more rigorous and reproducible biophysical characterization of sEVs, overcoming 

the limitations of conventional particle sizing approaches. The introduction of nanoscale structural 

characteristics of EV isolates represents a label-free, orthogonal framework to resolve differences 

in the heterogeneity and purity of sEVs from different cell types and isolation techniques. To the 

best of our knowledge, this is the first report on correlative scanning probe, optical super-

resolution imaging in conjunction with commercial single particle counters to assess the 

nanoscale impact of sEV isolation methods. These results promise enhanced opportunities for 

quantitatively evaluating the biophysical quality and purity of sEV isolates that are urgently needed 

for more reliable sEV based research and clinical utility.  

 

3.7 Supporting Information 

3.7.1 Structural and biomolecular characterization of small EV isolates:  

The following key measures were undertaken to minimize hitchhiker contaminations, from 

interfering with the analysis of EV isolation and characterizations in our study.   

1. A prerequisite for any EV-related study is the use of contamination-free cells. Mycoplasma 

or other microbes can also release vesicles interfering with the purity and characterization 

of EVs. We employed rigorous testing of any contamination of the cells, cell culture media, 

other reagents, or chemicals. Cell cultures (ATCC) were regularly tested and found 
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negative for mycoplasma contamination using the culture medium (Mycoplasma broth, 

Millipore Sigma) and microscopic analysis. 

2. In case of cell culture derived sEVs, of major importance are medium components, which 

are highly enriched in proteins and contain EVs, such as fetal bovine serum (FBS). Taking 

into account that sEVs present in FBS that reportedly co-isolate with cultured cells, we used 

EV depleted media. The EV-free media was also evaluated microscopically to validate the 

depletion of EV sized particles. Further, since a full depletion of EVs may not be possible, 

as per the recommendations of the ISEV guidelines (Thery et al. JEV 2018), we used fresh 

media not cultured with cells and a blank buffer as controls. Based on MALS and AFM 

particle sizing, no particulate materials within the size range of sEVS were detectable in 

these controls.  

3. Consistent cell seeding protocols and cell viability tests were used across multiple EV 

isolation runs to ensure the reproducibility and quality of the isolated sEVs. All chemicals, 

buffers and other reagents used were molecular grades. 
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1535750. https://doi.org/10.1080/20013078.2018.1535750. 

2. Kornilov, R. et al., Efficient ultrafiltration-based protocol to deplete extracellular vesicles 
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The sEV samples were vitrified to preserve the native structure of the samples. Freshly prepared 

samples were plunge frozen in liquid propane using a Vitrobot (FEI). Cryo-EM was performed on 

TF20 High-Resolution CryoEM (FEI). The tetraspanin assay, utilizing common sEV surface 

marker antibodies immobilized on substrates- CD81, CD63 and CD9 was used to confirm the 

isolation of sEVs obtained from breast cancer cells.  

 

Figure S1. Complementary sEV characterization. (a) The cryo-EM reveals lipid bilayer 
membrane enclosed vesicle structure of isolated sEVs (b) Graph shows particle counts (sEVs) 
bound via various validated capture antibodies using ExoView technology (NanoView 
Biosciences). Error bars show standard deviations of mean particle counts.   

3.7.2. Mass Spectrometry Proteomic Analysis of sEV isolates  

We employed a shotgun proteomics workflow in which isolated sEVs were lysed, digested by 

sequential addition of lys-C and trypsin proteases, fractionated online using reversed phase 

chromatography and analyzed by tandem MS on a Thermofisher Fusion Lumos mass 

spectrometer. Data analysis was conducted using an in-house Galaxy-based bioinformatics 

pipeline utilizing MS-GF+, percolator, and Fido for database searching and filtering (<1% FDR at 

both peptide and protein levels using decoy database approach). Our sEV isolates were highly-

enriched for EV proteins (i.e. 203 proteins annotated with the GO term “extracellular exosome” 

corresponding to an enrichment p-value of 2.8E-89) as well as membrane proteins (i.e. 104 

proteins annotated with GO term “membrane” corresponding to an enrichment p-value of 1.7E-

33).  
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Figure S2. The breast cancer cell culture derived sEV isolates showed enrichment of sEV 
and cancer proteins in Mass Spectrometric analysis.  
 

3.7.3: dSTORM single-particle averaging  

The spatial alignment and averaging of localization data from measurements of multiple 

structurally identical particles permitted a dataset to be obtained with much increased signal-to-

noise ratio. Particle averaging analysis was applied to super-resolution image analysis. 

Reconstruction and data processing of recorded sEV images was performed using Fiji and 

QuickPALM software. The dSTORM images were reconstructed with a pixel size of 10 nm. 

Output text files containing a list of the x and y coordinates and the precision of all detected 

molecules in the time-series, were used to further assess variations in the average particle sizes 

between sEV samples. To increase the efficiency and accuracy of our dSTORM analysis, we 

performed a quality check to discard all signals not corresponding to individual nanoparticles. We 

excluded very small objects (likely single fluorescent or soluble lipid molecules) and very big 

objects (likely aggregates of multiple nanoparticles), and high aspect ratio objects (e.g., dimers of 

nanoparticles, microvesicles). 

Additional References: 
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1. Sigal, Y. M., Zhou, R. & Zhuang, X. Visualizing and discovering cellular structures with 

super-resolution microscopy. Science 361, 880–887 (2018). 

2. Henriques, R. et al. QuickPALM: 3D real-time photoactivation nanoscopy image 

processing in ImageJ. Nature Methods 7, 339–340 (2010). 

 

3.7.4: STED imaging  

A Leica TCS SP5 STED confocal system (Leica Microsystems, Wetzlar, Germany), equipped 

with a 640-nm pulsed diode laser (PicoQuant, Berlin, Germany) was used for excitation 

combined with a pulsed ultrafast Ti:sapphire infrared laser (Mai Tai Broadband; Spectra-

Physics, Santa Clara, California), fully tunable from 710 nm to 990 nm. The sEVs were fixed 

and CD63 stained with Abberior STAR 635 anti- CD63 (Abberior® Dyes | Sigma-Aldrich). 

Images were filtered and flattened using SPIP 5.8 Image Metrology, Horsholm, Denmark. STED 

imaging was used as a comparative technique in parallel to the dSTORM analysis.    

 
 

 
Figure S3. The dSTORM measurements on sEV isolates were validated using STED 
imaging in parallel. (a) STED imaging of sEV isolates (b) Representative line profile indicating 
the resolution of STED imaging enabling the resolution of single particles in sEV isolates. 
 
 



  

66 
 

3.7.5: Biophysical characteristics of sEV particles obtained from MCF-10A breast cancer 

cells 

Compared to MCF-7 and MDA-MB-231 small EVs, the measured size for MCF-10A derived sEVs 

were larger, and roughly two-folds less abundant based on AFM and MALS data (Table S1).  

 
Table S1. Biophysical characteristics of sEV particles obtained from MCF-10A breast 

cancer cells.  

  AFM MALS 

Isolation 
Method 

Cell line Particle counts 
Mean ± St dev.  
Particle diameter (nm) 

Median 
Particle diameter (nm) 

UC MCF-10A 325 80.0 ± 8.3 78.0 

UCg MCF-10A 180 77.0 ± 1.6 74.2 

 
 

 

 

 

 

3.7.6: AFM topographic scans show differences in residual particulates among blank 

controls from polymeric (PT) solution and immune-affinity (IA) beads method.   
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Figure S4. Differences in residual in residual particulates among blank controls from 
polymeric (PT) solution and immune-affinity (IA) beads sEV isolation methods.   
 
3.7.7: Roughness profiles of single EVs   
 

 
Figure S5. AFM based roughness analysis of single sEVs (a) AFM topographic image of 
single sEV and (b) cross section profiles. A quantitative surface roughness (green line) analysis 
of EVs involves subtracting the surface topography from the spherical fit. (c) A two-dimensional 
schematic illustration of a non- linear least squares fit of an AFM EV particle topography to a 
spherical shape showing radius of the sphere fit (R2), the apex, and radius of the particle (R1) at 
z=0, after reduction of the substrate background roughness.  
 
Additional References: 

1. Woo, J.; Sharma, S.; Gimzewski, J. The Role of Isolation Methods on a Nanoscale Surface 

Structure and Its Effect on the Size of Exosomes. J Circ Biomark 2016, 5. 

https://doi.org/10.5772/64148. 

2. Hsu, C.-P.; Ramakrishna, S. N.; Zanini, M.; Spencer, N. D.; Isa, L. Roughness-Dependent 

Tribology Effects on Discontinuous Shear Thickening. PNAS 2018, 115 (20), 5117–5122. 

https://doi.org/10.1073/pnas.1801066115. 
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Chapter 4. A Review of the Biomechanical Properties of Single 

Extracellular Vesicles 
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4.1 Abstract 

Extracellular vesicles (EVs) are a unique, heterogeneous class of biological nanoparticles 

secreted by most cells. As potential a class of novel diagnostics and therapeutics, the physio-

chemical characterization as well as the biomolecular composition of EVs are widely investigated. 

However, there is emerging evidence suggesting that biomechanical analysis of lipid-bilayer 

membrane-bound single EVs may provide key insights into their biological structure, biomarker 

functions, and potential therapeutic functions. In this review, we focus on the unique 

biomechanical properties of single EVs such as elasticity, stiffness, and deformability. We 

compare common indentation models used in atomic force microscopy (AFM)-based 

biomechanical analysis of EVs, as well as the benefits and drawbacks of each model 

encompassing the heterogeneous EV sub-populations—mainly the small EVs (or exosomes). 

Next, we discuss high-throughput approaches to determine the biomechanical landscape of EVs 

that may overcome some of the challenges associated with the accurate determination of particle 

sizes and particle-by-particle indentations. Finally, we highlight exciting new opportunities for EV 

biomechanical fingerprinting emanating from machine learning capabilities. In particular, we 

propose multi-parametric AFM structure-mechanical analysis to further advance label-free, 

orthogonal biophysical understanding of EVs beyond biomolecular or particle size analysis, with 

significant implications for research and clinical use. 

 

4.2 Introduction: The diverse extracellular vesicle (EV) landscape  

Extracellular vesicles (EVs) are biologically-produced nanoparticles comprised of a lipid bilayer 

membrane surrounding internal DNA, RNA, protein, and lipid cargo.1,2 These nanovesicles are 

known to participate in long-range intracellular communication—though the specific mechanisms 

underlying this long-range communication are still under investigation.3 EVs have been implicated 

in the propagation of diseases such as cancer,4–6 HIV,7,8 and Alzheimer’s;9 and are known to carry 

molecular signatures linked to their parent cells.3 EVs are readily available from biofluids (e.g. 
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urine,10 blood,11 saliva,12,13 cerebrospinal fluid,14 amniotic fluid15) that makes liquid biopsy an 

attractive option for EV-based diagnostics.1 Therapeutically, EVs are attractive potential drug 

delivery agents due to the ease of uptake by target cells and their ability to pass the blood-brain 

barrier.16 Mesenchymal stem cell (MSC)-derived EVs show therapeutic benefits for cardiovascular 

disease in multiple studies.17 Clinical trials are also underway to investigate the anti-inflammatory 

therapeutic effects of EVs in alleviating acute respiratory distress syndrome (ARDS) in patients 

with SARS-CoV-2.18–20 To date over 4400 published research articles have been reported on EVs. 

The global EV-based diagnostics and therapeutics market is projected to reach USD 264 million 

by 2024. Despite the exponential rise in biomedical potential, one of the main obstacles currently 

hampering the utility of EVs for functional and clinical studies is the lack of well-characterized 

EVs. 

 

EVs have heterogeneous subpopulations, as displayed in Figure 1. EVs vary in size, interior 

cargo, lamellarity, biogenesis, and more.1,21–23 The small EVs such as exosomes are lipid bilayer 

membrane particles with subpopulations varying in size from roughly 40-160 nm.1 Larger EVs 

include micron-size range particles such as the multivesicular bodies,24,25 microvesicles,26 

apoptotic bodies,27 migrasomes,28,29 exophers,30 and the large oncosomes (up to 10 µm in size).31–

33 The discovery of exomeres, a sub-50 nm non-membranous nanoparticle population with distinct 

molecular cargo further augments the complex and heterogeneous extracellular vesicle 

landscape.34  

 

 



  

76 
 

 

Figure 1. The structural landscape of extracellular particles: EVs and other particles released 
from a typical mammalian cell vary in size, content, and biomolecular composition. While several 
populations may overlap in size (and content), typically, exomeres are the smallest sized (~35nm) 
particle populations and are non-membranous particles, i.e., known to be devoid of lipid-bilayer 
membranes. Exosomes, 30-120 nm particles, possess a lipid bilayer membrane enclosing the 
protein, DNA, RNA, and lipid cargo. Exosomes are produced through endosomal pathways 
involving the formation of multivesicular bodies that fuse with the plasma membrane. The 
multivesicular bodies (~100-600 nm) are bilayer membrane-bound particles containing smaller 
exosomes and other EVs inside. Microvesicles bud (mostly < 1 µm) directly from the plasma 
membrane. Cancer cells also secrete large oncosomes (1-10 µm) containing oncogenic material. 
In addition, the apoptotic bodies (1-5 µm) are membranous particles containing discarded cellular 
components and may carry large cellular organelles including nuclear fragments. Migrasomes (up 
to 3 µm in size) have also been reported that form as large vesicle-like structures on retraction 
fibres of migrating cells. Exophers (~ 4 µm) contain protein aggregates and organelles are known 
to be released by neurons in C. elegans.  
 

To quantify and structurally probe this diverse landscape of various EV sub-populations, several 

characterization techniques have been applied.35–37 Structurally, though the sub-200 nm diameter 
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of most EVs precludes the use of many optical microscopies to image EVs and necessitates the 

use of nanoscale methods such as electron microscopy (EM), direct stochastic optical 

reconstruction microscopy,38 and atomic force microscopy (AFM) to successfully image EVs at 

the single vesicle level.2,37 So far, little research has focused on quantifying the biophysical 

characteristics of single EVs beyond size, counts, and biomolecular composition assessments. In 

particular, the analysis of mechanical properties of individual EVs further provides key label-free 

insights into the biophysical variations among EV sub-populations, and ultimately their biological 

role39 and potential biomarker functions.13,40 This review seeks to explore the current state of the 

art in biomechanical characterization techniques applied to EVs, and the role of label-free, multi-

parametric, structural-mechanical properties for advancing EV-based diagnostics and 

therapeutics. In this review, we primarily focus on lipid bilayer membrane-limited small EVs such 

as exosomes, which constitute the most commonly studied EV sub-populations to date.  

 

4.3 Beyond Size: The Relevance of EV Mechanical Properties  

Mechanical properties refer to the mechanical characteristics of materials (synthetic or biological 

such as tissues, cells, or sub-cellular EVs) under different environments and various external 

loads. Different materials exhibit different mechanical properties. Within the biological milieu, the 

mechanical properties of nanoparticles (synthetic or natural) affect their uptake by cells, life in 

circulation, tissue targeting, and release of biomolecules.41,42 Likewise, in its lifetime, a biological 

nanoparticle such as an EV can be exposed to multiple mechanical forces including but not limited 

to their intercellular and extracellular transport, internalization and externalization by cells, and 

adhesion to surfaces.39,43–46 These various stresses will deform the EV, and the extent of 

deformation will be affected by the unique EV’s mechanical properties. However, before delving 

into the determination of the mechanical properties of EVs, we first briefly describe the main 

mechanical characteristics when considering the mechanical properties of EVs (as well as 

liposomes and other similarly sized nanovesicles) such as mechanical stiffness, elasticity, and 
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other closely related properties that are most relevant. These properties are summarized in Table 

1 and described below. 
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Table 1. Summary of the key mechanical properties related to unique EVs mechanical characteristics. 

Property Symbol Units Definition Features References 

Mechanical 

Stiffness 
K N m-1 

• The resistance to deformation 

caused by an applied force 

• Extrinsic property 

• Dependent on EV geometry 

• Obtained from linear fit on force-

indentation curve 

59 

Young’s 

Modulus 
E 

Pa 

[N m-2] 

• A measure of the relationship of 

stress and strain in the linear 

elasticity region of deformation 

along a single axis 

• Intrinsic property 

• Independent of EV geometry 

• Extracted from force-distance 

curves using Hertz model, Thin 

Shell Model 

59,78 

Bending 

Modulus 
𝜅 

J 

[N·m] 

• Tendency of an object to oppose 

bending 

• Energy required to deform 

bilayer from its intrinsic curvature 

to a different curvature 

• Intrinsic property 

• Independent of EV geometry 

• Extracted from force-distance 

curves using Thin Shell Model or 

Canham-Helfrich Theory 

• For vesicles, often expressed in kBT 

65,78  
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Broadly, elasticity is the ability of a material to return to its original state after exposure to stress. 

An elastic structure will return to its original state, while a plastic structure will be permanently 

deformed. Elastic behavior has been observed in EVs and liposomes—this is an important 

characteristic, as the mechanical stability provided by elasticity will prevent irreversible changes 

due to forces encountered in a vesicle’s lifespan.40,47,48 In contrast, mechanical stiffness, K, 

describes the linear resistance of an elastic body such as an EV to deformation by an applied 

force F for a displacement or indentation 𝛿, with units N m-1, as shown in Equation 1: 

𝐾 =
𝐹

𝛿
                                                                    (1) 

Notably, the mechanical stiffness is not solely dependent on the inherent properties of an EV. 

Instead, both the size and geometry determine the stiffness of an EV. Furthermore, the elasticity 

of a material may be described by several moduli (expressed as Pa or N m-2) such as the bulk 

modulus, shear modulus, and Young’s Modulus (E). Of these moduli, Young’s Modulus is the 

most relevant of the elastic moduli and describes the response of a material to a force applied 

along a single axis (such as compression via an AFM tip). Additionally, while not an elastic 

modulus, bending modulus or bending rigidity (𝜅) describes an EV’s opposition to bending and is 

expressed in J (N·m). The bending modulus is the energy required to deform a membrane from 

its intrinsic curvature to a different curvature, and is often expressed in units of kBT.  

 

Given the complexity and heterogeneity of cell-secreted EVs, none of these discussed 

mechanical properties may adequately capture the complex mechanical behavior of EVs, an 

emerging concept is the inherent variations in mechanical properties of EVs.49 Yet, assessing 

these mechanical properties at the single vesicle level, through a combination of stiffness, 

Young’s Modulus, and bending modulus while considering variations in size and structure of EV 

sub-populations is advantageous, and promises novel, orthogonal, label-free insights into the EV 

subpopulations, and potential new avenues of physiological and clinical use of EVs.38,39,50 With 
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regards to techniques available for mechanical analysis of single cells,  AFM, micropipette 

aspiration,51 and several microfluidic approaches52 have been widely adopted.  While micropipette 

aspiration and deformability assessment techniques relying on optical imaging of shape 

fluctuations have been developed for micron-sized cells and large vesicles, these methods are 

less suitable for nanometer-sized vesicles such as EVs.53,54 Electrodeformability techniques have 

been applied to measure the deformation of giant vesicles and now extend to smaller EVs using 

nanopores.53 

 

4.4 Measurement of Mechanical Properties at the Nanoscale: Atomic Force Microscopy 

 
4.4.1 EV imaging  

The AFM, in particular, has become a favored method for imaging of soft biological nanoparticles 

such as EVs derived from cells39,49,55 and various body fluids such as saliva,13 blood plasma,56 

and serum,57 enabling nanometer-level spatial resolution and piconewton force sensitivity.58 

Several AFM imaging modes have been applied to resolve the structure, mechanics, and 

biomolecular features of EVs.2,59 Typically, first the isolated EVs are adhered to a relatively flat 

surface using physical adsorption, electrostatic interactions, chemical bonds, hydrophobic 

interactions, or other methods of adhesion. Imaging can be done under air40 or fluidic buffer 

conditions48 where the spherical shape of the EV is better preserved.60 A molecularly sharp tip is 

raster-scanned over the EV-covered surface, and tip height is adjusted to contour surface features 

according to instrument feedback.2,59 By recording tip height and tip deflection, topographical and 

mechanical information about the surface is obtained. Topographical information obtained from 

an AFM image allows the visualization of individual EV size and geometry.13 AFM has been 

recommended by the International Society for Extracellular Vesicles (alongside EM) as a method 

for characterization of individual vesicles from a mixture (obtained from biofluid or cell 

supernatant) to indicate the heterogeneity of an EV sample based on these variations in size.23  
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Figure 2. An AFM tip indents an EV, and a force-distance curve is recorded. a) In 
suspension, EVs are spherically shaped. When the EV adheres to a relatively flat substrate, it 
adopts a hemispherical shape, with height h, before it is indented by the AFM tip. b) The AFM tip 
indents the EV and deforms the lipid bilayer membrane. The indentation depth, δ, is calculated 
as the difference between the vesicle’s original height and its new height. c) A force-distance 
curve is taken on the EV surface. Initially, the AFM tip is distant from the EV surface and there is 
no interaction between the AFM tip and the EV. The AFM tip approaches the EV, indents the 
surface to a preset maximum force, then retracts to its original position away from the EV. From 
a force-distance curve, quantities such as Young’s Modulus (obtained by fitting an indentation 
model to the approach curve, highlighted with an orange bar), dissipation (the area between the 
approach and the retract curve, shaded in yellow), adhesion (the force between the baseline and 
the lowest point on the retract curve, marked with a double-headed arrow), and deformation (the 
depth of indentation into the sample from the approach curve, marked with a horizontal double-
headed arrow) can be extracted. The direction of the approach is marked with a dashed red arrow, 
and the direction of the retract is marked with a dashed blue arrow. The approach features a 
baseline at zero force where the tip has not interacted with the sample yet, marked with a black 
dotted line. 
 

4.4.2 EV mechanics  

AFM provides unique mechanical information due to its physical contact with the sample. The 

mechanical information is primarily obtained either using AFM-based force spectroscopy or the 

PeakForce tapping mode (and other related modes such as Quantitative Imaging).61,62 These 

modes extract a force-distance curve linked to a position on the EV surface, which plots the force 

exerted on the EV by the AFM tip as the tip indents the EV. A typical force-distance curve is 

comprised of an approach curve recorded as the tip indents the sample from a baseline of zero 

force, and a retract curve recorded as the tip pulls away from the sample and returns to its original 
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position. Ideally, initially when the AFM tip is far from the sample surface, as the AFM tip 

approaches the surface the force between tip and surface is zero. But various environmental 

factors may cause thermal or mechanical drifts resulting in a non-zero force baseline. A non-zero 

force baseline is corrected by applying linear regression to the pre-contact region of the force-

distance curve, and subtracting the linear regression from the curve to produce a horizontal force 

baseline at zero. Figure 2 shows a schematic of an EV indented by an AFM tip during a force 

spectroscopy experiment and the resulting force-distance curve. From a force-distance curve, 

several mechanical parameters can be extracted. Young’s Modulus is often obtained by fitting an 

indentation model (discussed in Section 4) to the approach curve. Adhesion is calculated by 

measuring the force between the baseline and the lowest point on the retract curve, and 

deformation is calculated as the depth of indentation into the sample on the approach curve. 

Dissipation, in units eV, is calculated from the area between the approach and retract curve. 

These mechanical parameters can be calculated for individual force-distance curves recorded 

over single localized EVs or mapped spatially across the surface of the EV.39 
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Figure 3. Changes associated with an individual EV under increasing AFM imaging (or 
indentation) forces a) Initially, the EV is characterized by round morphology (~50nm lateral 
dimension). b) An increase in imaging force results in an increase in the lateral dimension of the 
EV (~75 nm) and a force-induced central depression can be observed. c) Further increase in 
imaging force leads to a two-fold increase in particle lateral dimensions (~100nm), and the force-
induced central depression occupies most of the EV surface area. Interestingly, until this point, 
the EV undergoes reversible elastic deformation, and reducing the applied imaging forces will 
cause the structure to return to the round morphology seen in (a). d) However, further increasing 
the applied force causes inelastic deformation of the EV and rupture of the lipid bilayer membrane 
of the EV and irreversible change in morphology as noted in an oblate morphology. e) Smaller, 
intact EV fragments can be seen following the vesicle rupture. These fragments likely correspond 
to intact EV substructures and membrane fragments. f) A representative force indentation curve 
showing EV response. As an AFM tip indents the EV (red arrows), changes in the indentation 
regime can be identified by a change in slope. Initially, after the point of contact, there is a linear 
relationship between force and indentation (relates to mechanical stiffness). At around 30-40% 
the radius of curvature of the EV, the response to indentation softens and the force-indentation 
curve flattens. Subsequently, the response to indentation stiffens due to increased contact area 
between tip and membrane. Eventually, the EV ruptures under enough force (labeled with a 
dotted line). Reprinted (adapted) with permission from  ACS Nano 2010, 4 (4), 1921–1926. 
https://doi.org/10.1021/nn901824n. Copyright (2010) American Chemical Society. 
 

Figure 3 (a-e) shows an EV imaged by AFM, using varying force such that the EV is originally 

minimally perturbed, flattens as the force increases above 2 nN, but ruptures after 5 nN applied 

force—demonstrating the force sensitivity needed when using AFM to image soft biological 

samples such as EVs. EVs can be imaged and easily sized without disturbing their structure 

drastically, though proper deconvolution methods must be taken when calculating the true size of 

the EV due to deformation from the AFM tip while using Tapping Mode, even at low 

forces.13,48,50,63–65 Besides the tip size and shape, the obtained EV image can be affected by 

regions of inhomogeneous elasticity within the EV, imaging forces, scan rate as well as the 

interaction between the planar substrate surface and the adhered EV.  

 

A force-distance curve can be converted to a force-indentation curve as shown in Figure 3f. First, 

the tip is positioned above the EV surface, where the force acting in the tip is negligible. 

Subsequently, the tip approaches the EV surface at a defined velocity, makes initial contact with 

the EV surface, and then indents the EV. The contact point, labeled with a black dot, is defined 

as the point at which the tip makes initial contact with the EV surface resulting in change (increase) 
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in the force vs indentation slope, indicating that the tip is applying force to the sample. As the AFM 

tip further indents the EV, different regimes such as the outer lipid bilayer membranes undergo 

deformation. Eventually further increase in the indentation force results in irreversible deformation 

and rupture of the EV as illustrated in Figure 3f, where the dotted line indicates the membrane 

rupture event on the force indentation curve. The force-indentation curves are used to derive 

quantitative biomechanical characteristics of single EVs particularly, the mechanical stiffness, 

Young’s Modulus, and bending modulus obtained using various indentation models, and 

indentation depth-dependent elasticity and plasticity. 
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Table 2. Summary of the mechanical indentation models as applied to EVs and key findings.  

Indentation 
Model 

Summary Benefits Drawbacks 

Reported Studies on Vesicles 

Vesicle 
K 

[mN/m] 
E 

[MPa] 
𝜅 

[kBT] 
Reference 

Hertz- 
contact 

• EV assumed to be 
elastic, infinitely 
large, homogenous 
in composition 

• No interactions 
between 
tip/sample 

• Independent 
of EV size 

• Simple 

• Only valid for small 
indentations 

• Assumed homogeneity 
not valid for EVs 

Phosphatidylcholine  1.97 ± 
0.75  

 68 

Cholinergic Synaptic 
Vesicles 

 0.2-1.5  71 

Saliva EV  0.89 ± 
0.07 

 69 

Exomere  145-
816 

 34 

Large EV  26-73  34 

Small EV  70-420  34 

Thin Shell 

• Bilayer membrane 
treated as a single 
mechanical layer 

• EV is assumed to 
be hollow 

• Accounts for 
membrane’s 
unique 
mechanical 
response 

• Only valid for small 
indentations 

• EVs do not have 
hollow interior 

• Sensitive to assumed 
vesicle size and 
membrane thickness 

Human malignant 
metastatic bladder 
cell-derived EVs 

 280  55 

Human malignant 
non-metastatic 
bladder cell-derived 
EVs 

 95  55 

Human non-
malignant non-
metastatic bladder 
cell-derived EVs 

 1527  55 

Mouse hepatocyte 
EVs 

49 ± 12    49 

Rat hepatocyte EVs 13 ± 9    49 
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Modified 
Canham- 
Helfrich 

• Accounts for 
fluidity of bilayer 
membrane 

• Assumes fluid-
filled EV 

• Valid for all 
indentation 
depths 

• Accounts for 
pressurization 
due to 
adhesion to 
surface 

• Labor-intensive 

• Clean tether force 
needed on retract 
curve 

Red blood cell-
derived EV 

Varied 
between 
patient 
samples 

 15±1 82 

Hereditary 
spherocytosis EV 

11 ± 2   9±1 82 
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4.5 Indentation Models 

Next, we will discuss the three predominant models of indentation that have been applied to date 

to determine the biomechanical properties of EVs by AFM, namely the Hertz model, the Thin Shell 

Model, and a model based on Canham-Helfrich Theory. The key findings describing the 

mechanical properties of EVs using these models are summarized in Table 2 and described in 

detail below. Other models for vesicle indentation66 or compression by parallel plates67 have been 

used for micron-sized vesicles, but have not yet been applied to EV mechanical analysis. 

 

4.5.1 Hertz Model of Indentation 

The Hertz model of indentation is the simplest and most commonly used model applied to AFM 

force indentation curves obtained on soft matter such as EVs. The model assumes EVs act as an 

infinitely large, isotopic, elastic mass with no interaction, adhesive or otherwise, between the tip 

and the sample. The original Hertz model was derived for a spherical tip: here, we discuss 

specifically the adaptation of the model for parabolic tips. Similar models are available for 

differently shaped tips (e.g. spherical, conical, cylindrical, pyramidal).59  Irrespective of the shape 

of the indenter (the AFM probe), the Hertz model describes the dependence of force on 

indentation as in Equation 2, where Rt is the tip radius, E is the Young’s Modulus, v is Poisson’s 

ratio (taken as 0.5 for EVs): 

𝐹(𝛿) =
4√𝑅𝑡

3

𝐸

1 − 𝑣2
𝛿3/2                                                    (2) 

Fitting of this equation to force-indentation curves obtained over single EVs allows for Young’s 

Modulus to be extracted. The simplicity of this model is apparent. Little needs to be known about 

the sample itself; calculation of the intrinsic mechanical properties of an EV only depends on the 

tip radius and the (known) Poisson’s ratio. Several previous studies have used the Hertz model 

to examine liposomes, exosomes, exomeres, and other EVs.34,68–71 However, despite the 

simplicity of the Hertz model, its application to soft nanoparticles such as single EVs is 
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complicated by tip-sample interactions and errors resulting from applying linear elastic 

representations beyond their validity range or at small indentation ranges prone to measurement 

uncertainties.47,48,59,72 The Hertz model is only valid for small indentations past the point of contact 

such that the indentation depth is less than the radius of curvature of the probe, and that the 

indentation depth is less than 10% of the thickness of the sample.59 Particularly for small EVs ( 

~100 nm in diameter) such as exosomes, artificial stiffening due to the substrate may also affect 

calculated Young’s Modulus—deeper indentations relative to the thickness of the sample show a 

larger Young’s Modulus due to the tip sensing the hard substrate beneath.73,74  

 

Several corrections have been proposed for the Hertz model that may prove beneficial for the 

study of EVs, as they accommodate for some of the drawbacks of the original model as they 

relate to EV composition and structure. One such example is the thin-film correction for the Hertz 

model has been developed, which accounts for AFM experiments in which the thickness of the 

layer is small compared to the contact radius of the indentation,75 which our group has previously 

employed when calculating the Young’s Modulus of EVs.39 Recently, an adaptation of the Hertz 

model has been described for indentations where the indentation depth approaches the indenting 

tip size—this can allow for more accurate calculation of Young’s Modulus of EVs, especially where 

small indentations record a response that is indiscernible from instrumental noise.76 Also, the 

Derjagin-Muller-Toropov (DMT) model, may be appropriate when addressing adhesion between 

the EV surface and the AFM tip.77 Still, these adaptations do not account for complex inherent 

inhomogeneity of an EV—such as the presence of the fluid bilayer membrane and internal cargo 

that are likely to deform differently under similar indentation forces. Other models that account for 

the inhomogeneity of EVs may, therefore, be necessary for accurate mechanical analysis. 
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4.5.2 Thin Shell Theory of Indentation 

The Thin Shell Theory (TST) of indentation assumes that an EV acts as a hollow shell with a thin 

wall of thickness t, with no interior cargo, and has a nonzero shear modulus.78 The dependence 

of force on indentation is described by Equation 3, where E is the Young’s Modulus as before, 𝛼 

is a geometry-dependent proportionality factor, and RC is the radius of curvature of the vesicle. 

𝐹(𝛿) =
𝛼𝐸𝑡2

𝑅𝐶
𝛿                                                                 (3) 

The calculation of the Young’s Modulus E (and therefore the calculation of the bending modulus) 

relies on several assumptions about the vesicle’s geometry and thickness of the limiting bilayer 

membrane. EVs are assumed to have a membrane thickness of ~5 nm. However, an increase in 

shell thickness to ~6 nm leads to a roughly 30% decrease in E due to the inverse square 

dependence of E on thickness.48 Further, as the shell thickness increases, the predicted linearity 

at small indentation disappears, and instead superlinear behavior predicted by the Hertz model 

dominates. This model predicts a linear relationship between force and indentation for 

indentations less than the shell thickness—for EVs, this amounts to indentation depths roughly in 

the range of ~5 nm beyond the point of contact between the probe and the EV surface. Beyond 

these indentation depths, the model predicts a buckling effect, where the curvature of the top of 

the vesicle becomes inverted and the response to indentation softens due to shear.47 However, 

this predicted early buckling is not always observed experimentally. While expected to begin at 

an indentation depth of 5 nm, buckling in similarly-sized nanovesicles has been observed at larger 

indentation depths, around the 15-20 nm range.48,49 Primarily, the failure of the TST-based models 

to accurately predict observed experimental mechanical behavior past small indentations 

warrants further analysis of EV mechanical characteristics, particularly for larger indentations.  
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4.5.3 Nanoindentation based on Canham-Helfrich Theory 

A recently developed model based on the Canham-Helfrich Theory (CHT), describes the elastic 

properties of a vesicle due to its fluid membrane.79,80 Here, the bilayer membrane is assumed to 

be completely fluid, and the inner and outer layers simply slide past each other when indented—

the shear modulus is zero. In this model, the shape of the vesicle is solved such that the free 

energy of bending is minimized, as in Equation 4. This will be based on a vesicle’s bending 

modulus 𝜅, mean curvature H, intrinsic curvature C0, and surface tension 𝜎.  

𝐹𝑟𝑒𝑒𝐸𝑛𝑒𝑟𝑔𝑦𝐻𝑒𝑙𝑓𝑟𝑖𝑐ℎ = ∫ (
𝜅

2
(2𝐻 − 𝐶0)2 + 𝜎) 𝑑𝐴                              (4) 

Importantly, the intrinsic curvature is taken to be 0 for systems where the inner and outer 

membranes are symmetric—such as in liposomes, a common model system for cells and EVs, 

although in the case for EVs, the presence of membrane proteins and receptors is likely to result 

in asymmetric lipid bilayer limiting membranes.  

Vorselen et al. developed a model for EV nanoindentations based on CHT, calculating the shape 

of the vesicle at various indentation depths and the vesicle’s internal pressure.65 The model 

predicts three regimes of vesicle deformation for a tip with a radius of about 10% of the radius of 

the curvature of the vesicle. First, a slightly superlinear response as the vesicle apex flattens, 

followed by a second regime characterized by a softened response at about an indentation depth 

35-40% of the vesicle’s radius of curvature due to the formation of an inward tether (a tubular 

segment of the membrane). The final region of tip-dominated stiffening occurs at an indentation 

depth of 80% of the vesicle’s radius of curvature. This model is notably sensitive to both tip size 

and vesicle size.  

 

Here, the model accounts for the contribution of pressure resulting from surface adhesion of EVs 

to the measured vesicle stiffness. A surface-bound vesicle will deform based on its affinity for the 

surface, and this deformation will cause a decrease in internal volume due to the inability of the 
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lipid bilayer membrane to stretch more than a few percent.65 This decrease in volume leads to an 

increase in concentration for the internal components of the EV, which causes an osmotic 

pressure difference between the interior cargo of the vesicle and the liquid in which it is imaged. 

This osmotic pressure difference is the major component of the observed vesicle stiffness, on the 

order of 10-2 N m-1, while the bending modulus only contributes 10-5 N m-1. An estimation of this 

osmotic pressure difference, required to determine the bending modulus, is accomplished using 

an outward tether force obtained from the retraction curve following small indentations.65,81 

Although liposomes may readily show a single, well-defined detachment event, EVs do not always 

show a well-defined tether force, and instead show multiple complex detachment events,82,83 likely 

due to additional proteins or surface receptors adhering to the tip. Failure to obtain this single, 

well-defined detachment event tether force prevents the calculation of the bending modulus and 

limits the use of this model for investigating EV mechanical properties.  

 

Overall, across the three main models employed to the understanding of EV indentation analysis, 

several aspects need to be carefully addressed for the determination of the EV mechanical 

properties. Amongst these, the accurate calculation of EV size, in particular, is especially relevant 

to the TST and CHT-based models, where the uncertainties in vesicle size determination.  Care 

must be taken when calculating EV size from AFM images. Soft biological samples such as EVs 

are prone to deformation due to the force applied during imaging. This factor is exceptionally 

relevant when using tapping mode and other related modes, as images obtained by these modes 

can underestimate the true height of an EV. Where precise knowledge of individual EV size is 

relevant to downstream calculations, several studies have instead used the height obtained from 

force spectroscopy and provided various corrections due to different geometry and tip 

deconvolution.48,65 Several studies have successfully employed the elastic properties of EVs from 

AFM force-indentation experiments for biomarkers and other applications, including changes 

associated with various pathological conditions such as cancer,39,49,55 and in malaria-infected 
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RBCs.84–86 Given the diversity of EVs and various sub-populations, as the potential for use of the 

biomechanical features to characterize various EV sub-populations becomes more widespread, 

it is increasingly important to suitably address the main confounders for more robust and 

reproducible measurements.  

 

4.6 Towards High-Throughput Mechanical Analysis of EVs  

Given the small size of the EVs, substrate effects further complicate the measurement of the 

mechanical properties of EVs. As discussed above, indentation past about 10% of the sample 

thickness into a nanoparticle can produce an artificially large Young’s Modulus due to the stiff 

substrate beneath.73,74 Furthermore, the choice of imaging substrates has also been shown to 

affect EV deformation on the surface, as demonstrated in Figure 4. EVs carry a negative surface 

charge and will deform more on positively-charged surfaces such as poly-L-lysine, and deform 

less on negatively-charged surfaces such as unmodified mica.87 This feature complicates the 

collection of force-distance curves during imaging—highly deformed vesicles may be so soft that 

determining the initial point of contact between the EV surface and the AFM tip becomes 

challenging. High vesicle deformability is linked to increased spreading on the surface, to the point 

of partial or complete rupture and leaking of interior cargo.87 Thus, fine-tuning a surface for AFM 

imaging appears to be a necessity in some cases, such that a strong affinity for a surface can 

cause an already soft vesicle to undergo irreversible deformation, while a stiff vesicle with a weak 

affinity for a surface may not adequately adhere to withstand the imaging forces. A population of 

stiffer EVs near the end of this limit for a surface may skew towards softer subpopulations because 

stiffer EVs simply do not adhere to the surface. Deformation of EVs can also cause them to adopt 

varying geometries (hemispherical, spherical cap, ellipsoidal) that further challenges the precise 

determination of EV size. The prerequisite to precisely size individual EVs for accurate 

mechanical analysis constrains the high-throughput mechanical analysis of EVs.  
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Figure 4. EVs deform differently based on their affinity for the substrate, and this 
deformation can be measured by the ratio of the EV height, h, to the radius of curvature, 
Rc. a) For a weakly surface-bound EV, structural deformation is low, causing it to adopt a 
spherical cap shape. The h/RC ratio approaches 2, the maximum value. b) In the case of an EV 
moderately adhered to the substrate, the structural deformation is moderate, causing it to adopt 
a nearly hemispherical shape. The h/RC is around 1. c) For an EV strongly adhered to the 
substrate, EV structural deformation is high, causing it to adopt a flattened and oblate shape. The 
h/RC ratio is much less than 1.  
 

In addition to biomechanical analysis, AFM methods that allow simultaneous imaging and 

mechanical mapping have previously demonstrated spatial insights into the mechanical 

properties of EVs. Our group has previously used AFM to map adhesion and Young’s Modulus 

over the surface of glioblastoma-derived EVs.39 Phase imaging, in which the difference between 

the phase of the oscillating cantilever and the excitation signal is recorded, has been used to 

examine changes in EV structure under different applied forces, and to visually demonstrate 

compositional differences in bacteria membrane-originated EVs based on adhesion, elasticity, 

and friction arising from biochemical variations in the EV membrane.40,88 While force spectroscopy 

on single EVs is an attractive option to understand their mechanical properties in-depth, it is a 

time-consuming and low-throughput approach. A small sample size may also fail to capture the 

complexity introduced by the heterogeneity of EVs23 further warranting alternative higher-

throughput methods to quantitatively evaluate EV structural and mechanical characteristics. 

Some efforts in this direction encompass exploiting the differential height versus diameter profiles 

of EVs on various surfaces, for example, by estimating the mechanical stiffness of individual EVs 

based on their deformation on the surface, using the vesicle-surface contact angle.83 While two 
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EVs may have the same diameter in solution, their stiffness and affinity for the surface affect 

deformation on the surface. A linear calibration curve relating mechanical stiffness to vesicle-

surface contact angle was constructed from a series of liposomes and used to extrapolate the 

mechanical stiffness of EVs from two sources based solely on the measured vesicle-surface 

contact angle. The calibration curve-obtained EV mechanical stiffness data matched well to EV 

mechanical stiffness obtained directly from force-spectroscopy and demonstrates a high-

throughput method of determining stiffness without the need to obtain force-distance curves for 

individual EVs.  

 

Similarly, Yokota et al. used nanopatterned chips and used AFM to probe immobilized EVs.89 EVs 

individually immobilized on polyethylene-glycol nanospots, and strong hydrophobic interactions 

caused single EVs to adopt an oblate, ellipsoidal shape. The extent of this deformation, calculated 

as the ratio of height to diameter on the surface, was attributed both to their affinity for the 

nanospot and to their intrinsic mechanical properties and showed statistically significant 

differences in deformation between cancerous and noncancerous EVs. In the future, optimization 

of patterned EVs allowing for selective adhesion of EV subpopulations of interest may be 

combined with techniques already used with nanoarray methods such as surface-enhanced 

Raman spectroscopy, enzyme-linked immunosorbent assay, matrix-assisted laser desorption 

time of flight mass spectroscopy (MALDI-TOF). The potential to assess the biochemical properties 

of EV subpopulations complementing single vesicle characterization by AFM seems promising.  

 

Notably, such methods capture EV mechanical properties, without the need for obtaining 

individual force-indentation curves for single EVs. As mentioned previously, force spectroscopy 

on individual EVs followed by the fitting of an indentation model, while informative, is time-

consuming and complicated by the necessity to sort force-distance curves to find usable or 

characteristic curves for each vesicle.82,83 Calculation of EV deformation using features identified 
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by standard topographical three-dimensional surface mapping of EVs provides a higher-

throughput alternative to stringent mechanical analysis. Thus far, it is obvious that EV deformation 

on a substrate is influenced by multiple factors such as surface binding affinity, intrinsic 

mechanical properties such as bending modulus or Young’s Modulus, as well as the size of the 

vesicle in solution. While the links between these properties, and the extent to which they 

influence deformation, are currently under investigation, it is evident that automated, robust, and 

high-throughput analysis of structural-mechanical analysis of EVs, both for force-indentation or 

surface topography-based evaluation of EV mechanics.  

 

4.7 AFM and Machine Learning Methods  

The past decade has seen remarkable advances in machine learning methods90,91 employed for 

automated, high-throughput imaging, and analysis. Whereas typical AFM analysis of EVs 

frequently reported variables such as size, height, phase, stiffness, Young’s Modulus, or bending 

modulus, machine learning methods facilitate additional features of the force-indentation curve at 

different indentation depths, mean or median height value, boundary length, and surface area. 

Even more important is the potential to discover correlations between these variables, not 

achievable through human-driven analysis alone. Machine learning methods have demonstrated 

the capability to utilize the multifaceted AFM-based structural and mechanical analysis,92 and 

could be a powerful tool in the study of EV structure and function. On a related note, Ito et al. 

used a combination of supervised and unsupervised learning to predict the parent cell of EVs 

using EV mechanical deformation based on morphological features.87 Multiple EV morphology 

features were extracted, and subjected to dimensionality reduction. Using support vector machine 

learning the study achieved high accuracy for EV parent cell prediction, using EV volume and 

deformation as predictive features. Here, the substrate affected the accuracy of prediction, as the 

choice of substrate affected the smallest incremental change in the aspect ratio that could be 

detected and used to discriminate between EV types—a phenomenon necessitating further study. 
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Another study applied deep learning methods to successfully identify cancer and non-cancer 

regions in brain tissue samples based on force-indentation curves.93 In contrast to traditional 

AFM-based mechanical analysis of tissues which fit a segment of the approach curve to obtain 

Young’s Modulus, the neural networks used the full indentation depth of the approach curve and 

the retract curve of the force-indentation profiles to classify the tissue surface. In general, the 

calculation of Young’s modulus by fitting the Hertz or TST models of indentation only uses a 

fraction of the force-distance approach curve, and these models require operator-driven baseline 

correction, optimization of contact point determination, and model fitting. Neural networks 

circumvent these operator-driven steps and utilize mechanical information contained in other 

parts of the approach curve or the retract curve—not currently represented by the discussed 

indentation models—to classify the surface. Further, the binary output of the neural networks 

(cancer or non-cancer) does not require operator-driven classification based on Young’s Modulus, 

a benefit for future implementation in diagnostic settings. 

 

 

Figure 5. A flowchart describing the incorporation of machine learning methods to an AFM 
structure-mechanics workflow. (a) Single EVs are imaged in an automated AFM experiment to 
generate multidimensional data quantifying features such as from channels such as but not limited 
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to height, dissipation, adhesion, phase, and force-distance curves for each pixel; which is cleaned 
using image-processing software. Inset shows a typical force-distance curve, from which 
mechanical properties such as Young’s Modulus, dissipation, adhesion, and deformation can be 
extracted. (b) This data is mined to identify features by human-driven methods or deep learning-
driven methods, and (c) a machine learning model based on desired output such as classification, 
regression, data clustering, anomaly detection, or more. (d) The chosen machine learning model 
is trained, tested, and applied, in conjunction with prior knowledge. (e) This analysis leads to new 
knowledge of EVs, new or improved models, or the identification of new predictive structural or 
mechanical features that are used to inform future data collection and analysis.  
 

Therefore, it is interesting to speculate the implications of machine learning methods to robust, 

high-throughput assessment of EV structural-mechanical properties. We believe that there is 

conceivable merit in combining the multidimensional data provided by AFM with the demonstrated 

power of machine learning to dissect large amounts of data. One of the key advantages of 

machine learning workflows, as outlined in Figure 5, is the ability to identify correlation in large 

datasets, which is used to improve further studies.94 We postulate that the main steps in a 

generalized AFM imaging and analysis workflow for EVs incorporating machine learning methods 

may include a) AFM structure-mechanics data collection and cleaning via image-processing 

software, b) feature generation and selection, either human-driven via image-processing software 

or AI-driven via deep learning methods, c) model selection based on the research question or 

desired output, d) model training, testing, and usage, and e) use of knowledge obtained from 

models to further refine models or inform new experiments and data collection.  

 

Such workflows are increasingly feasible to implement due to the streamlining, ease of use, and 

development of open-source machine learning materials and software. The development of 

plugins like DeepImageJ bridge the gap between traditional image-processing software and 

machine learning methods.95 Open-source machine learning packages are available in multiple 

coding languages, including R language,96 MATLAB,97 and Python.98 Within the field of EVs, open 

data initiatives such as EV-Track99 provide a plethora of datasets that could be reassessed using 

machine learning methods to identify new features and structure in data not previously delineated 



  

99 
 

in the human-driven analysis. The adoption of machine learning methods by the EV community 

will be accompanied by new challenges and biases—both numerical and researcher-introduced—

inherent to machine learning methods.94 Fortunately, the drive towards “smart data” will inevitably 

help those seeking to implement machine learning analysis into EV studies to collaborate and 

obtain feedback from the broader community, and help to minimize biases and at the same time 

educate users on the best practices in machine learning.100 

 

4.8 Conclusions  

Improved biomechanical understanding of single EVs provides an opportunity to address the 

missing links between physical properties and biological function of heterogeneous EVs. AFM 

has proven itself to be a powerful nanoscale tool to characterize the unique structural and 

mechanical properties of single EVs, the latter of which can be extracted using various indentation 

models. While no single model emerges as a definitive frontrunner, these models highlight the 

inherent biomechanical heterogeneity of membranous EVs and non-membranous exomeres, 

beyond variations in particle size and morphology. Such ability to quantitatively profile label-free 

biomechanical properties of circulating EVs in bio-fluids such as blood, urine and saliva may have 

significant implications for orthogonal disease biomarker development. Further, a comprehensive 

characterization of EV mechanical properties and the establishment of assays to tune or modify 

EV mechanical properties could improve drug delivery applications, in parallel to efforts that focus 

on optimizing the biochemical properties of EVs for targeted delivery. It is also imminent that 

incorporating machine learning methods into AFM-driven studies of EVs are on the horizon to 

create powerful information feedback loops that identify patterns and features in EV structure not 

evident in human-driven analysis, and inform future experiments. In summary, the single EV 

structure-mechanical analysis is an emerging concept augmented by significant advances in 

technology and computing capabilities. Label-free, orthogonal biomechanical and biophysical 
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understanding of EVs beyond biomolecular or particle size analysis promises significant 

implications for EV research and clinical use. 
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Chapter 5. Nanoscale Extracellular Vesicles Carry the 

Mechanobiology Signatures of Breast Cancer Cells 
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5.1 Abstract 

Breast cancer cells secrete abundant nanometer-sized vesicles. Small extracellular vesicle (or 

sEV) cargos are known to have similar biomolecular signatures to their secreting parental breast 

cancer cells. However, whether malignant transformation modulates the physical and 

biomechanical profiles of secreted nanosized sEVs (40-120 nm) has not been established. Here, 

using multiparametric AFM imaging we directly compared the structure-mechanical properties 

(including topographic height, Young’s modulus, and adhesion) of breast cancer cell-derived 

sEVs and secreting cells. Our findings reveal that sEVs show reduced Young’s modulus 

concomitant with a decrease in cell stiffness as cells progress from non-tumor, to non-invasive, 

to invasive breast cancer phenotypes across different probing forces, isolation techniques, and 

particle sizes. Further, single sEV structure-mechanical analysis of actual patient plasma samples 

showed alterations in biomechanical properties of sEVs in breast cancer patients compared to 

sEVs from benign healthy controls. Our study demonstrates that precise biomechanical 

fingerprinting of single nanoscale sEVs provides an attractive label-free, cell-free, and orthogonal 

approach to detect changes in parental cells, such as during malignant transformation.  

 

5.2 Introduction 

Breast (and other) cancer cells abundantly secrete highly heterogeneous nanosized exosomes 

and other extracellular vesicles (EVs), ranging in diameter from ~30-1000 nm.1 Malignant 

transformation,2 micro-environmental stresses,3,4 and therapeutic stresses5 profoundly impact 

both the abundance and biomolecular cargo of EVs secreted by cells. Since EVs reflect the origin 

and state of the parental cells, they hold tremendous promise as cell-free disease biomarkers.1,6 

So far, efforts to understand the biomolecular cargoes of cancer-derived EVs have provided a 

wealth of information on the biogenesis, role and biomarker functions of EVs ensembles.7,8 

Because of the heterogeneity of nanometer-scale exosomes,7,9 single EV methods such 

as  fluorescence imaging,10,11 flow cytometry of EVs enlarged via target-initiated engineering,12 
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droplet-based enzyme-linked immunoassay,13 digital detection integrated with surface-anchored 

nucleic acid amplification,14 proximity-dependent barcoding assay15 or immuno-droplet digital 

polymerase chain reaction16 have been employed  to understand the biomolecular makeup of 

individual EVs, as such information may be lost in bulk-level analyses. However, the label-free 

biophysical characteristics of single EVs abundantly secreted by breast cancer cells have not 

been established. In contrast to diagnostically significant biomechanical changes associated with 

cancer progression and metastasis at the single cell17–19 and tissue levels20,21 there is scant 

understanding of the biomechanical characteristics22 of sub-cellular nanoscale breast cancer-

derived EVs and the potential applicability from a diagnostic standpoint.  

 

Atomic force microscopy (AFM)23 provides an attractive nanoscale imaging and analysis 

technique22,24 that has been successfully applied to probe the structure and mechanics of nano-

liposomes25 and cancer cell-derived small EVs (or sEVs; ~40-120 nm in diameter) in bladder,26 

hepatic,27 and glioblastoma28 in vitro cellular models and in patient saliva samples.29,30 However, 

the impact of sEV isolation techniques or varying magnitudes and frequency of applied forces on 

elastic biomechanical properties of these nanosized vesicles has remained elusive. Furthermore, 

the feasibility of detecting biomechanical signatures of single sEVs in plasma or other biofluids 

has not been reported. Here, we directly compared the structure-mechanical properties (including 

simultaneously obtained AFM topographic height, Young’s modulus, and adhesion) of nanosized 

breast cancer cell-derived sEVs and secreting cells using multiparametric AFM imaging and force 

spectroscopy.22,29 Our findings reveal that single sEVs show altered biomechanical properties that 

correspond to the mechanical phenotypes of their parent-cells. Highly invasive and more 

mechanically compliant breast cancer cells secrete sEVs with reduced Young’s modulus 

compared to non-tumor and less-invasive breast cancer cells. Furthermore, single sEV-like 

particle populations derived from breast cancer patient plasma further showed reduced Young’s 



  

113 
 

modulus associated with invasive breast cancer or ductal carcinoma in situ compared to benign 

samples. 

 

Our proof-of-concept study provides evidence for differences in quantitative, label-free, single 

vesicle biomechanical fingerprints of breast cancer cell-derived sEVs and patient plasma sEV-

like populations. The application of altered sEV biomechanical properties as orthogonal 

characteristics may further augment conventional biomolecular cargo analyses for EV-based 

cancer biomarker discovery. 

 

5.3 Results & Discussion 

 

5.3.1 sEVs show distinct mechanics and reflect the parent cell mechanical signatures:  

To study the effect of malignant transformation on the biomechanical properties of breast cancer, 

we probed three well-established in vitro breast cancer cell line models of MCF10A (benign, non-

tumorigenic human mammary epithelial cells); MCF-7 (none-to-moderate metastatic), and MDA-

MB-231 (highly metastatic) as described31 and their secreted sEVs. Cell mechanical properties 

were assessed based on AFM Young's modulus analysis on single, isolated cells grown in 2D 

cultures measured using single force-indentation curves obtained at 1Hz in contact mode. In line 

with previous reports,32,33 MCF-7 cells were significantly stiffer (P < 0.05) compared to their 

metastatic, more invasive counterparts (MDA-MB-231) (Figure 1A) with average Young's 

modulus (E, KPa) values (mean ± SD) measured as 1.23 ± 0.31 kPa and 0.41 ± 0.14 kPa, 

respectively. MCF10A cells were most stiff with average Young's modulus value 2.11 ± 0.38 kPa. 

These results confirm the reduced overall elastic modulus of invasive breast cancer cells, 

compared to non-invasive, and benign epithelial mammary cell counterparts, under identical 

applied indentation forces. 
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Next, the biomechanical properties of sEVs derived from MCF10A, MCF-7 and MDA-MB-231 

were evaluated using AFM nanoindentation, as shown in Figure 2. The sEV isolates were 

confirmed for the presence of vesicles using cryo-EM. AFM and light scatter nanoparticle size 

distributions showed particles within the expected size range, and protein markers for sEVs as 

outlined in Supplemental Figure S1 and as described previously.11 sEV isolates incubated on 

(3-Aminopropyl)- triethoxysilane-functionalized (AP-functionalized) mica substrates were imaged 

via AFM to locate single sEVs, prior to mechanical analysis (Figure 1B). Subsequently, force-

indentation curves were used to derive Young’s modulus of single sEVs.22 Our results show that 

under identical forces of indentation, sucrose cushion ultracentrifugation-isolated MDA-MB-231 

sEVs were ~40% more mechanically compliant than MCF-7 sEVs and had lower variance in 

Young’s modulus (Fig. 1B) (P < 0.001) compared to MCF-7 sEVs across three independent 

experimental runs. More than 200 total curves were obtained over at least 40 individual similar-

sized sEVs individually selected from multiple regions on the imaging substrate, for each of the 

three cell types. MCF10A sEVs had the highest elastic modulus (0.97 ± 0.07 MPa).  

 

 

 

 

Figure 1. Comparison of biomechanical properties (Young’s modulus, E) of single breast 
cancer cells and corresponding small extracellular vesicles (sEV) using single AFM force-
indentation analysis A) Highly metastatic MDA-MB-231 cells show significantly lower average 
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cell modulus (E=0.41 ± 0.14 kPa) compared to low metastatic (MCF7 cells, E=1.23 ± 0.31 kPa) 
and non-metastatic (MCF10A, E=2.11 ± 0.38 kPa) cells (p < 0.001, represented by ***). B) In 
comparison, the sEVs obtained from highly metastatic MDA-MB-231 cells also show lower 
average sEV modulus (E= 0.61 ± 0.03 MPa) compared to those obtained from low metastatic 
(MCF7 sEVs, E=0.85 ± 0.07 MPa) and non-metastatic (MCF10A sEVs, E=0.97 ± 0.07 MPa) cells 
(p < 0.001, represented by ***). The findings demonstrate reduced Young’s modulus of sEVs 
concomitant with a decrease in cell stiffness as cells progress from non-tumor, to non-invasive, 
to invasive breast cancer phenotypes. P-values were calculated by one-way ANOVA followed by 
Tukey post-hoc test. 
 

 

 

Figure 2. Schematic of sEV indentation by AFM. A) sEVs are comprised of a lipid bilayer 
membrane, with embedded proteins including tetraspanins and surface receptors such as CD81 
and CD63. sEVs adhered to a relatively flat substrate adopt a hemispherical shape, with height 
h, before indentation by the AFM tip. B) The AFM tip indents the sEV and deforms the lipid 
bilayer membrane. The indentation depth, δ, is calculated as the difference between the 
vesicle’s original height and its new height. A full workflow showing the calculation of Young’s 
Modulus, adhesion, and fitting of indentation model is shown in Supplemental Figure S4. 
 

Considering the impact of isolation methods on downstream EV imaging and analysis,11 for 

instance, confounding differences in particle sizes, the presence of polymeric residues on isolated 

EVs, or presence of non-EV co-isolate contaminants, we tested the modulus findings among sEVs 

obtained from different isolation methods: immunoaffinity bead (IA), ultracentrifugation (UC), and 
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sucrose cushion ultracentrifugation (UCg). As shown in Figure 3, across the three isolation 

methods, MDA-MB-231 sEVs were also more compliant to deformation compared to their MCF-7 

sEV counterparts. To minimize the influence of heterogeneity in size of particles on measured 

mechanical properties, we compared the Young’s modulus of sEVs across different sizes. 

Moreover, we show that the high-resolution structural characterization provides an accurate and 

localized overlay of nanomechanical features on lipid bilayer membrane-enclosed single sEVs, 

distinguishing them from other non-membranous or non-EV co-isolated components of similar 

size or shapes (Figure 4). Overall, our data demonstrated that the elastic modulus of sEVs 

derived from MCF10A, MCF-7, and MDA-MB-231 cells were significantly distinct and showed 

similar trends in mechanical profiles as the parental cells of origin, independent of isolation 

techniques measured for similar sized particles.  

 

 

Figure 3. Across different isolation methods, the biomechanical properties of cell-derived 
small extracellular vesicles (sEV) also show reduced Young’s modulus from non-tumor, 
non-invasive, and to invasive breast cancer phenotypes. sEVs were isolated from cell culture 
supernatants using immunoaffinity (IA), ultracentrifugation (UC) or sucrose cushion 
ultracentrifugation (UCg). The sEVs isolated from cells with high metastatic potential show lower 
modulus values (p < 0.001, indicated by ***). MCF10A sEVs isolated using IA (1.15 ± 0.13 MPa), 
UC (0.99 ± 0.09 MPa), or UCg (0.97 ± 0.07 MPa) show the highest Young’s modulus values. 
MCF7 sEVs isolated using IA (0.90 ± 0.02 MPa), UC (0.83 ± 0.05 MPa) or UCg (0.85 ± 0.07 MPa) 
show a slight reduction in modulus compared to MCF10A. However, similar sized MDA-MB-231 
sEVs isolated using IA (0.62 ± 0.09 MPa), UC (0.54 ± 0.09 MPa) or UCg (0.61 ± 0.03 MPa) all 
show significantly lower Young’s Modulus values. To rule out the impact of variations in particle 
size on Young’s modulus, or other co-existent non-EV aggregates, individual particles were 
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imaged before mechanical analysis. Similar sized particles (ranging in diameters 80-120 nm) were 
evaluated. Overall, sEVs from both cell lines show variations in modulus, however the MCF7 
sEVs show overall higher modulus than MDA-MB-231 sEVs. P-values were calculated by one-
way ANOVA followed by Tukey post-hoc test. 

 

Figure 4. Nanomechanical mapping combines structure, height, and mechanical 
properties to distinguish membrane single sEVs from other co-isolated particles. A) 
Representative cross-sectional profiles for AP-functionalized mica substrates (black), compared 
to bovine serum albumin particles and small co-isolate showing relatively low height profiles (~5 
nm) compared to lipid bilayer membrane limited MCF7 and MDA-MB-231 sEV isolates. Box plot 
representations show differences in particle heights (B) and Young’s modulus (C) demonstrate 
that taller yet more mechanical compliant sEVs are distinct from other co-isolated particles and 
the relatively flat and stiff AP-functionalized mica substrates. All distributions in (B) and (C) are 
statistically significant from each other (p > 0.05) except the modulus obtained from BSA, the 50 
nm non-EV co-isolates, and the 70 nm non-EV co-isolates marked with [ns]. (See Figure S2 for 
AFM images of structural features for co-isolates. P-values were calculated by one-way ANOVA 
followed by Tukey post-hoc test.) 
 

5.3.2 Multi-parametric nanomechanical mapping confirms distinct mechanical signatures 

of breast cancer cell-derived sEVs:  

Compared to single AFM indentation analysis as shown above (Figure 1B) where sEVs were first 

imaged and subsequently probed for mechanical properties, we further illustrated quantitative 

changes in the structure-mechanical properties of breast cancer-derived sEVs (isolated by the 

UCg method) using fast nanomechanical mapping. Here, using the off-resonance mode of the 

AFM for increased sensitivity, we combined simultaneous structural visualization and 

biomechanical analysis of single sEVs. Besides topography, we also mapped the derived elastic 

modulus, and measured the surface adhesion forces34 to determine multi-parametric biophysical 

characteristics of sEVs derived from the two breast cancer cell types (Figure 5). Since imaging 
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forces directly impact not only topography but also the elastic behavior of membrane vesicles, the 

maximum imaging forces employed (two setpoint forces) were optimized to allow for successful 

tracking of particles immobilized on the surface. Such optimization allowed us to assess the 

elastic deformability of sEVs but without dislocating the sEV from the surface or rupturing the 

vesicle.  

 

Figure 5A-B show representative maps for simultaneously obtained (i-ii) topography, (iii-iv) 

Young’s modulus, and (v-vi) adhesion profiles obtained over individual similar sized MCF-7 and 

MDA-MB-231 sEVs respectively. We used two setpoint forces (i.e., 1.25 nN and 2.0 nN marked 

in solid and broken lines respectively). The cross-section profiles were obtained across the lines 

(white, broken) marked on the sEVs in the corresponding panels. At both setpoint forces, the 

MDA-MB-231 sEV showed significantly reduced Young’s modulus, E (Figure 5B iii-iv) and 

increased adhesion (Figure 5B v-vi) compared to the MCF-7 sEV (Figure 5A, iii-vi). Figure 6 

summarizes the differences observed in sEVs for the height, Young’s modulus, and surface 

adhesion measurements (n=900 for each) obtained over the vesicle apical regions. Notably, 

despite the higher frequencies (2KHz) used for nanomechanical mapping of the sEVs using this 

AFM modality, in contrast to low frequency single force-indentation measurements (Figure 1B), 

the modulus results concur with sEVs from higher metastatic potential breast cancer cells showing 

significantly reduced Young’s modulus at both force setpoints. The adhesion forces reflect non-

specific binding of EV surface to the AFM probe. Overall, the MDA-MB-231 sEVs show reduced 

modulus and increased surface adhesion compared to the MCF-7 sEVs. 
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Figure 5. Multi-parametric AFM nanomechanical mapping of single sEVs. Representative 
maps of individual sEVs derived from breast cancer cell lines (A) MCF-7 and (B) MDA-MB-231, 
and corresponding cross-section profiles, marked with a broken white line, for (i-ii) height, (iii-iv) 
Young’s modulus, and (v-vi) surface adhesion force. The MDA-MB-231 sEVs show lower Young’s 
modulus and increased surface adhesion compared to the MCF-7 sEVs.  
 

 

Figure 6. Comparison of nanomechanical properties for breast cancer cell sEVs. Box plots 
show differences in median ± std values for (A) height, (B) Young’s modulus, and (C) surface 
adhesion forces between MCF-7 and MDA-MB-231 cell derived sEVs. Measurements were 
obtained from ~900 individual force-distance curves for each cell type at 1.25 and 2 nN imaging 
setpoint forces (p < 0.001, represented by ***). The sEVs from MDA-MB-231 cells show lower 
Young’s modulus and increased surface adhesion compared to MCF-7 sEVs, for both the force 
setpoints used. P-values were calculated by one-way ANOVA followed by Tukey post-hoc test. 
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Previous studies from our group and others have identified the significance of EV biomechanical 

properties26,27,35,36 as potential biomarkers for cancer29 and other diseases.37 However, sEV 

isolation methods,11 size heterogeneity,1 the presence of co-isolates,8 as well as the magnitude 

and frequency of forces applied29 which impact how sEVs deform34 confound sEV 

nanomechanical analysis. Focusing on breast cancer progression, we demonstrate that 

nanomechanical properties can distinguish sEVs secreted from breast cancer cells varying in 

metastatic potential. Employing a comprehensive analysis of structural-mechanical profiles of 

individual sEVs, our results demonstrate that sEVs from invasive breast cancer cells were significantly 

softer compared to sEVs from non-invasive cells. The invasive cell-derived sEVs showed reduced 

Young’s modulus, consistent across different isolation methods (Figure 3), indentation forces, 

and imaging frequencies. The Young’s modulus values in our measurements using single force-

indentation AFM measurements at low (1Hz) (Figure 1B) and high frequency (2KHz) 

nanomechanical mapping (Figure 5) agree with literature values reported for other biological and 

synthetic lipid vesicles,34 validating the suitability of our nanomechanical measurements (Figure 

6). We show that high-resolution nanomechanical mapping provides an accurate and localized 

overlay of nanomechanical features on single sEVs, distinguishing them from other non-EV co-

isolated components of similar sizes or shape (Figure 4). In case of sEVs, while low imaging 

forces (150-250 pN) may result in small elastic deformations,38 we chose higher setpoint forces 

(1.25 and 2 nN) to induce larger elastic deformations that more deeply indent the sEV lipid bilayer 

membrane without rupturing or irreversibly deforming the sEV. At both force setpoints, differences 

in the Young’s modulus are observed (Figure 6), but at the 2 nN force setpoint MCF-7 sEVs and 

MDA-MB-231 sEVs exhibit greater differences in mechanical properties. No irreversible changes 

in the structural and mechanical integrity of sEVs were identified subsequent to nanomechanical 

mapping at both setpoint forces.  
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5.3.3 Preliminary evaluation of breast cancer plasma patient derived sEV-like particles 

shows altered biomechanical signatures:  

Next, we evaluated the feasibility of structure-mechanical analysis of sEV-like particles in clinical 

breast cancer specimens using plasma samples obtained from histologically confirmed breast 

cancer patients. 

 

Our preliminary evaluation (Figure 7) of plasma-isolated particles elucidates the heterogeneity in 

counts, size, and structural-biomechanical characteristics of sEV-like particles associated with 

breast cancer plasma compared to benign healthy controls. Particle counts obtained via AFM as 

described previously11 show increased counts (Figure 7A), and increased particle diameters 

(Figure 7B) for invasive cancer compared to benign breast conditions and ductal in situ 

carcinoma (DCIS). In comparison, NTA particle counts were also elevated in cancer patient 

plasma (Figure S3 iv). While increased EV counts and more heterogeneous size populations 

have been previously reported in breast cancer patient plasma,39 corresponding spatial 

biomechanical properties on single sEV-like particles from plasma had not been established. 

Here, we introduced multi-parametric nanomechanical mapping to determine the high-resolution 

structure and mechanical properties of individual sEV-like particles in plasma. Single sEV-like 

particles isolated from benign plasma samples showed round morphology (Figure 7C-i) 

compared to the irregularly shaped particles observed from invasive breast cancer patient plasma 

(Figure 7C-ii), as shown in representative topographic height images. The corresponding 

modulus panels show higher Young’s modulus for benign plasma particles (Figure 7C-iii) 

compared to the softer invasive breast cancer plasma isolated sEV-like particles (Figure 7C-iv). 

A quantitative analysis of plasma-isolated sEV-like particles showed no-significant differences in 

mean heights between benign, DCIS and invasive breast cancer sample derived particles (Figure 

7D-i). However, the particle modulus values were significantly lower (47% decrease) for invasive 

and DCIS samples compared to the benign counterparts (p < 0.001) (Figure 7D-ii). Together, our 
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findings from the pilot patient plasma study reveal distinctly altered biomechanical properties 

among sEV-like particles from benign (non-cancer) and breast cancer plasma. 

 

 

Figure 7. Preliminary AFM nanomechanical mapping based evaluation of plasma sEV-like 
particles. Single sEV-like particles isolated from invasive breast cancer plasma show both (A) 
higher relative particle counts and (B) wider particle size distribution via AFM compared to benign 
and DCIS samples. (C) Representative single sEV-like particles from benign (i) and invasive (ii) 
breast cancer plasma display round and irregularly shaped morphology, respectively. (iii-iv) 
Corresponding images show higher Young’s modulus distributions in benign compared to 
invasive breast cancer plasma EV-like particles (D) Quantitative analysis of the mean particle (i) 
heights and (ii) differences in Young’s modulus values determined for particles from benign, DCIS, 
and invasive breast cancer samples (p < 0.001). P-values were calculated by one-way ANOVA 
followed by Tukey post-hoc test. 
 

Nevertheless, plasma is a complex bio-fluid containing highly heterogeneous vesicle populations, 

proteins and other biomolecules.40 Naturally, plasma samples require more stringent protocols for 

sEV isolation from platelet-depleted samples.41,42 In comparison to other ensemble biomolecular 

characterization techniques, the ability to visualize the phenotype of each individual particle 

measured in our AFM analysis allows improved sensitivity and reliability of our sEV 
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measurements. Plasma-derived sEV-like particles display distinct biomechanical profiles (Figure 

S3) and thus can still be identified from non-EV co-isolates of similar morphology and diameters 

as in Figure 4.  

 

Ultimately, the biomechanical properties of cells and sEVs stem from their geometry and molecular 

composition. The changes in biomechanical properties of cancer cells17 are widely associated with 

altered cytoskeleton rearrangements,32,43 nuclear lamina,44 and integrins.45 The biomechanical 

changes in cancer EVs29,38 which are approximately 1,100,000-140,100,000 times smaller than 

the volume of cells are also likely to be influenced by the nature and abundance of transmembrane 

proteins and other proteins46 as well as restricted vesicle geometry.47 Several studies have shown 

reduced cell stiffness with increasing metastatic efficiency in human cancer cells. Cross et al. first 

reported that metastatic cells derived from the pleural fluids of patients with suspected lung, 

breast, and pancreatic cancer are 70% softer compared to the benign control cells.17 

Mechanistically, the elastic properties of living cells are mainly determined by the cellular actin 

cytoskeleton.32,43 In the case of EVs secreted by cancer cells, one might also expect changes in 

the protein content embedded within the membrane vesicles to directly affect the mechanical 

properties of similar sized vesicles. Compared to liposomes, natural vesicles show increased 

stiffness mainly attributed to the presence of membrane proteins.48 Also, Vorselen et al. found a 

40% decrease in stiffness in red blood cell-derived EVs from patients with hereditary 

spherocytosis compared to healthy donor samples.37 They attributed the observed differences in 

stiffness to differences in the protein content, thus it is plausible that the changes in membrane-

embedded proteins in metastatic tumor cell-derived EVs compared to their nonmetastatic 

counterparts could explain decreased stiffness in cancer-derived EVs.  We have reported in this 

manuscript a proteomic analysis of isolated sEVs that identified more than 280 proteins. This list 

includes multiple cytoskeletal and signaling proteins known to directly impact biomechanical 

phenotypes (Figure S1D). 
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Previously, using single molecule force spectroscopy our group reported structural and bio-

molecular differences between normal and tumor-derived saliva exosomes30 and demonstrated 

the enrichment of specific proteins present in the membranes of tumor-derived vesicles as 

determined by a functionalized AFM probe with an antibody specific to the CD63 exosome marker 

protein. We also reported differences between glioblastoma cell-derived exosomes and normal 

exosomes.28 Subsequently, Whitehead et al. showed mechanical variations in metastatic and 

nonmetastatic bladder cell-derived exosomes.26 However, an inverse relationship between EV 

stiffness softness and malignancy has also been reported.36 Overall, the enhancement of EVs 

with specific protein cargoes by tumor cells into their surrounding microenvironment has been 

reported in several studies, and can influence tumor growth and metastasis.  While further studies 

are needed for in-depth evaluation of the biomechanical characteristics of EVs derived from other 

types of cells to identify the possible changes related to tumors and other diseases, including 

single molecule force spectroscopy using tip functionalized with antibodies specific to EV surface 

proteins our study clearly shows the mechanical signatures of breast cancer cell and plasma 

derived EVs. 

 

Further investigation is needed to determine whether or not altered biomechanical properties of 

sEVs play important functional roles in cancer progression or if they merely manifest themselves 

as diagnostic signals, and to determine whether or not altered biomechanical properties of 

secreted sEVs are displayed in other cancers with diagnostic utility. In either case, our work 

provides a persuasive proof-of-concept for AFM-based nanomechanical mapping as a 

quantitative metric for label-free, orthogonal profiling of cancer-derived sEVs. Quantifying altered 

biomechanical signatures of secreted sEVs may be a clinically applicable predictor of cancer 

progression or invasion. AFM remains the gold standard for assessing the mechanical signature 

of patient-derived cancer cells,17 and for single sEVs as demonstrated in the current study. The 
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small sample volume required for AFM analysis of sEV isolates is suitable for assessing limited 

volume patient biofluid samples. High speed AFM and automation,49,50 as well as the 

implementation of machine learning methods34 now enable identification of patterns and features 

of sEV biophysical properties in AFM datasets that are clinically relevant.51 In addition, clinically 

useful microfluidic platforms capable of sorting cells based on their stiffness52 have been 

previously described. The development of similar platforms to sort sEVs by stiffness could be 

easily multiplexed with existing microfluidic platforms which analyze sEV protein, DNA, and 

mRNA cargo and have been successfully employed in biofluids.53 Such methods could be utilized 

independently to select sEVs of potential cancerous origin from patient plasma in clinical settings 

for proteomic analysis54 or used to select specific sEV subpopulations for mechanical profiling. 

 

5.4 Conclusions  

Using single AFM force-indentation analysis and nanomechanical mapping we compared the 

structural-mechanical properties of invasive and noninvasive nanosized breast cancer sEVs along 

with their corresponding parental cells. Our findings reveal that secreted sEVs reflect the 

biomechanical signatures of parent breast cancer cells that vary in metastatic potential. sEVs derived 

from soft, invasive breast cancer cells were also significantly softer compared to sEVs derived from stiff, 

non-invasive breast cancer cells, demonstrating that biomechanical fingerprinting of single EVs is an 

attractive label-free orthogonal approach to assess the state of the parental cells, such as during 

malignant transformation. These biomolecular changes in single sEVs that manifest as alterations in key 

nanoscale structural-mechanical EV fingerprints promise new opportunities for orthogonal, label-free sEV 

based biomarkers. Here we demonstrated the feasibility of single sEV structure-mechanical 

measurements in breast cancer patient plasma. Besides an increase in particle counts and size, 

nanoscale sEVs derived from breast cancer patient plasma also showed altered biomechanical 

properties that match the trends observed in in vitro models. Together, our results demonstrate 

the promise of structure-mechanical fingerprinting of sEVs as an attractive high-resolution, label-
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free, orthogonal approach at the nanoscale to detect changes in parental cells, such as during 

malignant transformation, opening new avenues towards breast cancer biomarkers. 

 

5.5 Materials and Methods  

Cell cultures:  

To examine the biophysical characteristics of secreted small extracellular vesicles (sEVs), we first 

isolated sEVs from three cultured cells that represent different metastatic potentials. We chose MCF10A 

(human mammary epithelial cells) and MCF-7 and MDA-MB-231 cells, which are well-established 

breast cancer cell lines from the American Type Culture Collection (Manassas, VA) as described 

previously.31 MCF-7 cells are tumorigenic but non-metastatic and represent the low metastatic potential. 

MDA-MB-231 cells are highly metastatic, with altered adhesion and motility properties.  

 

Cell Culture EV isolation:  

Breast cancer cell lines were cultured in Dulbecco’s modified eagles medium (DMEM; Gibco, Thermo 

Fischer Scientific, Carlsbad CA) supplemented with 10% fetal bovine serum (Atlanta Biologicals), 

100U/ml penicillin, and 100μg/ml streptomycin, in a 5% CO2 humidified atmosphere at 37°C and were 

cultured in six 60 mm Petri dishes (Corning, CA). FBS-originated-exosome-free media was prepared per 

protocol by Théry: FBS was ultra-centrifuged at 100,000 g for 2 hours at 4ºC, then filtered with a 0.22 µm 

sterile filter. After 48 hours of incubation in DMEM supplemented with 10% exosome-free FBS, cell 

viability of 70-80% was confirmed and the media containing EVs were isolated.55 The total cell count was 

2 x107 and 24 mL of EV-containing media was obtained. EV isolation was performed using 

ultracentrifugation (UC), 30% sucrose cushion ultracentrifugation (UCg), or immunoaffinity bead (IA) as 

described previously.11,56 

 

Quality control for cell cultures and chemicals employed 



  

127 
 

Mycoplasma or other microbes can release vesicles interfering with the purity and 

characterization of sEVs. Therefore, we employed rigorous testing of any contamination of the 

cells, cell culture media, other reagents, or chemicals. Cell cultures (ATCC) were regularly tested 

and found negative for mycoplasma contamination using the culture medium (Mycoplasma broth, 

Millipore Sigma) and microscopic analysis. Additionally, EV-depleted media was also evaluated 

microscopically to validate the depletion of sEV-sized particles. Further, since a full depletion of 

EVs may not be possible, as per the recommendations of the ISEV guidelines,57 we used fresh 

media not cultured with cells and a blank buffer as controls. Based on MALS and AFM particle 

sizing, no particulate materials within the size range of sEVs were detectable in these controls. 

Additionally, consistent cell seeding protocols and cell viability tests were used across multiple 

EV isolation runs (n>3) to ensure the reproducibility and quality of the isolated sEVs. All 

chemicals, buffers and other reagents used were molecular grade. 

 

AFM nanomechanical analysis of single cells:  

Single cell mechanical measurements were obtained on breast cancer cells cultured on 60 mm tissue 

culture dishes (Corning) as described previously.43 Cells that stained positive for Annexin V (Sigma-

Aldrich) as an indicator of apoptosis, were excluded from the analysis. All measurements were conducted 

at 37°C using a Catalyst atomic force microscope (Bruker Instruments, Santa Barbara, CA) using a 

combined inverted optical/confocal microscope (Zeiss, Corp, Thornwood, NY) that permits lateral 

positioning of the AFM tip over the cell center with submicron precision. AFM measurements were 

collected in contact mode using silicon nitride cantilevers (MLCT, Bruker Ltd., CA) with experimentally 

determined spring constants of 0.02 N/m and a tip radius of ~20 nm. Force-displacement curves were 

recorded at 1Hz for the determination of Young's modulus. Conversion of force-displacement curves to 

force-indentation curves allows the determination of the local cell surface elastic modulus or “stiffness” 

(Young's modulus, E). AFM measurements were obtained in at least 60 cells in three different 

experiments.  
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AFM nanomechanical analysis of single sEVs:  

For sEV mechanics, 10 µL of 10% (3-Aminopropyl) triethoxysilane or AP solution was incubated with 

clean, freshly cleaved mica discs in a vacuum chamber overnight. Nitrogen gas was purged, and the 

mica discs were stored in a nitrogen gas chamber; 50 µL of the EV samples were incubated over AP-

modified mica surfaces for 10 min. To remove unbound sEVs, mica was washed with PBS four times; 

50 µL of PBS was added on mica before imaging. AFM images were taken at 256 samples per line, at 

0.6 Hz to locate single sEVs prior to indentation measurements. At least sixty force-displacement curves 

were recorded over EVs (n >30) for each sample in three different experiments using contact mode at 

setpoint force of 1nN at 1Hz (using MLCT probes, Bruker Ltd. CA). The Young’s modulus (E, MPa) was 

calculated by converting the force curves into force indentation curves and fit with the Hertz-Sneddon 

thin-film model using the full length of the force-indentation curve from the point of contact to the maximum 

force setpoint.58 Both single cell and EV single force indentation data were processed using SPIPTM. 

 

Simultaneous AFM based structure-mechanics mapping of breast cancer cell sEVs:  

20 µL of isolated sEV samples were incubated over AP-modified mica substrates for 3 min. To remove 

unbound sEVs, substrates were washed twice with 50 µL PBS and imaging in PBS. Measurements were 

conducted in PBS using a Dimension FastScan Microscope (Bruker Instruments, Santa Barbara, CA) in 

off-resonance tapping mode, with ScanAsyst Fluid tips (Bruker, CA) with radius ~20 nm and 

experimentally determined spring constants of 0.7 N/m. AFM images were taken at 256 samples per line, 

at 0.75 Hz, at optimal force setpoints of 1.25 nN and 2 nN. Images were exported offline and processed 

using Gwyddion. Images were flattened with a second-order polynomial for the height channel, and a 

first-order polynomial for the Young’s Modulus and Adhesion channels as described previously.34 The 

Young’s modulus (E, MPa) was calculated using the Hertz-Sneddon thin film model using the full length 

of the force-indentation curve from the point of contact to the maximum force setpoint. Cross-sections 

were taken horizontally across the middle of the sEV images using x, y coordinates to align cross-sections 
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across all channels. The box plots show data obtained from 30 pixels by 30-pixel area (~3500 nm2) at 

the apical region of the sEVs, using XY coordinates to align the covered area across all channels (Figure 

S4). 

 

Plasma sEV-like particle isolation, AFM nanomechanical measurements, and data analysis:  

Human plasma samples were collected from six newly diagnosed breast cancer patients and three non-

cancer patients, matched for age and gender. Samples were obtained prior to surgery or neoadjuvant 

therapy. The main clinical characteristics of all samples are reported in Supplemental Table S1.  Written 

informed consent was obtained from all subjects [in accordance with IRB protocol; IRB # 20-001197]. All 

samples were acquired through the collection of whole blood in ethylenediaminetetraacetic acid 

(EDTA) tubes. After blood collection, the samples were spun at 3,000 RPM (Eppendorf Centrifuge 

5810 No. 0012529- rotor A-4-81) for 10 min. Samples were stored in 1ml aliquots at - 80ºC until further 

processing. Samples were thawed and centrifuged at 10,000g for 30 minutes to remove large (micron 

sized) extracellular vesicles. sEV-like particles were isolated from the supernatant using the IA method 

as described previously.11 Isolated sEV-like samples were prepared on AP-modified mica and 

nanomechanical mapping was performed by AFM as above. Patient plasma sEV-like particle 

diameters and relative counts were obtained from AFM images using grain analysis function on 

8 μm × 8 μm height images obtained at a resolution of 256 samples per line, at 0.75 Hz.11  

 

Statistical Analysis:  

Data were expressed as mean values ± standard deviations. Their statistical significance was identified 

by the Student's t-test or one-way analysis of variance (ANOVA) (Origin 8.0, OriginLab Corporation, 

Northampton, Massachusetts) for the differences among breast cancer cells and EVs. P-values of less 

than 0.05 was considered to be statistically significant. For multi-parametric sEV analysis, each feature 

was summarized by cell type and imaging force set-points in terms of means, standard deviations, and 

quartiles. We used one- and two-way ANOVA models followed by Tukey post-hoc test to compare 
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features between cell types at different imaging force set points using the rstatix package in R. P-values 

< 0.05 were considered statistically significant. Principal Component Analysis (PCA) was used to 

transform the number of potentially correlated variables and interpret the data. We selected the minimum 

number of components to explain at least 50% of the variation in the features and presented the data in 

a PCA scatter plot, clustering observations by cell type and imaging force (See Supplemental Figure 

S5). These analyses were performed using SAS v. 9.4 (SAS Institute Inc., Cary, NC). 

 

5.6 Supplementary Information 

 

5.6.1. Verification of membrane vesicles in the expected size range of 40-120nm diameter 

and particle-size distributions for breast cancer cell line derived sEVs: The cell culture 

derived EV isolates used for this study were confirmed for the presence of lipid bilayer membrane 

bound vesicles using TF20 High-Resolution CryoEM (FEI) (Figure S1A). Particle sizes for 

different isolates were determined using AFM imaging and nanoparticle tracking analysis (Figure 

S1B and C respectively). These measurements were consistent with orthogonal particle size 

distributions obtained using Resistive Pulse sensing and optical interference-based analysis and 

as described previously. The ExoCheck EV antibody array was used to confirm the presence of 

EVs isolated from MCF7 and MDA-MB-231 cells (Figure S1D), utilizing common sEV external 

surface markers (CD63, EpCAM, ANXA5, CD81, ICAM) and internal markers (TSG101, ALIX, 

and FLOT1), as well as GM130 cis-Golgi marker to monitor any cellular contamination. Mass 

spectrometric proteomic analysis of breast cancer cell derived sEV isolates by cellular component 

(Figure S1E) shows enriched small extracellular vesicles, exosomes, and the presence of plasma 

membrane, cytoskeleton and extracellular proteins.  
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Figure S1. Breast cancer cell line derived sEV characterization. A) Verification of lipid bilayer 
membrane bound vesicles in breast cancer cell derived sEV isolates using cryo-EM. The lipid 
bilayer membrane shows a distinct contrast compared to the lumen of the vesicle. B) AFM particle 
counts showing higher counts in MCF7 and MDA-MB-231 compared to MCF-10A cells in the 
expected 60-100nm sEV size range. C) NTA of sEVs showing particles per ml and median particle 
diameters. The black line shows the best-fitting curve. Red line represents the error bar. Shown 
is a representative chart of three independent repeats. D) Exo-Check EV antibody array of five 
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external (CD63, EpCAM, ANXA5, CD81, and ICAM) and three internal (TSG101, ALIX, and 
FLOT1) protein markers in EVs isolated from MCF7 and MDA-MB-231 cells. Other markers 
include GM130 cis-Golgi marker to monitor any cellular contamination in sEV isolations, a labeled 
positive control for HRP detection, and a blank spot as a background control. E) Mass 
spectrometric proteomic analysis of breast cancer cell derived sEV isolates. Cellular components 
show enriched small extracellular vesicles, exosomes, and the presence of plasma membrane, 
cytoskeleton and extracellular proteins.  
 

5.6.2. Identification features sEVs from non-sEVs via AFM nanomechanical mapping.  

Figure S2. Localized overlay of AFM structural-nanomechanical features (i.e., height, 
shape, size, and Young’s modulus) together allow differentiation of single EVs from other 
non-EV co-isolated components of similar size or shape. Representative AFM images of (A) 
(3-Aminopropyl) triethoxysilane (APTES)-functionalized mica substrate, (B) isolated BSA control 
particle, and (C-D) small non-membrane bound particles with diameters similar to single sEVs, 
For each sample, the (i) height, (ii) Young’s Modulus, and (iii) adhesion force are shown.  
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5.6.3. AFM based counts and topographic height variations in sEV-like particles in patient 

plasma.   

 

Figure S3. Representative images and cross-sections for (A) Benign (B) DCIS and (C) 
Invasive patient plasma sample derived sEVs. (i) Representative wide field images (8 x 8 µm, 
256 samples per line) of patient plasma sEV-like particles. Larger sEV-like particles are marked 
with a white dashed circle. (ii) Representative images of single sEV-like particles. (iii) Height 
cross-sections for three single sEVs from two patients of each histological classification show 
varying height and diameter for all samples. (iv) NTA of plasma sEVs showing particles per ml 
and median particle diameters. The black line shows the best-fitting curve. Red line represents 
the error bar. Shown is a representative chart of three independent repeats. 
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5.6.4. AFM indentation analysis of sEVs workflow. 

 

Figure S4. AFM indentation analysis workflow. A) sEVs adhered to a relatively flat substrate 
adopt a hemispherical shape, with height h, before indentation by the AFM tip. B) The AFM tip 
indents the sEV and deforms the lipid bilayer membrane. The indentation depth, δ, is calculated 
as the difference between the vesicle’s original height and its new height. C) An individual force-
distance curve showing EV mechanical response to indentation as described previously (see 
reference 34). D) Representative force-distance curves show varying sEV indentation depths. 
i) Lower force setpoint, 1.25 nN. ii) Higher force setpoint, 2 nN E) Apical region of the sEV, 
identified in the height channel. F) Simultaneously obtained height, modulus, and adhesion 
values from the apical region of the sEV are represented as box plots. The median is shown as 
a solid line within the colored box, and the two ends of the box mark the 25th percentile (Q1) 
and the 75th percentile (Q3). The lines extending from the box show the spread of values below 
the 25th percentile and above the 75th percentile. 
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5.6.5. Comparison of AFM based nanomechanical properties for breast cancer cell 

derived sEVs.   

 

 

Figure S5. Principal component analysis shows separation of clusters based on breast 
cancer metastatic potential. Component one separates cell types, while component two 
separates imaging force, though the directions are flipped, representing the cell type and 
imaging force interaction. 
 
TABLE S1.  Specific Patient Characteristics.  

No. Age/sex Clinical History Cytological/Histology 

1 68/F Benign breast with sclerosing adenosis Benign 

2 45/F Benign fibrosis tissue with small 
fibroadenoma 

Benign 

3 26/F Benign/stromal fibrosis and fibroadenomatoid 
nodule 

Benign 

4 64/F DCIS DCIS 

5 68/F DCIS DCIS 

6 64/F DCIS DCIS 

7 59/F T2N1aMx Invasive 

8 47/F IDC, T1bN0 Invasive 

9 47/F T3N1aMx Invasive 
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Chapter 6. Nanoscale Imaging and Analysis of Cerebrospinal Fluid-

Derived Single EVs 
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6.1 Abstract 

Extracellular vesicles (EVs) have attracted attention as potential biomarkers for various diseases 

because they are found ubiquitously in biofluids such as cerebrospinal fluid (CSF), and offer an 

attractive alternative to tissue biopsies, especially for invasive procedures such as brain tumor 

biopsies. Here, we report the first high-resolution structural and mechanical analysis of CSF-

derived single EVs. Our results demonstrate the ability of AFM to successfully elucidate sEV 

nano-metrics including count, size distribution, and biomechanical properties in CSF using 

minimal sample volume, without the need to pool samples.  

 

6.2 Introduction 

Although neuroimaging is an important modality in the diagnosis of brain tumors, it is not 

unambiguous, and direct access to brain tissues through biopsy or surgery is burdened with 

medical risks, ethical considerations, sampling errors due to tumor heterogeneity, and offers but 

a snapshot of the inherently dynamic process of tumor growth.1,2 Therefore, there is a critical 

unmet need for the development of orthogonal circulating biomarkers, such as extracellular 

vesicles (EVs), that can be used not only to diagnose, but also to monitor disease progression on 

therapy. 

 

EVs3 are 30 - <1,000-nanometer particles secreted into the extracellular environment by a wide 

range of normal mammalian cells.4,5 EVs are known to play a role in intercellular communication.6 

EVs also harbor oncoproteins and other diagnostically important elements of GBM transcriptome, 

genome and lipidome.7–9 The presence and high stability of EVs in blood and cerebrospinal fluid 

(CSF), combined with their bio-molecular composition that mirrors the intra-tumoral environment, 

highlights their applicability as circulating biomarkers for glioma diagnosis and therapeutic 

monitoring.2,8,10  
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While it is increasingly evident that EVs circulating in body fluids such as CSF may provide unique 

and assessable ‘nanoscale windows’ into brain tumors, the low abundance and nanometer scale 

dimensions of EVs pose unique challenges. Uncertainties exist with respect to impact of different 

isolation techniques employed, as well as rigor and reliability of EV characterization.11,12 

Moreover, often there is a need for economizing CSF samples by pooling individual CSF volumes 

for downstream biomolecular analysis.13 Together, pre-analytical variabilities arising from 

variability in EV isolation techniques13–15 and limited CSF volume availability in patient samples 

limit the adequacy of commonly used characterization tools to probe nanometer-sized and highly 

heterogeneous EVs in CSF. Compared to proteomic and genomic cargo analysis of CSF-derived 

EVs, information on quantitative, high resolution, structural-mechanical properties of CSF EV 

isolates, and the impact of isolation techniques, is scarce. 

 

Here, using atomic force microscopy (AFM)16,17 as a sub-nm imaging and force manipulation tool 

for single EVs,18 we report the first high-resolution structural and mechanical analysis of CSF-

derived single EVs. First, we demonstrate the applicability of AFM-based single EV analysis as 

an efficient, quantitative tool to study the abundance, structure, and biomechanical properties of 

CSF-derived single EVs in a label-free manner. These biophysical properties largely remain 

obscured in the ensemble or other characterization techniques due to detection limits of particle 

size or concentration inherent in most analytical techniques employed. Second, using minimal 

(less than 1 milliliter) volumes of CSF, we successfully compared EVs isolated via different 

isolation methods within the same patient samples, in replicates.  

 

6.3 Results & Discussion 

CSF samples were obtained from four patients undergoing lumber puncture or shunt at UCLA 

Medical Centre. Written informed consents were obtained from all subjects as per UCLA IRB 

approved study protocol (IRB#10-000655). The 1 mL volume samples were centrifuged at 10,000 
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g for 30 mins at 4°C to remove microvesicles and cell debris. EVs were isolated using size 

exclusion chromatography (SEC) using Izon qEV Original (35 nm resin pore) column, precipitation 

by ExoQuick-TC (PT), or a combination of the two (SECPT) as outlined in Supplemental Figure 

S1.  

 

First, we evaluated the feasibility of determining the structure-mechanical properties of CSF-

derived single sEVs using AFM nanomechanical mapping.19 Small EVs (sEVs) isolated by SEC 

or SECPT were incubated on (3-Aminopropyl) triethoxysilane (AP)-modified mica substrates and 

imaged under PBS conditions with ScanAsyst Fluid tips (Bruker, CA) with radius ~20 nm and 

experimentally determined spring constants of 0.7 N/m. Using the off-resonance mode of a 

Dimension FastScan AFM (Bruker Instruments, Santa Barbara, CA)  for increased sensitivity, we 

combined simultaneous structural visualization and biomechanical analysis of single sEVs. A 

representative single sEV-like particle isolated from CSF sample shows round, oblate morphology 

(Figure 1) Besides topography, we also mapped the mechanical deformation of sEVs, the 

localized surface modulus corresponding to small indentation, and the Young’s modulus 

corresponding to deeper indentations, to determine previously undetermined multi-parametric 

biophysical characteristics of CSF derived sEVs (Figure 1A). The maximum imaging force 

employed (setpoint force) was optimized to allow for successful tracking of particles immobilized 

on the surface with minimal mechanical perturbation. Figure 1B shows representative maps for 

simultaneously obtained (i) topography, (ii) localized surface modulus, (iii) Young’s modulus, and 

(iii) deformation profiles obtained over an individual sEV obtained from patient CSF sample. The 

cross-section profiles, aligned using XY coordinates across all channels, were obtained across 

the lines (white, broken) marked on the sEVs in the corresponding panels. Typical heights of 

single EVs ranged between 20 and 30 nm (Figure 1B-i; and C-i). We resolved the localized 

surface modulus (Figure 1B-ii and C-ii), Young’s modulus (Figure 1B-iii and C-iii), and 

deformability (Figure 1B-iv; and C-iv) of single sEVs, revealing areas of increased localized 
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surface modulus on the apical region of the sEV membrane which potentially arise from residual 

polymeric matrix. The well-resolved high-resolution images establish the suitability of our AFM 

nanomechanical approach to evaluate clinical CSF samples.  

 

 

Figure 1. AFM imaging of CSF-derived sEVs. (A) Indentation schematic of an sEV’s response 
to the applied force of an AFM tip. (i) Initially, the tip is far from the sEV, and the sEV adopts a 
hemispherical shape with height h on the relatively flat surface. (ii) The AFM tip begins to indent 
the sEV and slightly deforms the membrane. The indentation depth, δ, is calculated as the 
difference between the vesicle’s original height and new height. The small indentation is used 
in the calculation of the localized surface modulus. (iii) The AFM tip indents the sEV further, to a 
set force setpoint, from which the Young’s modulus is calculated.  (B) Representative maps of 
EVs derived from CSF patient samples, and (C) corresponding cross-section profiles, marked 
with a broken white line, for (i) height, (ii) localized surface modulus, (iii) Young’s modulus and 
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(iv) deformation. The sEV is round, and relatively flat except for a small raised area. The localized 
surface modulus image shows areas of increased stiffness across the center of the sEV, while 
the Young’s modulus image shows uniform modulus across the sEV. The Young’s modulus profile 
and the localized surface profile show high and low modulus values at the same coordinates on 
the sEV, with the exception of a spike in localized surface modulus near the center of the sEV. 
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Table 1. Biophysical characteristics of CSF sEV isolates. 

Sample 
Isolation 
Method 

Particle Count 
(Particles/um2) 

 
(Mean ± Error) 

Size (nm) 

(Mean ± STDEV) 

RMS Surface 
Roughness 

(nm) 

(Mean) 

Localized 
Surface Modulus 

(MPa) 
(Mean ± STDEV) 

Young’s Modulus 
(MPa) 

 
(Mean ± STDEV) 

CSF-1 

GBM 
leptomeningeal 

SEC 4.2 ± 0.5 67.0 ± 25.8 2.42 2.40 ± 1.12 4.84 ± 0.51 

SECPT 4.8 ± 0.3 55.5 ± 11.0 1.75 7.62 ± 2.51 18.98 ± 2.29 

PT 10.8 ± 4.4 57.3 ± 12.5 2.17 - - 

CSF-2 

GBM 
hydrocephalus 

SEC 1.4 ± 0.3 68.1 ± 21.7 3.03 7.75 ± 3.48 7.31 ± 1.58 

SECPT 1.4 ± 0.4 64.1 ± 20.9 2.95 11.62 ± 5.03 14.49 ± 1.73 

PT 6.6 ± 2.5 72.4 ± 30.8 3.78 - - 

CSF-3 

Lung 
adenocarcinoma 

SEC 1.5 ± 0.1 62.8 ± 22.9 2.46 4.01 ± 1.37 8.62 ± 2.13 

SECPT 3.80 ± 0.1 65.7 ± 26.3 2.95 2.76 ± 0.88 7.09 ± 1.39 

PT 7.0 ± 2.0 63.0 ± 18.2 2.50 - - 

CSF-4 

Metastatic 
cervical cancer 

SEC 3.1 ± 2.4 61.4 ± 15.9 1.82 3.48 ± 3.08 7.88 ± 4.46 

SECPT 5.4 ± 0.8 65.9 ± 24.6 1.90 15.15 ± 7.31 17.69 ± 2.83 

PT 2.7 ± 0.4 61.7 ± 18.7 2.55 - - 
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Robust characterization of sEVs serves as the foundation for any downstream applications. 

Additionally, the choice of isolation method impacts the quantity and quality of sEV isolates,12 

complicating the optimization of sEV isolation from low abundance, limited volume samples such 

as CSF. We therefore leveraged the minimal sample volume requirements of AFM imaging to 

evaluate variabilities in CSF sEVs across different isolation techniques. We employed SEC, PT, 

and SECPT isolation methods in parallel for rigorous characterization and yield maximization. Our 

preliminary evaluation of CSF-derived particles elucidates the heterogeneity in key sEV nano-

metrics (Table 1) including counts, size distributions, and structural-biomechanical characteristics 

of sEV-like particles associated with GBM CSF compared to non-cancer, lung and cervical 

metastatic cancer CSF (Figure 2) sEVs compared across isolation techniques. The RMS 

Roughness, and the Young’s modulus and localized surface modulus distributions were obtained 

from 20 pixel by 20-pixel area (~1500 nm2) at the apical region of the EVs, using XY coordinates 

to align the covered area across all channels. 
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Figure 2. AFM-based particle counts and sized distributions for CSF-derived sEVs. Particle 
size distributions (A) for particles isolated from four patient CSF samples (i-iv) using SEC, the 
combination SECPT method, and PT alone, and (B) representative wide field images for (i) SEC 
(ii) SECPT and (iii) PT are shown. Particle counts and size distributions are obtained from AFM 
images using grain analysis function on 8 μm × 8 μm height images obtained at a resolution of 
256 samples per line, at 0.75 Hz. Significant differences in the size distributions are marked with 
asterisks: * for p < 0.05, ** for p < 0.01, *** for p < 0.001, as determined by one-way ANOVA 
followed by Tukey’s post-hoc test. 

Of the three isolation methods used, SECPT produced higher particle counts for CSF-1, CSF-3, 

and CSF-4 compared to SEC alone, but did not demonstrate the expected 25-fold increase in 

concentration. Consistent with previous results, PT isolations alone produced the highest particle 

counts for three CSF samples, but also contained particle aggregates and co-isolated non-sEV 

particles. CSF-1, collected from a patient with GBM leptomeningeal spread, showed the highest 

particle counts across the three isolation methods. CSF-4, collected from a patient with metastatic 

cervical cancer, showed the second highest particle counts across the three isolation methods. 

For CSF-1 and CSF-2, SECPT produced a statistically significant smaller size distribution than 

SEC alone, but SECPT did not produce a significantly significant change in size distribution for 
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CSF-3 and CSF-4. When comparing SECPT isolates to PT isolates, CSF-1 and CSF-2 showed 

a statistically significant increase in size, while the CSF-4 SECPT isolate was smaller than the 

SEC isolate. None of the CSF-3 isolates showed statistically significant differences in size 

distribution between each other.  

 

  

Figure 3. Surface roughness of CSF sEVs. (A) Linear roughness profiles and (B) representative 
height images for sEVs isolated using (i) SEC, (ii) SECPT, and (iii) PT. The PT sEV shows the 
greatest roughness profile, and polymeric matrix can be seen in the height image. The Young’s 
modulus, localized surface modulus, and deformation channels can be found in Supplemental 
Figure S2. (C) RMS Roughness of sEVs from all four patient samples. SECPT and PT-isolated 
sEVs show a wider distribution of roughness than SEC isolated sEVs   

Next, we examined the impact of isolation method on the surface roughness and elastic modulus 

of single sEVs (Figure 3).  Line roughness profiles of single sEVs shows high roughness for PT 

sEVs compared to SEC and SECPT sEVs, and representative topography images (Figure 3B) 

show a representative PT sEV with attached polymeric matrix compared to round SEC and 

SECPT sEVs with no structural irregularities. Across the four CSF samples probed, PT isolates 

showed the highest RMS roughness (Figure 3C), though SECPT sEVs showed the highest 
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variance in RMS Roughness. The obtained surface roughness values for PT isolates are 

consistent with previous work which has shown that the PT method produces sEVs with higher 

surface roughness12 than other methods. With regards to the localized surface modulus and 

Young’s modulus (Table 1), all sEV isolates except the CSF-2-SEC isolate showed higher 

Young’s modulus (deeper indentation) than localized surface modulus (small indentation), likely 

due to increased substrate effects at deeper indentations.19 SECPT isolates from CSF-1, CSF-2, 

and CSF-4 demonstrated higher localized surface modulus and Young’s modulus than 

corresponding SEC isolates, indicating that the combination method stiffens sEV nanoscale 

surface structure. 

 

6.4 Conclusions 

In conclusion, our study on nanoscale EV structural-mechanical analysis in CSF samples 

highlights the novel potential implications for AFM technology in improved isolation, quantification 

and single vesicle characterization of CSF EVs for GBM (and other brain-associated) biomarkers. 

An important obstacle to overcome prior to the widespread adoption of CSF EVs for disease 

monitoring or diagnosis is the limited sample volume and low abundance of EVs in CSF.  Sample 

pooling or dilution is inappropriate for many applications, averages the variability between 

samples, eliminating the range and outliers, and may mask problems related to the performance 

of an assay. Our results demonstrate the ability of AFM to successfully elucidate sEV nano-

metrics in CSF using minimal sample volume without the need to pool samples. Though the 

primary focus of this work has been single EV characterization of CSF derived sEVs, we also 

considered isolation methods performance characterization necessary to support novel uses for 

future EV analysis. We found that while the combination SECPT method increases the particle 

count of CSF sEV isolates, the elastic modulus of sEVs increased in SECPT isolates compared 

to SEC alone. Robust characterization of EVs serves as the foundation for any downstream 
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applications: single EV-based analysis to quantify isolation method dependent nanoscale surface 

structure effects as shown here, combined with biochemical analysis, will be critical to develop 

“gold standard” protocols for isolation of EVs from single patient CSF samples.  

 

6.5 Methods 

Human CSF Samples: CSF samples were obtained from four patients undergoing lumber 

puncture or shunt at UCLA Medical Centre. Written informed consents were obtained from all 

subjects as per UCLA IRB approved study protocol (IRB#10-000655). The 1 mL volume 

samples were centrifuged at 10,000 g for 30 mins at 4°C to remove microvesicles and cell 

debris. The supernatant was collected and frozen at −80◦C until use. CSF samples were tested 

for the presence of blood and other test parameters including pH, protein content, and pH using 

Multistix 10 SG Test Strips (Siemens, PA, USA). 10 microliters CSF were placed on each spot, 

and test parameters were visually quantified according to manufacturer guidelines, and 

compared to a quality control strip using 10 microliters PBS per spot.  

 

EV isolations: EVs were isolated using multiple techniques as outlined in Supplemental Figure 

S1. Size exclusion chromatography (SEC) based EV isolation was performed using Izon qEV 

Original (35 nm resin pore) size exclusion chromatography column according to manufacturer 

guidelines. Briefly, after flushing the column with 0.22 micron filtered PBS, 500 microliters pre-

centrifuged CSF was placed on the column. 1.5 mL EV-containing solution was collected and 

stored at 4°C and analyzed within a week. Additionally, we employed a combination of size 

exclusion followed by precipitation (celled SECPT) isolation of EVs. SEC-isolated EV-containing 

solution was collected as above and concentrated using PEG precipitation methods as previously 

described.12 Briefly, 1.5 mL EV-containing solution was combined with 300 microliters ExoQuick-

TC solution (System Biosciences, CA) in sterile Eppendorf tubes, mixed by inversion, and 



  

154 
 

incubated at 4°C for 18 hrs. The solution was centrifuged at 1,500g for 30 minutes in an Eppendorf 

Minispin (Eppendorf, Germany). The resulting pellet was resuspended in 60 microliters PBS and 

stored at 4°C. To compare the effectiveness of additional precipitation step in concentrating EVs 

without affecting their structure and other biophysical characteristics, we compared SECPT to 

SEC and PT only isolates within the same CSF samples.  

 

Atomic Force Microscopy (AFM) based particle counts, size distribution, and single 

particle biomechanical analysis: 20 µL of isolated EV samples were incubated over (3-

Aminopropyl) triethoxysilane (AP)-modified mica substrates (Ted Pella Inc, CA) for 3 min. To 

remove unbound EVs, substrates were washed twice with 50 µL PBS and imaging in PBS at room 

temperature. Measurements were conducted in PBS using a Dimension FastScan Microscope 

(Bruker Instruments, Santa Barbara, CA) in off-resonance tapping mode, with ScanAsyst Fluid 

tips (Bruker, CA) with radius ~20 nm and experimentally determined spring constants of 0.7 N/m. 

AFM images were taken at 256 samples per line, at 0.75 Hz, at optimal force setpoints of 1.25 nN 

and 2 nN. Images were exported offline and processed using Gwyddion or custom R software. 

Images were flattened with a second-order polynomial for the height channel, and a first-order 

polynomial for the Young’s modulus, and deformation channels as described previously.19 EV 

cross-sections were taken horizontally across the middle of the EV images using x, y coordinates 

to align cross-sections across all channels. The Young’s modulus and localized surface modulus 

distributions were obtained from 20 pixel by 20-pixel area (~1500 nm2) at the apical region of the 

EVs, using XY coordinates to align the covered area across all channels. RMS roughness was 

calculated over the same 20 pixels by 20 pixel area of the height channel using the Statistical 

Quantities Tool in Gwyddion.   

 



  

155 
 

Statistical Analysis: Data were expressed as mean values ± standard deviations. Their 

statistical significance was identified by the Student's t-test or one-way analysis of variance 

(ANOVA), followed by Tukey’s post-hoc test using the rstatix package in R for the differences 

among different CSF patient samples and between isolation methods. P value of less than 0.05 

was considered to be statistically significant.  

 

6.6 Supplemental Information 

 

Supplemental Figure S1. Isolation of sEVs from CSF. Initially, CSF is cleared of microvesicles 
and cellular debris by centrifugation. The cleared supernatant is then run through a size exclusion 
column according to manufacturer guidelines to isolate purified CSF-SEC sEVs. CSF-SEC sEVs 
are concentrated by incubation with ExoQuick-TC solution to isolate CSF-SECPT sEVs. Cleared 
supernatant incubated with ExoQuick-TC to produce purified CSF-PT sEVs serves as a control. 
sEVs from all methods were characterized by AFM to quantify particle counts, size distribution, 
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surface roughness, and biomechanical properties, namely Young’s modulus, deformation, and 
localized surface Young’s modulus. 

 

Supplemental Figure S2. Representative maps of EVs derived from CSF patient samples 
isolated using (A) SEC and (B) PT for (i) height, (ii) localized surface modulus, (iii) Young’s 
modulus and (iv) deformation. The SEC-isolated sEV is round, and relatively flat, with uniform 
Young’s modulus and localized surface modulus across the surface. The PT-isolated sEV has a 
filament, likely residual polymeric matrix, attached to it. The filament shows lower Young’s 
modulus and localized surface modulus and higher deformation than the main body of the sEV.  
 

6.7 References 

1.  Verma N, Cowperthwaite MC, Burnett MG, Markey MK. Differentiating tumor recurrence 

from treatment necrosis: a review of neuro-oncologic imaging strategies. Neuro Oncol. 2013 

May;15(5):515–534. PMCID: PMC3635510 



  

157 
 

2.  Shankar GM, Balaj L, Stott SL, Nahed B, Carter BS. Liquid biopsy for brain tumors. Expert 

Rev Mol Diagn. 2017 Oct;17(10):943–947. PMCID: PMC5856481 

3.  Théry C. Exosomes: secreted vesicles and intercellular communications. F1000 Biol Rep. 

2011 Jul 1;3. PMCID: PMC3155154 

4.  Théry C, Zitvogel L, Amigorena S. Exosomes: composition, biogenesis and function. Nat 

Rev Immunol. 2002 Aug;2(8):569–579. PMID: 12154376 

5.  Colombo M, Raposo G, Théry C. Biogenesis, Secretion, and Intercellular Interactions of 

Exosomes and Other Extracellular Vesicles. Annu Rev Cell Dev Biol. Annual Reviews; 2014 

Oct 6;30(1):255–289. PMID: 25288114 

6.  Xu R, Greening DW, Zhu H-J, Takahashi N, Simpson RJ. Extracellular vesicle isolation and 

characterization: toward clinical application. J Clin Invest. American Society for Clinical 

Investigation; 2016 Apr 1;126(4):1152–1162. PMID: 0 

7.  Al-Nedawi K, Meehan B, Micallef J, Lhotak V, May L, Guha A, Rak J. Intercellular transfer of 

the oncogenic receptor EGFRvIII by microvesicles derived from tumour cells. Nat Cell Biol. 

2008 May;10(5):619–624. PMID: 18425114 

8.  Graner MW, Alzate O, Dechkovskaia AM, Keene JD, Sampson JH, Mitchell DA, Bigner DD. 

Proteomic and immunologic analyses of brain tumor exosomes. FASEB J. 2009 

May;23(5):1541–1557. PMCID: PMC2669426 

9.  Sharma S, Gimzewski J. The Quest for Characterizing Exosomes: Circulating Nano-Sized 

Vesicles. Journal of Nanomedicine & Nanotechnology. 2012 Oct 1;03.  

10.  André-Grégoire G, Gavard J. Spitting out the demons: Extracellular vesicles in glioblastoma. 

Cell Adh Migr. 2016 Oct 13;11(2):164–172. PMCID: PMC5351723 

11.  Woo J, Sharma S, Gimzewski J. The Role of Isolation Methods on a Nanoscale Surface 

Structure and its Effect on the Size of Exosomes. J Circ Biomark. 2016 Jan 1;5:11–11. 

PMID: 28936259 



  

158 
 

12.  Sharma S, LeClaire M, Wohlschlegel J, Gimzewski J. Impact of isolation methods on the 

biophysical heterogeneity of single extracellular vesicles. Scientific Reports. Nature 

Publishing Group; 2020 Aug 7;10(1):13327. PMCID: PMC7414114 

13.  Kupcova Skalnikova H, Bohuslavova B, Turnovcova K, Juhasova J, Juhas S, Rodinova M, 

Vodicka P. Isolation and Characterization of Small Extracellular Vesicles from Porcine Blood 

Plasma, Cerebrospinal Fluid, and Seminal Plasma. Proteomes. 2019 Apr 25;7(2):17. 

PMCID: PMC6630935 

14.  Sidhom K, Obi PO, Saleem A. A Review of Exosomal Isolation Methods: Is Size Exclusion 

Chromatography the Best Option? International Journal of Molecular Sciences. 

Multidisciplinary Digital Publishing Institute; 2020 Jan;21(18):6466.  

15.  Li M, Huang L, Chen J, Ni F, Zhang Y, Liu F. Isolation of Exosome Nanoparticles from 

Human Cerebrospinal Fluid for Proteomic Analysis. ACS Appl Nano Mater. American 

Chemical Society; 2021 Apr 23;4(4):3351–3359.  

16.  Binnig G, Quate CF, Gerber Ch. Atomic Force Microscope. Phys Rev Lett. American 

Physical Society; 1986 Mar 3;56(9):930–933. PMID: 10033323 

17.  Sharma S, LeClaire M, Gimzewski JK. Ascent of atomic force microscopy as a 

nanoanalytical tool for exosomes and other extracellular vesicles. Nanotechnology. IOP 

Publishing; 2018 Feb;29(13):132001. PMID: 29376505 

18.  Sharma S, Rasool HI, Palanisamy V, Mathisen C, Schmidt M, Wong DT, Gimzewski JK. 

Structural-Mechanical Characterization of Nanoparticle Exosomes in Human Saliva, Using 

Correlative AFM, FESEM, and Force Spectroscopy. ACS Nano. 2010 Apr 27;4(4):1921–

1926. PMID: 20218655 

19.  LeClaire M, Gimzewski J, Sharma S. A review of the biomechanical properties of single 

extracellular vesicles. Nano Select. 2021;2(1):1–15.   



  

159 
 

Chapter 7. Single Cell Mechanotype and Associated Molecular 

Changes in Urothelial Cell Transformation and Progression 
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7.1 Abstract 

Cancer cell mechanotype changes are newly recognized cancer phenotypic events, whereas 

metastatic cancer cells show decreased cell stiffness and increased deformability relative to 

normal cells. To further examine how cell mechanotype changes in early stages of cancer 

transformation and progression, an in vitro multi-step human urothelial cell carcinogenic model 

was used to measure cellular Young’s modulus, deformability, and transit time using single-cell 

atomic force microscopy, microfluidic-based deformability cytometry, and quantitative 

deformability cytometry, respectively. Measurable cell mechanotype changes of stiffness, 

deformability, and cell transit time occur early in the transformation process. As cells progress 

from normal, to preinvasive, to invasive cells, Young’s modulus of stiffness decreases and 

deformability increases gradually. These changes were confirmed in three-dimensional cultured 

microtumor masses and urine exfoliated cells directly from patients. Using gene screening and 

proteomics approaches, we found that the main molecular pathway implicated in cell 

mechanotype changes appears to be epithelial to mesenchymal transition. 

 

7.2 Introduction 

Urothelial carcinoma (UC) of bladder is the fifth most common cancer in the United States.1 

Because of the high rate of disease recurrence and progression, lifelong continued monitoring is 

an essential part of management, which places a heavy burden on patients and healthcare 

services.2 Urine cytology is the most accessible method to examine potential UC cells. 

Morphologically, malignant cells present increased nuclear-to-cytoplasmic (N/C) ratio and 

abnormal nuclear architecture, which provides the basis of cytology diagnosis. However, relying 

on morphology alone has many limitations. Some high-grade carcinoma cells also have abundant 

cytoplasm.3 Benign reactive urothelial cells, tissue cluster, viral effect, post-treatment effect, and 

inflammation could increase the ambiguity and subjectivity. In addition, although in cystoscopy, 
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high-grade invasive carcinoma often appears with large or multiple lesions, there is no specific 

morphological or molecular features for distinguishing invasive lesions from non-invasive tumors. 

This has a major clinical implication as invasive tumors, especially muscle invasive tumors, 

typically require aggressive treatment including radical cystectomy. 

 

Genetically, urothelial bladder cancer has a remarkable propensity for divergent differentiation in 

association with advanced disease and aggressive behavior and demonstrates heavy mutational 

burden with an extensive heterogeneity in carcinogenesis.4 These changes can be traced for 

developing molecular diagnostic biomarkers. Currently, FDA has approved NMP22, NMP22 

BladderChek, and UroVysion urine assay for bladder cancer diagnosis and surveillance, and 

immunocytology (uCyt+), BTA-TRAK, and BTA-STAT for surveillance.5 Studies have shown that 

single or combined molecular tests improve overall sensitivity of cytology to more than 70%.6,7 

Other DNA-based tests, including Telomerase reverse transcriptase (TERT) mutation assay, DNA 

methylation, microRNA, and transcriptomic biomarkers exhibited varied sensitivity between 50 

and 80%.8,9 However, tumor heterogeneity constitutes a main hurdle to the development of robust 

molecular biomarkers for bladder cancer.10 It is still ambitious to capture the whole complex 

molecular heterogeneity landscape at cell level for the distinguishing of different malignant stages. 

 

Indeed, the hallmark, and probably the deadliest aspect of cancer, is the invasive and metastatic 

nature of the disease. Cancer cell invasive and metastatic behaviors are likely the result of altered 

molecular, biochemical, and biophysical properties that are brought by the complex interplay of 

activation/inactivation of multiple signaling pathways regulating these cellular events. Recent 

emerging evidence has indicated that cellular mechanical properties, or mechanotype, is directly 

relevant to cell malignant phenotype, especially invasion, and metastasis. Our previous study 

showed that metastatic cancer cells from patients with various types of cancers (lung, breast, and 
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pancreas) are less stiff than benign reactive mesothelial cells from human pleural fluid samples 

based on Young’s modulus of elasticity determined by atomic force microscopy (AFM).11 The 

reactive mesothelial cells and metastatic cancer cells often share very similar morphological 

features, creating difficulties in routine clinical diagnosis. Further studies showed that AFM 

measurements could be used to predict the response of tumor cells to the treatment of therapeutic 

drugs.12–15 In addition, the cancer cell mechanotype evaluated by quantitative deformability 

cytometry (q-DC) can also be used to predict their invasion across breast and ovarian cancer cell 

lines.16 Using microfluidic inertial focusing, hydrodynamic stretching, and high-speed image 

analysis, we have also demonstrated that cell deformability (i.e., the ability to change shape under 

load) provides a quantitative marker for objective algorithmic-based diagnoses of malignant 

pleural effusion cells.17,18 Measurements of circulating tumor cells using this technique also 

revealed a more deformable phenotype than other large cells present in blood.19 UC of the bladder 

has a well-defined multi-step nature of development. Urinary exfoliated cells, derived from primary 

UC tumors, provide a unique living model for the study of UC. However, the cell mechanotype 

changes of UC cells and urinary exfoliated cells have not previously been systematically studied. 

 

In the present study, we characterized the changes in cellular mechanotype in a well-established 

multi-step urothelial cancer progression model and clinical urinary specimens using an array of 

techniques including single cell AFM indentation method, microfluidic-based deformability 

cytometry (DC) analysis, and q-DC analysis. Gene expression and proteomics analysis were 

performed to investigate the underlying molecular events associated with malignant phenotype 

and cell mechanotype changes. 

 

7.3 Materials and Methods 

Cell Culture 
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A human UC in vitro model included HUC-BC, HUC-PC, and MCT-11 cell lines were from the 

Pathology and Laboratory Medicine Department at the University of California, Los Angeles 

(UCLA).20,21 Cells were grown in Dulbecco’s Modified Eagle’s Medium (DMEM) containing 10% 

(v/v) fetal bovine serum (FBS) and 1% (v/v) streptomycin/penicillin (S/P), and maintained at 

37.0°C with 5% CO2. Medium was replaced every 2–3 days depending on cell density. For three-

dimensional (3D) cell culture, 2 × 103 cells in a 200 μL DMEM containing 10% FBS were seeded 

in 96-well spheroid microplates (corning). The plate was incubated for 48 h at 37°C, 5% CO2 to 

allow the formation of cell spheroid. Cultured HUC-BC, HUC-PC, and MCT-11 cells in 50% 

confluency were treated with 200 μM 4-ABP or 60 μg/mL GTE (both from Sigma-Aldrich), which 

were determined by cell proliferation assay. Cells were exposed for 48 h prior to harvesting for 

mechanotype analysis. 

 

Cell ImageStream Morphology Analysis 

We used the ImageStreamx MarkII imaging flow cytometer to discriminate subtle morphologic or 

signal distribution changes within cell populations. Treated and untreated HUC cell suspensions 

with a concentration of 2 × 107 cells/mL in PBS/2%FBS were labeled with Texas red and DAPI. 

For each cell, a side-scatter (darkfield) image, a transmitted light (brightfield) image, and two 

fluorescence images of G-actin and nuclear DNA were acquired to analyze the changes of cell 

diameter and nuclear area. 

 

Urinary Specimen Collection and Processing 

Urinary exfoliated cells were collected from a 20 mL urinary specimen after centrifugation and 

then attached on slides through cytospinning at 100 rpm for 5 min. We previously used short-

term ex vivo culture to allow cell attachment,11 but the culturing step is time consuming and 

introduces artifacts. The cytospin method is fast and preserves the morphology of urine cells well, 
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which has been verified in our laboratory. Cytospun cells were covered with DMEM/F-12 medium, 

scanned under 200X microscope field, and measured Young’s modulus on uroepithelial cells, 

which can be distinguished from squamous epithelial cells and cells of hematologic origin. 

 

Analysis of Cell Young’s Modulus Using AFM 

Treated and untreated HUC-BC, HUC-PC, and MCT-11 cells (1 × 105 cell/mL) were seeded in 60 

× 15 mm petri dishes. AFM measurement was performed when cells completely attached on the 

surface using a Catalyst Bioscope (Bruker) with a combined inverted optical/confocal microscope 

(Zeiss). This combination permits lateral positioning of the AFM tip over the nuclear region of the 

cell with micrometer to nanometer precision. Mechanical measurements were carried out at 37°C 

using silicon nitride cantilevers with experimentally determined spring constants. Force–

displacement curves were recorded at 1 KHz for determination of Young’s modulus. The modulus 

was calculated by converting the force curves into force–indentation curves and fitting with the 

Hertz–Sneddon model, which describes the indentation of an elastic sample using a stiff conical 

indenter on cell nuclear area. To prevent damage to the cell surface and to reduce any possible 

substrate-induced effects, measurements were performed in force ranges resulting in shallow 

indentations of the cell (< 400 nm). We measured about 15 cells in each sample. Data were 

plotted as histograms of Young’s modulus (E, KPa) vs. relative frequency for each measured 

sample. 

 

Analysis of Cell Deformability Using DC 

Treated and untreated HUC-BC, HUC-PC, and MCT-11 were detached and suspended at 1 × 

105 cells/mL for DC measurement. Microfluidic devices were fabricated using standard 

photolithographic methods and polydimethylsiloxane (PDMS) replica molding techniques. Cell 

suspensions were pumped through PEEK tubing inserted into the DC microfluidic chip by a 
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syringe pump with a volumetric flow rate ranging from 700 to 1,075 μL/min to test various stresses 

on cell response. High-speed (350,000 frames/s) video was acquired, and an automated image 

analysis algorithm was used to extract cell size and shape metrics. Automated image analysis 

software was used to extract a host of independent physical parameters from these images. The 

software stores and graphs strain metrics (deformability = a/b, where a is the long axis dimension 

of the cell and b is the short axis) properties of 1,000 of cells in a density scatter plot format. 

 

Analysis of Cell Transit Time Using q-DC 

Monolayer cells in culture were detached and suspended at 1 × 105 cells/mL for q-DC experiment. 

Q-DC microfluidic devices were mounted onto an inverted microscope (Zeiss Observer, Zeiss, 

Oberkochen, Germany) that was equipped with a 20/0.40 NA objective. Cell suspensions were 

driven by a constant air pressure (69 kPa) to flow through the channels. As cells deformed through 

microfluidic constrictions with 7 μm height and 7 μm width, a CMOS camera (MicroRNAcoEx4, 

Vision Research, Wayne, NJ, United States) was used to capture brightfield images at rates of 

600–2,000 frames per second. Using custom software1 (MATLAB), we analyzed the 

displacements of single cells through the microfluidic channel and extracted transit time based on 

the time a cell entered and exited a constriction.22 

 

Gene Expression Analysis 

Total RNA was extracted from treated and untreated cells using a TRIzol reagent (Thermo Fisher 

Scientific, United States). The RNA samples were then applied to a RNeasy Mini spin column for 

purification (RNeasy Miniprep Kit, Qiagen). Global gene expression profiles of the cells were 

generated using the Affymetrix GeneChip Human Transcriptome Array (HTA) 2.0 system. An 

Affymetrix WT PLUS Reagent Kit was used to prepare the RNA for hybridization to the HTA. Data 

analysis was performed using the Affymetrix Expression Console software and Transcriptome 

https://www.frontiersin.org/articles/10.3389/fcell.2020.601376/full#footnote1
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Analysis Console software. Ingenuity Pathway Analysis (IPA) was followed to compare the 

changes in gene expression in different signaling pathways. 

 

Quantitative Analysis of Protein Level of Urothelial Cells by Mass Spectrometry 

Peptide sample preparation, LC-MS acquisition, and analysis were carried out at the UCLA 

Proteome Research Center. Briefly, protein aliquots (50 μg) were reduced and alkylated via 

sequential incubations of 5 mM tris(2-carboxyethyl)phosphine hydrochloride and 10 mM 

iodoacetamide at room temperature, allowed to bound to beads after the addition of 10 μL of 

carboxylate-modified magnetic beads,23 and then digested by sequential addition of lys-C and 

trypsin proteases. Peptide samples were separated on a 75 μm i.d., 25 cm C18 column packed 

with 1.9 μm C18 particles (Dr. Maisch GmbH HPLC) using a gradient of increasing acetonitrile 

concentration and injected into an Orbitrap-Fusion Lumos Tribrid mass spectrometer (Thermo 

Fisher Scientific, United States), on which MS/MS spectra were acquired by Data Dependent 

Acquisition (DDA) mode. Database searching was performed using the MaxQuant (1.6.10.43) 

against the human reference proteome from EMBL (UP000005640_9606 HUMAN Homo sapiens, 

20,874 entries). The search included carbamidomethylation on cysteine as a fixed modification 

and methionine oxidation and N-terminal acetylation as variable modifications. The digestion 

mode was set to trypsin and allowed a maximum of two missed cleavages. The precursor mass 

tolerances were to 20 and 4.5 ppm for the first and second searches, respectively, while a 20 ppm 

mass tolerance was used for fragment ions. Datasets were filtered at 1% FDR at both the PSM 

and protein-level. Peptide quantitation was performed using the MaxQuant’s LFQ mode. 

 

Immunohistochemical Staining Analysis 

Cells were harvested, washed, and then fixed to prepare for Immunohistochemical staining (IHC) 

analysis. Cells were placed on slides through the cytospin procedure. We used Citrate buffer PH 
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6.0 to perform antigen retrieval. The antibodies used were M0725 anti-vimentin IgG (Dako), and 

pan-cytokeratin (AE1/AE3) (Cell Marque) mouse monoclonal antibody with a concentration of 

1/100. We incubated cell slides with the first antibody at 4°C overnight. Then second antibody 

incubation and DAB process were performed to develop stain color. 

 

Statistical Analysis 

Statistical analysis was performed using the SAS version 9.2 software (SAS Institute Inc., Cary, 

NC, United States). Continuous data were presented as means plus/minus the standard deviation 

(± SD) and compared with the Student’s t-test and one-way analysis of variance. For cell transit 

time, we used the Mann-Whitney U test to determine statistical significance. Categorical variables 

were compared by the chi-square (χ2) test. Statistical significance was defined by a two-tailed p-

value of ≤ 0.05. 

 

7.4 Results 

7.4.1 Characterization of Urothelial Cell Mechanotype During Malignant Transformation 

and Progression Using AFM, DC, and q-DC 

UC, like many other epithelial malignancies, typically follows a multi-step development and 

progression from normal to non-invasive in situ to invasive carcinoma.24,25 To recapitulate the 

multi-step nature, we used a unique carcinogenic human urothelial carcinoma (HUC) model. The 

HUC model includes three cell lines. These cell lines, derived originally from the same progenitor 

cells, undergo different malignant transformation, and show distinct progression potentials in 

response to the treatment of carcinogen 4-aminobiphenyl (4-ABP).20,21 The HUC-BC is 

untransformed cells and not tumorigenic (hence simulating “normal urothelial cells”), the HUC-PC 

exhibits non-invasive transformation phenotype (simulating “preinvasive” urothelial cells), and the 

MCT-11 is transformed carcinoma cells and exhibits typical invasive and aggressive phenotype. 
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To investigate the cellular mechanotype changes, three previously established platforms were 

used.11,17,26 As shown in Figure 1A and Figure 1B, AFM characterizes elasticity, or stiffness, of 

living cells through measuring force–displacement as the tip is pushed toward the cell, indented 

into the sample, and subsequently retracted.11 The stiffness of cells is quantified by the value of 

Young’s modulus. From untransformed HUC-BC cells, HUC-PC cells to transformed MCT-11 

cells, the stiffness gradually decreases (HUC-BC vs. HUC-PC, cell modulus: 19.5 ± 2.6 KPa vs. 

11.2 ± 4.5 KPa, P < 0.05, t-test; HUC-BC vs. MCT-11, cell modulus: 19.5 ± 2.6 KPa vs. 6.7 ± 2.2 

KPa, P < 0.05, t-test) (Figure 1A). The inversely related trend was observed in cell deformability 

measurement by DC in which a continuous stream of single cells is created, where each cell’s 

deformation under a high-speed microfluidic flow is measured with high-speed imaging.17 DC 

enables high-throughput single-cell mechanotyping. Cellullar deformation is induced by the shear 

and inertial stresses of fluid flow (Figure 1D). DC measurements show that in the order of HUC-

BC, HUC-PC, and MCT-11 cells, deformability progressively increases (HUC-BC vs. HUC-PC, 

deformability: 1.35 ± 0.02 vs. 1.55 ± 0.04, P < 0.05, t-test; HUC-BC vs. MCY-11, deformability: 

1.35 ± 0.02 vs. 1.65 ± 0.05, P < 0.05, t-test) (Figure 1C). To confirm this finding, we analyzed 

cellular deformability using another technique, q-DC.26 By applying a pressure gradient across 

the microfluidic device, cells were driven to deform through micron-scale constrictions (Figure 

1F). We tracked the time scale for single cells to transit through micron-scale gaps in the 

microfluidic channel; the resultant “transit time” reflects cell mechanotype, whereby stiffer cells 

and particles have a longer transit time.22 In the pooled dataset that includes three replicates, 

HUC-PC and MCT-11 cells showed a statistically significant decrease in transit time compared to 

HUC-BC cells (HUC-BC vs. HUC-PC, median transit time: 25.6 vs. 20.0 ms, P < 0.05, U-test; 

HUC-BC vs. MCT-11, median transit time: 25.6 vs. 20.6 ms, P < 0.05, U-test), substantiating an 

increase in the compliance of highly malignant UC cells compared to the untransformed urothelial 
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cells (Figure 1E). These results indicate that highly malignant carcinoma cells are less stiff and 

more deformable than untransformed cells. 
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Figure 1. Characterization of urothelial cell mechanotypes using AFM, DC, and q-DC 
techniques. (A,B) Young’s Moduli of HUC-BC, HUC-PC, and MCT-11 cells were characterized 
by AFM. Force–displacement curves generated by probe over the nuclear region were recorded 
for determination of Young’s moduli of HUC cells. (C,D) Deformability of HUC-BC, HUC-PC, and 
MCT-11 cells was analyzed using DC device. Cell deformation is induced by the shear stresses 
of fluid flow and captured by a high-speed imaging system. An automated image analysis 
algorithm was used to extract cell size and shape metrics. Cell maximum aspect ratio under 
compressive and shear forces was defined as deformability. (E,F) Transit time of HUC-BC, HUC-
PC, and MCT-11 cells was analyzed using q-DC device. The displacements of single cells through 
the microfluidic channel were recorded. Transit time based on the time a cell entered and exited 
a constriction was extracted. (G,H) Decreased cellular Young’s modulus and increased 
deformability were observed in HUC-BC, HUC-PC, and MCT-11 cells after 48 h carcinogen 4-
ABP exposure through AFM and DC analysis. (I) Transmitted light (brightfield) image and nuclear 
images of HUC-BC, HUC-PC, and MCT-11 cells are shown by the ImageStream flow cytometry. 
Cell sizes, nuclear areas, and cell/nucleus ratio between exposed and unexposed cells were 
quantified. AFM, atomic force microscope; DC, deformability cytometry; q-DC, quantitative 
deformability cytometry; HUC, human urothelial carcinoma. 
 

7.4.2 Decreased Stiffness in HUC Cells From 3D Cultured Microtumor Mass and From 

Patient Urinary Cytology Specimens 

To better mimic in vivo tumor growth, we used a scaffold-free spheroid cell culture condition to 

grow bladder cancer cells as micro tumor masses (Figure 2A). Prior to AFM measurement, cells 

were dissociated from tumor masses and placed on the slides after cytospin (Figure 2B). Again, 

we observed that untransformed HUC-BC cells display significantly higher stiffness than HUC-

PC and MCT-11 cells (Figure 2C). 
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Figure 2. Change in Young’s modulus of cells from 3D cultured microtumor masses and 
from patient urinary cytology specimens. (A) A 3D cell culture condition was used to grow 
HUC-BC, HUC-PC, MCT-11 cells as micro tumor masses. Spheroid formations of HUC cells were 
shown over 72 h after seeding. HE stains demonstrate dense, rapid-growing cell 
masses. (B) Dissociated HUC-BC, HUC-PC, and MCT-11 cells were under AFM 
measuring. (C) Untransformed HUC-BC cells display significant higher cellular Young’s modulus 
than HUC-PC and MCT-11 cells. (D) Pooled data analysis of Young’s moduli of urinary exfoliated 
cells from nine urine cytology specimens. Group one included three cytology-positive specimens 
from patients with HGUC confirmed by cystoscopy biopsy diagnosis. Group two included thee 
cytology-atypical specimens from patients with HGUC confirmed by cystoscopy biopsy diagnosis. 
Group three included three cytology-negative specimens from patients with no UC. The number 
of measured uroepithelial cells in each case ranged from 3 to 10. The average number of force-
displacement curve obtained from each cell was three. AFM, atomic force microscope; HUC, 
human urothelial carcinoma. 
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Based on our previously published methods,11,17 we developed a practical protocol to prepare 

cells directly from urinary cytology specimens for mechanotype analyses described in the section 

“Materials and Methods”. Using this method, we tested nine clinical urinary specimens, which 

were divided into three groups. Group one and two included six specimens from patients with 

high-grade urothelial carcinoma (HGUC) confirmed by cystoscopy biopsy diagnosis. The three 

specimens of group one had positive cytology findings and the three specimens of group two had 

atypical cytology findings. Group three included another three from patients with no UC as 

confirmed by both cystoscopy and cytology examination. As shown in Figure 2D, a pooled data 

analysis demonstrated the same mechanotype change pattern as we observed in 3D cultured 

microtumor masses, where urinary exfoliated cells from group three had the highest Young’s 

modulus. While certainly more samples will be needed to be conclusive, the preliminary finding 

shows the feasibility of measuring single-cell mechanotype changes in clinical urinary samples. 

 

7.4.3 Decreasing Stiffness and Increasing Deformability During Malignant Transformation 

and Progression Induced by 4-ABP 

As shown in Figure 2C, the magnitude of difference between HUC-BC vs. HUC-PC and MCT-11 

cells cultured from 3D condition appeared to be larger than the differences in cellular stiffness 

measured by AFM on 2D cultured cells. We suspected that in microtumor masses, HUC cells 

were grown without losing cell-cell interaction in all directions, central hypoxia, and cell response 

and resistance to the tumor microenvironment. The malignant potential can be fully expressed 

and captured by mechanotype analysis. Previously, it has been shown that upon exposure to 

carcinogen 4-ABP, the malignant phenotypes, namely the ability of cells to form tumor nodules 

upon injected to the nude mice, can be enhanced.20,21 Thus, to further characterize the link 

between mechanotype change and urothelial transformation and progression, we exposed three 
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cell lines to 4-ABP. After 48-h exposure, we quantified morphological changes of cells using the 

ImageStream flow cytometry analysis. No significant differences were observed in cell sizes, 

nuclear areas, and cell/nucleus ratio between treated and untreated cells (Figure 1I). However, 

decreased cell Young’s modulus was observed in HUC-BC, HUC-PC, and MCT-11 cells through 

AFM measurement (Figure 1H). A similar trend in the changes of cell deformability was seen by 

DC, whereby all three cell lines displayed increased deformability compared to untreated controls 

(Figure 1G). Altogether, mechanotype characterization of the urothelial cells demonstrated 

specifically decreased cellular modulus and increased cell deformability as malignancy increases, 

indicating that changes in cellular mechanotype is associated with urothelial cell malignant 

transformation and progression. 

 

7.4.4 Correlation of Activated Epithelial-Mesenchymal Transition Pathway With the Change 

of Cellular Mechanotype 

To explore the underlying molecular events associated with these specific mechanotype changes, 

we screened the transcriptome of HUC-BC, HUC-PC, and MCT-11 cells. The 3D portrayal 

diagram (Figure 3A) demonstrates the differences in gene expression among the three cell lines 

and their carcinogen-induced counterparts. Using IPA, we identified the association of many 

differentially expressed genes with epithelial to mesenchymal transition (EMT). Compared to 

HUC-BC cells, HUC-PC, and MCT-11 cells have more than two-fold activation in the EMT 

pathway (activation z score: 2.319, P < 0.001) (Figures 3B–D). Upstream regulator analysis 

indicated several molecular signaling pathways, including ERK/MAPK, TGFβ, Integrin, Notch, and 

Wnt signaling, all of which are important contributors of the EMT pathway, were activated (Figure 

3E). The EMT process was originally found in tissue repair and fibrosis, in which epithelial cells 

lose their junctions and apical-basal polarity and motile behavior as they differentiate into 

mesenchymal cells. Importantly, the EMT process involves gene expression reprogramming, 
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signaling changes and cytoskeleton reorganization, and plays a pivotal role in malignancy 

progression.27,28 Recent genome-wide characterization study on 112 bladder cancer cases 

revealed that highly malignant sarcomatoid urothelial bladder cancer is largely driven by 

dysregulation of the EMT network.29 However, the evidence of a full EMT phenotype in clinical 

carcinomas and metastases is frequently questioned because EMT can be reversible and 

transient.30 Also, the role of the EMT process as a driving force on cell mechanotype regulation 

is not clear. To confirm the change between activated EMT and decreased cell’s modulus and 

increased deformability, we induced malignant progression on HUC-BC, HUC-PC, and MCT-11 

cells with 4-ABP. As shown in Figures 1G and 1H, 4-ABP exposure reduced Young’s modulus 

and increased deformability in all three cell lines, especially in HUC-BC and HUC-PC cells. We 

then performed an IPA canonical pathway analysis on differentially expressed genes. Again, 

activated EMT pathway was found in 4-ABP treated HUC-BC and HUC-PC cells in comparison 

to their untreated counterparts (HUC-BC vs. treated HUC-BC: Activation z score: 0.1, P < 0.001; 

HUC-PC vs. treated HUC-PC: Activation z score 0.08, P < 0.001). These results suggest that the 

EMT pathway may be correlated with mechanotype dynamics in urothelial cells. 
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Figure 3. Molecular events associated with mechanotype changes of urothelial 
cells. (A) PCA mapping analysis shows the differences in gene expression among HUC-BC, 
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HUC-PC, MCT-11 cells, and their 4-ABP exposed counterparts. (B–D) demonstrate the activated 
EMT process from HUC-BC, HUC-PC, to MCT-11 cells (IPA analysis). (E) Shows activated 
ERK/MAPK, TGFβ, Integrin, Notch, and Wnt signaling from HUC-BC, HUC-PC, to MCT-11 
cells. (F) Proteomics analysis identifies differentially expressed proteins associated with cell 
mesenchymal and epithelial features. Protein markers that had more than twofold expression 
changes between MCT-11 and HUC-BC, and between HUC-BC and HUC-PC are listed in the 
right table. Individual cytokeratin expression is shown on the right. (G) Vimentin expression on 
untreated, GTE-treated, and 4-ABP-treated cells and pan-cytokeratin expression on HUC model 
cells are shown on IHC staining pictures. Staining score was reported as the ratio number of 
positively stained cells/total number of cells × 100. PCA, Principal component analysis; IPA, 
Ingenuity pathway analysis; GTE, green tea extract. 
 

7.4.5 Identifying Protein Targets in Epithelial-Mesenchymal Transition Pathway Associated 

With Mechanotype Changes 

We then interrogated the differences in protein content using the proteomics approach.31 A 

number of differentially expressed proteins associated with EMT, including peiplakin, a 

component of desmosomes and of the epidermal cornified envelope in keratinocytes, E cadherin, 

an epithelial marker localized at cell–cell contacts, mesenchymal marker vimentin, fibronectin, 

and many other regulator proteins32 were identified. The table of Figure 3F lists a few protein 

markers that had more than twofold expression changes between MCT-11 and HUC-BC, and 

between HUC-BC and HUC-PC. The change trends of both epithelial marks and mesenchymal 

markers demonstrated urothelial cells obtained mesenchymal features while losing epithelial 

makers with malignant progression, which is consistent with the results from gene expression 

analysis. 

 

Cytokeratins are a class of intermediate filaments demonstrating epithelial differentiation. 

Individual cytokeratins are commonly used markers for determining the grade of bladder cancer 

cells.33,34 As illustrated in Figure 3F, protein abundance of individual cytokeratins showed the 

expression of most cytokeratin family molecules decrease from HUC-BC, to HUC-PC, and MCT-

11 cells. Among them, cytokeratin 5, 7, 17, and 19 have remarkable decreasing trend. This trend 

was confirmed by pan-cytokeratin IHC staining, where HUC-BC cells demonstrated significantly 
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higher pan-cytokeratin expression than HUC-PC and MCT-11 cells (Figure 3G). On the other 

hand, vimentin, an EMT marker, is one of the intermediate filaments that mainly functions to 

maintain cell integrity and involved in the cell migration and invasion of metastasizing cancer 

cells.35,36 Our previous study showed that ovarian cancer cells induced to have mesenchymal 

phenotype either by overexpression of EMT transcription factors (ZEB1, SNAI1, and SNAI2), 

oncogenes (H-Ras v12), or by drug resistance were all consistently more deformable than cells 

with epithelial phenotype.37 In these processes, increased vimentin and reduced E-Cadherin were 

indicated. Over-expression of vimentin correlates with increased tumor growth and invasiveness, 

and as well as with poor clinical outcomes in several cancers.38 Another study reported that 

intracellular mechanical homeostasis was interrupted in vimentin-knockdown breast cancer cells. 

Overexpressing vimentin in MCF7 breast cancer cells reoriented microtubule polarity, increased 

cell directional migration, and EMT phenotypes.39 To confirm the upregulation of vimentin in UC 

cells, we performed an IHC analysis. HUC-BC cells have the lowest expression of vimentin 

whereas MCT-11 cells have the highest, in line with the activation status of EMT and urothelial 

cell mechanotype changes (Figure 3G). Previously, we also reported that chemopreventive agent 

green tea extract (GTE) modulated cytoskeletal actin remodeling via Rho activity in the same UC 

cells and significantly increased the stiffness of GTE-treated metastatic tumor cells compared to 

normal cells.13,40 In the present study, we found that GTE counteracts the effect of carcinogen 4-

ABP by reversing the increase in vimentin expression (Figure 3G), further corroborating 

epithelial-mesenchymal transition plays an important role in urothelial cell mechanotype changes. 

 

7.5 Discussion 

While metastatic tumor cells show a distinctive cell mechanotype relative to normal cells, the 

specific pattern of changes in cell mechanotype during the early stages of cancer transformation 

and progression is not well studied. Identifying metastatic cancer cells may be clinically too late 
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to save patients’ lives. Therefore, there is a great need for developing biomarkers that can be 

used to determine the invasive and metastatic potential of malignant cells before the invasion or 

metastasis actually occur. Moreover, the molecular mechanism underlying the changes in cellular 

mechanotype is poorly studied and understood. Recent evidence suggests that the regulation of 

cellular mechanotype may be the result of alterations of multiple genes and signal transcription 

pathways.41–45 Thus, knowledge of cell mechanotype changes in the early stages of cancer 

transformation and progression, and the mechanism or molecular pathways associated with these 

biomechanical changes may have a significant impact on not only developing biomarkers that can 

be utilized to distinguish invasive cancer, but also finding drug targets for disrupting, or inhibiting 

cancer cell invasion or metastasis. 

 

We, here, report the cell mechanotype profiles in relation to UC utilizing an in vitro human 

urothelial carcinogenesis model that recapitulates the multistep process of cancer progression. 

Cellular Young’s modulus and deformability were analyzed using AFM indentation, microfluidic-

based DC, and q-DC analyses. From normal, to preinvasive, to invasive cells, Young’s modulus, 

or cell stiffness, progressively decreases. Cellular deformability significantly increases. Previous 

studies indicated that changes in cell mechanotype could be detected in precancerous cervical 

intraepithelial lesions as early as CIN II,46 and also in precancerous esophageal cells.47 Our 

malignant transformation/progression experiments implied that cellular mechanotype changes 

may start at the early stage of malignant progression. To verify this finding in a disease-specific 

setting, we integrated cell mechanotyping technology into clinical samples. Currently, a variety of 

platforms have been developed to measure cellular mechanical properties, and different 

techniques are known to probe mechanical properties at different timescales and depths of the 

cell.48 The most commonly explored method is to use biomechanical probes, represented by AFM 

and magnetic tweezer,49 whereas cell deformability can be optically probed under the force 
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induced on the whole cells. These methods also include micropipette aspiration,50 microfluidic 

assays,51 DC,17 and microplate stretcher.52 More recently, high-throughput techniques have also 

been explored.53 Most of these techniques were developed in a laboratory setting and are still in 

a pre-clinical stage. Urinary exfoliated cells, which are directly from the primary tumor, provide a 

unique living model for the study of UC. However, for clinical specimens, variability is common in 

terms of cell number and type. Under AFM, uroepithelial cells, squamous epithelial cells, and cell 

of hematologic origin can be easily distinguished. Although only nine specimens were preliminarily 

analyzed in the current study, the findings were consistent with those from in vitro condition. 

Additionally, it presented a proof of concept for the development of mechanotype signature for 

urothelial cancer early detection. 

 

It has become increasingly clear that EMT is driven by at least four fundamental regulatory 

network layers. The first layer is EMT-inducing transcription factor control, such as SNAI1, ZEB, 

and TWIST1. Another three layers are the expression of small non-coding RNAs, differential 

splicing, and translational and post-translational control, which determine the stabilization and 

localization of network proteins.54 The dynamic and transient nature of EMT comprising a broad 

spectrum of intermediate phenotypes adds further complexity to capture EMT molecular status to 

determine the diagnosis and progression of cancer.55 Our findings indicate a close correlation 

between EMT and cell mechanotype in the process of malignant progression, which provides new 

insight for developing novel biomarkers for cell-based UC early detection. The underlying 

molecular events and the specific mechanotype changes during UC development and 

progression can be summarized in Figure 4. One may expect that progression of EMT drives cell 

mechanotype changes during malignant transformation and progression. Conversely, it is also 

possible that change in cell mechanotype, such as decreasing in cell stiffness and increasing in 

deformability that occurs during malignant progression, enables tumor cells to detach from a 
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primary tumor, squeeze through confined spaces, and facilitate cells to invade the surrounding 

tissue that affects EMT. 

 

 

Figure 4. Hypothetical scheme of the interactions between urothelial cell mechanotype 
change and epithelial to mesenchymal transition process during malignant transformation 
and progression. ECM, extracellular matrix. 
 

In summary, we described the specific mechanotype changes of urothelial cells in malignant 

transformation and progression. Measurable cell mechanotype changes of stiffness, 

deformability, and cell transit time occur early in the transformation process. As cells progress 

from normal, to preinvasive, to invasive cancer cells, Young’s modulus of stiffness decreases and 

deformability increases gradually. The key molecular pathway implicated in urothelial cell 

mechanotype changes appears to be associated with EMT. 
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