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Engineering Micro- and Nanostructured
Biomaterials for Cell and Tissue Engineering

By Benjamin Li-Ping Lee

Abstract

Tissue engineering has emerged as a well-investigated research area that aims to
ultimately create biological substitutes, ranging from skin replacement to artificial blood
vessels, for regenerative medicine applications. It is a multidisciplinary field that
integrates knowledge and advancements from biology, materials, chemistry, and many
others. Although the goal of tissue engineering is to engineer tissues with structure and
function that closely mimic those of native tissues for not only diagnostic and drug
testing applications but also repair and replacement of diseased and injured tissues, it
provides in-depth understanding of tissue development and morphogenesis, including the
intricate biological systems in the body that together operate to direct growth, repair, and
death.

The general approach of tissue engineering is to use cells, biomaterials, bioactive
molecules, or a combination thereof to best recapitulate the properties of native tissues
and reconstitute function. Specifically, biomaterial scaffolds play a key role in that their
main function is to serving as a basis to interact with and support cells, promoting their
attachment and migration while providing a porous and biomimetic microenvironment
for mass transport and integration of bioactive factors.

Therefore, in order to fabricate implantable scaffolds with properties that emulate
the natural extracellular matrix (ECM) in terms of structure and organization, we utilize
and implement electrospinning technology. Electrospinning is a versatile technique with
immense potential to create cell-instructive scaffolds possessing ECM-like fibrous
structures. Because of the ability to tune scaffold structure with respect to physical (i.e.
geometry and mechanical properties) and chemical (i.e. retention and presentation of
bioactive molecules) features, electrospun scaffolds, which are made from synthetic,
natural, or a combination of the two polymers, have demonstrated functional success in
an array of tissue engineering applications. In fact, the fibrous network, especially in the
nanoscale, possesses high surface-area-to-volume ratio that is favorable for surface
modifications to facilitate cell attachment as well as immobilization and covalent
conjugation of bioactive molecules. However, one major shortcoming of electrospun
scaffolds as a result of such densely packed network of fibers is their small pore size,
limiting cell infiltration and tissue ingrowth essential for desired angiogenesis and tissue
integration. Thus, electrospun scaffolds with dense fibrous structure and small pore size
have not had enormous success in the regeneration of large, more complex tissues that
require abundant vascularization and mass transport of oxygen and nutrients.



In this dissertation, we attempt to address both the physical and chemical
elements of electrospun scaffolds as we engineer novel ways to modulate their structural
features and surface chemistry for their utilization in different cell and tissue engineering
applications. We focus primarily on micro- and nanostructures, topographical cues, and
chemical modifications and their role in enhancing cell infiltration and promoting better
tissue integration in terms of angiogenesis in and overall functional performance of
implanted scaffolds as well as vascular graft. Specifically, we detail the employment of
an ultrafast, femtosecond (FS) laser system as a promising post-fabrication technology to
pattern structural features (i.e. through-holes) that influence cell behavior and improve
the integration electrospun scaffolds in vivo. We also demonstrate that changes in
biophysical factors, such as increasing pore size and porosity via incorporation and
removal of sacrificial fibers from composite scaffolds, can not only improve cell
infiltration but more importantly regulate stem cell differentiation. Lastly, we show that
we can fabricate small-diameter, nanofibrous vascular graft made of Carbosil®, a
commercially available polycarbonate-urethane (PCU), via -electrospinning and
subsequently manipulate its surface properties through plasma treatment and reductive
amination to effectively end-point immobilize heparin to reduce surface thrombogenicity
while enhancing bioactivity and short-term in vivo performance.

In summary, we offer novel design and fabrication of electrospun scaffolds with
large pore size and highly porous structure, and vascular grafts with tailored surface
chemistry and bioactivity optimal for their biological performance. We demonstrate
through our studies that physical and chemical features of not only electrospun scaffolds
but implantable biomaterials in general can be engineered and manipulated using post-
fabrication processing (i.e. FS laser and tunable surface chemistry) and unique fabrication
approaches (i.e. multiple polymers with sacrificial components). Only with ample
vascularization and tissue integration will such biomaterial scaffolds regenerate native
tissue function and demonstrate success in both simple, such as skin substitutes, as well
as complicated, such as artificial heart, tissues and organs for applications in regenerative
medicine.
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CHAPTER 1

Introduction

Endeavors of Tissue Engineering

History

Tissue engineering is best defined as the use of cells, materials, or a combination
of both with appropriate biochemical cues to restore, repair, or replace biological
functions of damaged or lost tissues in the body. The term “tissue engineering” was
coined by Y.C. Fung in 1985, and was officially introduced by the National Science
Foundation in 1987. However, this emerging field was then further described by Langer
and Vacanti, in which the concept of tissue engineering integrates the principles of
biology and engineering for the development of functional substitutes for damaged tissue
[1]. In fact, tissue engineering caught global attention after the introduction of the
“Vacanti mouse,” which was simply a laboratory mouse with a human ear-shaped, tissue-
engineered cartilage grown on its back (Figure 1.1). Since then, the multidisciplinary
field of tissue engineering, which bridges biology and materials science with chemistry,
bioengineering, medicine, and other areas, has widely expanded as numerous groups
worldwide are researching new technologies for engineering tissues as well as whole
organs [2].

Figure 1.1. Vacanti mouse.
Chondrocytes were seeded and
cultured on a polymer ear mold in
vitro, and the tissue-engineered
cartilage construct was subsequently
implanted into subcutaneous pockets
on the back of athymic mice. Image
courtesy of [3]




Principle

Tissue engineering was thus developed as an attempt to resolve the limited
availability of tissues and organs for transplantation therapy. Regardless of the
complexity of the target tissue, tissue engineering approaches almost always entail
isolated cells or cellular substitutes, biomaterial scaffolds, and bioactive factors in various
combinations to promote tissue repair and new tissue formation (Figure 1.2) [4]. In
particular, biomaterials are essentially materials that are designed and used to control the
biological environment of cells and tissues. Depending on the application and the specific
tissue type, each strategy is precisely tailored and optimized with the utilization of single
or multiple cell types (i.e. progenitor or mature cells) with or without suitable scaffolding
(i.e. synthetic or natural biomaterials) and bioactive cues (i.e. cytokines or growth
factors). For example, for heart valve tissue engineering, trileaflet valve constructs were
fabricated from poly-4-hydroxybutyrate-coated polyglycolic acid scaffolds seeded with
human marrow stromal cells, and subsequently cultured and grown in vitro in a
bioreactor to promote maturation prior to in vivo implantation [5]. In addition, some
tissues, such as bone and skin, have the innate potential to regenerate with the assistance
of progenitor or stem cells, which can be isolated from almost every tissue in the body as
suggested by recent studies [6]. In such cases, these adult stem cells can be stimulated to
repair and form new tissue without biomaterial intervention under the right conditions
with respect to their biochemical microenvironment. However, to translate these
engineered tissue substitutes into large animals and ultimately humans for clinical
application while retaining the same effectiveness in terms of function, cell source to
obtain large numbers of cells and their survival after transplantation are important issues
that need to be considered. One potential solution from a biomaterial perspective to
address and ensure cell survival is the design, development, and optimization of cell-
instructive scaffolds.

© ©© g;{ﬂ,_« 9
e e
Cells biomaterial [ scaffold Scaffold + cells

\ /

Cytokines, Growth factors, Genetic manipulation,
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Figure 1.2. Tissue engineering strategies. The diagram shows various approaches in
tissue engineering using cells, scaffolds, or a combination thereof, along with bioactive
factors to construct a tissue substitute. Image courtesy of [7]

Biomaterial Scaffolds

Biomaterial scaffolds play a major role in tissue engineering in that their primary
function is to serve as a foundation and provide physical support for the attachment and
growth of not only transplanted but more importantly host cells. Specifically, tissue-
engineered substrates must be cell-instructive in order to maintain cell viability and
control cell behavior, as cells constantly interact with their surrounding extracellular
matrix (ECM). In addition, the scaffold, which is preferably three-dimensional and highly
porous in structure made from synthetic, natural, or a combination of both materials, must
be built to facilitate tissue integration and growth in order to achieve desired tissue
formation. However, this support would only be temporary as an ideally engineered
scaffold should be degraded or resorbed (in the case of synthetic materials) without
toxicity or digested and remodeled (in the case of natural materials) over time, allowing
the native tissue of interest to progressively replace the construct and regain normal
function. Moreover, depending on the specific application, scaffolds can be made with
synthetic materials or natural polymers; synthetic materials are advantageous for their
versatility and adjustable physico-chemical features (i.e. degradation rate, mechanical
properties, surface chemistry) to closely mimic key components of the ECM, whereas
natural polymers are inherently more similar to native tissues and thus favorable for
inducing desired cell interactions and behaviors [8, 9].

In addition, the cultivation of cells in various engineered scaffolds with three-
dimensional, ECM-like environments provide novel ways to study in-depth the cell-
material interactions, specifically in better understanding the mechanisms of cell biology
and tissue formation from a molecular perspective. These cell-instructive scaffolds can be
fabricated by incorporating bioactive cues, such as cell-adhesion peptides or growth
factors, and tailoring their surface or bulk presentation as well as controlled release to
promote initial cell attachment and ultimately tissue regeneration. Furthermore, the
growth and maturation of functional tissue is governed primarily by the appropriate cell
differentiation and more importantly the constant interactions between cells and their
surrounding microenvironment. However, in some cases in which it is difficult to
maintain and regulate differentiation of certain cell types on scaffolds in vitro despite the
addition of exogenous chemical cues, an in vivo bioreactor, such as the peritoneal cavity,
can be used to provide a more familiar microenvironment for not only the cells but also
the entire cellular construct [10, 11]. Such technologies to culture progenitor and stem
cells on specially designed three-dimensional matrices are useful in recapitulating the in
vivo setting to better elucidate and understand the various mechanisms of how cells
interact in the formation of intricate tissue structures.



Angiogenesis

The integration of tissue-engineered scaffolds in vivo, especially in large tissues
and organs, is primarily dictated by the formation of vascular network, specifically
angiogenesis. Angiogenesis is the process in which new blood vessels, typically
capillaries, sprout from pre-existing blood vessels in the body [12]. This natural process
occurs immediately in response to tissue growth and repair, and thus is a critical for the
survival and integration of constructs for tissue engineering therapies. In fact, the body
responds to an implanted biomaterial within 24 hours after implantation, in which
macrophages along with other inflammatory cells elicit chemoattractive signals to induce
migration of fibroblasts and vascular endothelial cells into the area [13]. In order for a
scaffold to obtain sufficient perfusion from vascular network critical for cell survival and
tissue integration, it needs to be not only implanted in close proximity to existing vessels
but more importantly designed with an interconnected network of pores to facilitate and
enhance angiogenesis. Although creating functional vasculature may not be as essential
in skin or cartilage tissue engineering in that tissue structures are thin or avascular, it is
especially crucial in large, three-dimensional tissues. The dimensions and complexity of
the implanted scaffold may present a significant barrier to mass transport, and thus the
permeability and the porous structure are necessary for efficient oxygen diffusion as well
as nutrient delivery and waste removal. Furthermore, because vascularization plays a key
role in determining the functionality and integration with host tissue of any implanted
scaffold, many groups have investigated the incorporation and controlled delivery of
bioactive molecules to further induce and enhance angiogenesis [14]. For example,
vascular endothelial growth factor (VEGF), a potent angiogenic factor, has been widely
researched with materials-based approaches [15-17]. However, because angiogenesis is
an inherently complex process, it is doubtful that a single bioactive molecule, such as
VEGF, can provide all the mandatory cues to direct the numerous facets of angiogenesis
in terms of initiating and stabilizing an entire network of vessels. Additional processing
techniques applied to the fabrication of scaffolds for tissue engineering applications to
promote angiogenesis and facilitate tissue integration will be discussed more in-depth in
the following sections.

Porosity and Porous Network

Successful vascularization of and tissue ingrowth into tissue-engineered
constructs are dependent on the porosity and pore size of the scaffolds. Hypoxia and cell
death are apparent in thick scaffolds without sufficient porous network or vascular
infiltration because cells cannot survive at distances greater than several hundred microns
from the nearest capillaries without optimal transport of oxygen, nutrients, and waste [18,
19]. Studies have shown that an increase in pore size drastically decreased the
inflammatory response without compromising the degree of angiogenesis after
implantation of porous scaffolds [20]. In fact, a narrow range of optimal pore size exists;
extremely large pore size prevents proper vascularization as they deter endothelial cells
from bridging across pores larger than a cell diameter, whereas exceedingly small pores
below submicron size adversely limit mass transport and angiogenesis [21].



In addition to facilitating angiogenesis and the integration with host vasculature
and tissue, pore size, along with other structural properties, is also important in
influencing cell-cell and cell-material communications in three-dimensional network,
providing them space for growth and differentiation as well as organization and
remodeling. In fact, we and others have demonstrated that highly porous biodegradable
polymer scaffolds with a network of interconnected space favorable for cell spreading
can be used as a platform to deliver and support stem cells as they offer an effective
strategy to assist and potentially accelerate the formation of complex three-dimensional
tissues [22, 23]. Such optimized porosity and uniform pore size are advantageous in
terms of not only desired diffusion and vascularization but more importantly material
integrity with mechanical cues to influence cellular behavior, especially stem cell
proliferation and differentiation. Therefore, tuning the porosity of biomaterial scaffolds is
an effective way to better enhance local angiogenesis in vivo by promoting a gradual
penetration of host vasculature into the scaffolds during tissue integration and healing.

Host Response

In addition to an interconnected porosity to facilitate angiogenesis, the
biocompatibility and functional performance of tissue-engineered scaffolds in vivo also
relies on initial blood-material interactions and subsequent cascade of host tissue
response. Interestingly, repair-associated angiogenesis as a result of tissue damage, such
as injury due to scaffold implantation, is linked to the presence and activity of
inflammatory cells and the wound healing process [24]. For instance, fibrin, which is a
major component of the provisional matrix formed during wound healing filled with an
array of bioactive molecules, is a natural biomaterial that has been prepared as growth
matrices to deliver angiogenic growth factors and stimulate angiogenesis [25, 26]. In
addition, even though synthetic polymers themselves generally do not induce an immune
response due to the lack of biologically functional domains, the end-stage formation of
fibrous capsule following foreign body reaction around implanted devices is almost
inevitable as any artificial surface, regardless of its topography and chemistry, is
considered foreign and triggers a series of events upon implantation [27]. For example,
certain synthetic polymers, such as poly(glycolic) acid and other poly(a-hydroxy esters),
produce acidic byproducts upon degradation that may result in thicker capsules and a
prolonged inflammatory response [28]. As a result, excessive fibrous encapsulation is
often considered a main failure mechanism of tissue-engineered implants. Although
tissue engineering has been traditionally focused on utilizing different methods to
modulate the fate of cellular or acellular constructs in vivo, recent progress has
transitioned to the development of modified or new materials using biomimetic
biomaterial-based strategies to better emulate molecular features of the ECM in order to
mitigate or inhibit immune responses, including surface modifications to control protein
adsorption or cell adherence as well as bulk modifications to incorporate desired
therapeutic molecules [29-31]. Therefore, to achieve desired biocompatibility and
bioresponse in the host environment, tissue-engineered implants are designed to lower the
intensity and/or duration of the inflammatory response without sacrificing the angiogenic



element as neovascularization is essential during wound healing, repair, and restoration
of normal tissue function.

Role of Macrophages

Although macrophages are typically perceived negatively for their contributions
to downstream outcomes of host tissue response, they play both a detrimental role in the
inflammatory response and a beneficial role in the remodeling process of implanted
biomaterials. These inflammatory cells are derived from blood-borne monocytes that
adhere to the surface of foreign scaffolds during the early stage of the acute inflammatory
response and subsequently differentiate into macrophages that actively participate in
wound healing during foreign body reaction [13, 32]. Although the exact activities of
macrophage and the mechanism of their activation at the biomaterial interface is unclear,
these activated macrophages eventually fuse to form foreign body giant cells (FBGCs),
which interact with additional macrophages to form granulation tissue and fibrous
capsule towards the final stages of the host response cascade. However, the exact
composition of granulation tissue and fibrous capsule as well as the degree of their
formation are affected the topography and surface chemistry of the implanted biomaterial
as briefly mentioned previously. In addition, macrophages possess two primary
functional phenotypes — pro-inflammatory (M1) or immunomodulatory and tissue
remodeling (M2), despite having a remarkable plasticity to reversibly and progressively
shift their functions in response to changes in microenvironmental influences [33, 34].
The pro-inflammatory, M1 phenotype is characterized by cytotoxic macrophages
associated with chronic inflammation; in contrast, the anti-inflammatory, M2 phenotype
is identified as macrophages that participate in tissue repair and modulate remodeling,
which are two key aspects that determine the functional success of tissue-engineered
scaffolds [35]. Moreover, recent studies have shown that porous biomaterials elicit
foreign body reaction and fibrosis with less encapsulation and more vascularity compared
to their non-porous counterparts of the same composition [36]. Similarly, researchers
from the Ratner group demonstrated the porosity is associated with healing, in which
materials possessing spherical, interconnected pores of approximately 30-40 um healed
with the highest vascularity along with minimal fibrosis and significantly higher ratios of
M2/M1 macrophages [37, 38]. Another example involves controlling the local
architecture and chemistry to allow selective vessel ingrowth only into desired regions, in
which angiogenic and anti-angiogenic peptides were attached inside laser-drilled holes
through the thickness of porous polypropylene disks [39]. Thus, from a tissue engineering
perspective, the ability to mediate and better control the macrophage phenotype has
major implications, since the M2 population is dominant in long-term remodeling,
making it beneficial and favorable for the constructive remodeling of all scaffold
materials.



Tissue-Engineered Vascular Grafts

Tissue engineering has been able to successfully create many tubular structures
for the repair and/or regeneration of various tubular tissues in high clinical demand. One
main example is vascular tissue engineering, specifically for coronary and peripheral
arterial disease applications. Because of these vascular diseases, which affect millions of
people worldwide with continuously rising prevalence, there is a huge unmet need for
small-diameter (< 6 mm) vascular grafts as bypass and blood vessel replacement. Even
though autologous vessels, typically taken from saphenous vein, are considered the gold
standard and have demonstrated superior clinical outcome, they are limited by their
availability as well as surgical morbidity and complications [40]. Similarly, an alternative
uses synthetic grafts made of materials such as polyethylene terephthalate (Dacron) and
expanded polytetrafluoroethylene (Teflon), but they are also limited primarily because of
their inherently thrombogenic surface and compliance mismatch [41, 42]. Therefore,
numerous groups, including us, have utilized various strategies aimed to develop an ideal,
small-diameter vascular graft possessing both mechanical (i.e. compliant) and chemical
(i.e. antithrombogenic) properties similar to those of native vessels. Examples of such
approaches include decellularized vessels [43-45] and electrospun vascular grafts [46, 47]
using synthetic and/or natural polymers in combination with different elements to achieve
desired endothelialization both in vitro and in situ (Figure 1.3).
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Figure 1.3. Tissue engineering of vascular grafts. The schematic illustrates current in
vitro, in vivo, and in situ engineering approaches in the development of tissue-engineered
vascular grafts. Image courtesy of [48]



Electrospinning

Electrospinning is a commonly utilized technique to fabricate tissue-engineered
scaffolds that closely resemble the organized structure and biological function of native
ECM [49]. It is a process that was first introduced by Lord Rayleigh in the late 19"
century but further developed and described in early publications by the Reneker group
[50, 51]. Electrospinning, which relies on the generation of an electric field between a
positively charged capillary filled with a polymer solution and a typically grounded
collector, is a simple yet versatile method that can easily produce nonwoven, three-
dimensional fibrous structures with controllable fiber diameters ranging from tens of
nanometers to microns [52].

A basic electrospinning setup is illustrated below (Figure 1.4):
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Figure 1.4. Electrospinning process. The setup consists of a spinneret, high voltage
power supply, and collector. The polymer solution is delivered through a charged
spinneret via syringe pump. In the presence of an electric field, a polymer jet is extruded,
whipping across towards the collector to form micro- or nanofibers. Image modified from
[53]

When the charged polymer solution is delivered through the spinneret (i.e. needle
tip) in the presence of an electric field, a conical droplet forms as a result of the
equilibrium between the surface tension of the droplet and the electric field. However,
when the applied electric field overcomes the surface tension, a polymer jet is extruded
from the tip. As this jet whips and travels across the electric field to the grounded target,
the solvent in the jet evaporates and individual polymer fibers are deposited and collected.



In the end, a nonwoven fibrous scaffold with varying fiber diameter and morphology is
produced. In fact, various electrospinning parameters, including polymer solution
properties (i.e. concentration, viscosity, and conductivity of polymer and solvent),
solution feed rate, gap distance between the tip of the spinneret and the collector, electric
field strength (i.e. voltage), collector geometry (i.e. size and shape), temperature, and
humidity, can be adjusted and optimized to attain desired fiber characteristics, especially
fiber diameter and integrity (Table 1.1) [54, 55].

Parameters Effect on fiber morphology

Solution parameters

Wiscosity Low-beads generation, high-increase in fiber diameter , disappearance of
beads.
Polymer concentration Increase in fiber diameter with increase of concentration.
Molecular weight of Reduction in the number of beads and droplets with increase of molecular
polymer weight.
Conductivity Decrease in fiber diameter with increase in conductivity.
Surface tension No conclusive link with fiber morphology, high surface tension results in

instability of jets.

Processing parameters

Applied voltage Decrease in fiber diameter with increase in voltage.

Distance between tip and Generation of beads with too small and too large distance, minimum distance
collector required for uniform fibers.

Feed rate/Flow rate Decrease in fiber diameter with decrease in flow rate, generation of beads

with too high flow rate.

Ambient parameters
Humidity High humidity results in circular pores on the fibers.
Temperature Increase in temperature results in decrease in fiber diameter.

Table 1.1. Electrospinning parameters. Fiber morphology (i.e. diameter) can be fine-
tuned by the control and optimization of various solution, processing, and ambient
parameters. Table courtesy of [56]

Advantages and Disadvantages

Because of the versatility of electrospinning and the ability to control structure in
terms of geometry and mechanical properties, electrospun scaffolds have tremendous
potential as functional scaffolds for various tissue engineering applications [57, 58]. One
main appeal of such scaffolds is that the electrospun fibrous structure is made to resemble
the fibrous collagen networks observed in the natural ECM. In particular, electrospun
fibers, especially in nanoscale dimension, possess high surface-area-to-volume ratio that
is favorable for the attachment of not only exogenous and endogenous cells but also
bioactive molecules on the fiber surface. However, regardless of the raw material selected
for electrospinning, a major shortcoming that significantly limits the utilization of
electrospun scaffolds is their small pore size. The finer the fiber diameter becomes, the



more densely the fibers are packed, leading to pore sizes that are too small for both
seeded and host cells to migrate and reside inside. As a result of such dense fibrous
network and the associated small pore size, cell infiltration and tissue ingrowth necessary
to facilitate desired angiogenesis and tissue integration of implanted scaffolds as
discussed earlier cannot be achieved, restraining the potential of electrospun scaffolds to
be employed and effective in the regeneration of large, complex tissues that demand
ample vascularization and diffusion of oxygen and nutrients.

Strategies to Engineer Desired Physical Features and Surface Chemistry

There are numerous strategies to engineer desired structure and surface chemistry
of electrospun scaffolds to improve their performance in various applications. First, in
order to address a physical issue and alleviate the detrimental effect of insufficient pore
size and poor cell permeability on the functional performance of these scaffolds in vivo,
an array of novel techniques that offers precise control of scaffold architecture and
chemistry have been developed to improve tissue ingrowth and enhance vascularization.
From an engineering standpoint, common examples of scaffold fabrication manipulation
include: integration with three-dimensional printing [59, 60], incorporation of sacrificial
polymers [22, 61] or porogens (i.e. salt) in particulate leaching to control scaffold
composition [62, 63], as well as adjustments of electrospinning parameters to tailor fiber
diameter and generate nano- and microfibers [64, 65]; likewise, examples of post-
fabrication processing and modifications consist of: micropatterning [66], ultraviolet
radiation treatment [67], and femtosecond laser ablation [68] to increase pore size or
create additional topographical features. On the other hand, chemical modifications of
dense, electrospun scaffolds to manipulate surface properties and emulate the bioactive
features of ECM, specifically in terms of cell infiltration and vascularization, consist
primarily of surface functionalization, such as plasma treatment [69, 70], covalent surface
bonding [71, 72], and physical adsorption [73], and also bulk incorporation of bioactive
molecules via direct mixing [74, 75], co-axial electrospinning [76], and other techniques.
Therefore, the challenge to obtain antiquate cell infiltration and angiogenesis into dense
electrospun scaffolds with small pore size and poor surface characteristics can be
effectively overcome, expanding their utilization in both simple and complex tissues.
With proper yet creative approaches, we aim to engineer the structure and surface
chemistry of novel micro- and nano-biomaterials for cell and tissue engineering
applications, including the development and fabrication of small-diameter bioactive
vascular graft.
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CHAPTER 2

Femtosecond Laser Ablation Enhances Cell
Infiltration into Three-Dimensional Electrospun

Scaffolds

ABSTRACT

Electrospun scaffolds are used extensively in tissue engineering applications since they
offer a cell-friendly microenvironment. However, one major limitation is the dense fibers,
small pore size and consequently poor cell infiltration. Here, we employ a femtosecond
(FS) laser system to ablate and create microscale features on electrospun poly(L-lactide)
(PLLA) nanofibrous scaffolds. Upon determining the ablation parameters, we pattern
structured holes of varying diameters of 50, 100, and 200 pum and spacing of 50 and 200
um between adjacent holes on the scaffolds. The elastic moduli of ablated scaffolds
decrease with the decrease of spacing and the increase of hole size. Cells seeded on the
laser-ablated scaffolds exhibit different morphology but similar proliferation rate when
compared with control (non-ablated) scaffold. Furthermore, animal studies indicate that
ablated scaffolds facilitate endothelial cell ingrowth as well as drastically increase M2
macrophage and overall cell infiltration. These findings demonstrate that FS laser
ablation can be used to increase cell infiltration into nanofibrous scaffolds. Laser ablation
not only can create desired features in micrometer length scale but also presents a new
approach in the fabrication of three-dimensional porous constructs for tissue engineering.
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Introduction

Biocompatible three-dimensional scaffolds play a pivotal role in tissue
engineering. These scaffolds are fabricated with controlled mechanical and biological
properties so that they are able to support new tissue formation while providing physical
and chemical cues that promote various cellular processes, including proliferation,
migration, and differentiation [1]. Specifically, the architecture of tissue-engineered
scaffolds is designed to closely mimic the organized structure and biological function of
native extracellular matrix (ECM). Thus, a favorable ECM-like microenvironment for
cells is crucial to achieve the desirable scaffold integration as well as cell-material
interactions and tissue ingrowth.

Electrospinning is a popular technique used to fabricate tissue-engineered
scaffolds [2-5]. It is a consistent, versatile method that produces nonwoven, three-
dimensional fiber structures with controllable fiber diameter [6-8]. Electrospun scaffolds
have great potential in that their structures, especially in nanoscale network, not only
closely resemble natural ECM but also exhibit high surface-area-to-volume ratio
favorable for attachment of cells and bioactive molecules onto fiber surfaces [9].
However, one main issue that limits their utilization is their small pore size. Such small
pore size of electrospun scaffolds results from the dense network of fibers, which hinders
cell infiltration and ultimately reduces their use in replacing large tissues that require
ample vascularization and nutrient diffusion. Various techniques to overcome this
shortcoming have been investigated, including the incorporation of sacrificial fibers and
porogens [10, 11], modification of fiber diameter [12], and post-processing by
photopatterning [13] or ultraviolet radiation treatment [14] to increase pore size and
overall porosity.

Although laser machining is an attractive approach for many biomedical
applications, a major concern with using this method to process biomaterial scaffolds is
the potential for thermal effects, for example, induced by nanosecond laser. However,
ultrafast laser is considered a promising tool to rapidly process and create complex
structures on electrospun scaffolds. For example, although a few studies have
investigated the use of femtosecond (FS) laser to ablate electrospun fibrous scaffolds
since its ultrashort and high irradiance pulses produce clean ablation with minimal
thermal and physical stress [15, 16], they focus primarily on surface ablations, such as
grooves and microwells, which did not address the pore size issue of electrospun
scaffolds, and there was limited biological characterization. In addition, key features that
make FS laser processing superior over other laser machining processing, such as
nanosecond or picosecond laser, lie primarily in its very rapid creation of vapor and
plasma phases that lead to negligible heat conduction and the absence of liquid phase [17].
Thus, FS laser possesses the ability for precise material processing with clean surface and
reduced thermal damage, whereas UV nanosecond laser ablation leads to redeposition of
the material and results in melted morphology and decreased porosity [18, 19]. In fact,
the level of precision in which the location and depth of well-defined ablation can be
carefully regulated further facilitates the process.
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Here, we explore the potential of FS laser ablation to create desired microscale
topographical features and increase both pore size and bulk porosity of electrospun PLLA
nanofibrous scaffolds. Using an 800 nm, 100 femtosecond (fs) laser to ablate the
scaffolds, we determine optimal ablation parameters, characterize the process for
patterning holes of varying diameters (50 um, 100 um, and 200 pm) and densities (50-um
and 200-um spacing between adjacent holes), and compare the structure and mechanical
property of the scaffolds. Furthermore, we assess the biocompatibility and biological
performance of these ablated scaffolds to determine whether different extent of porosity
from the patterned holes affect cell adhesion, morphology, and proliferation in vitro,
along with cell infiltration and host response in vivo.

Materials and Methods

Fabrication of PLLA Nanofibrous Scaffolds

We used electrospinning, as described previously with minor modifications [20,
21], to fabricate nanofibrous scaffolds from biodegradable poly(L-lactide) (PLLA) (1.09
dL/g inherent viscosity) (Lactel Absorbable Polymers, Pelham, AL). The PLLA (19%
w/v) solution was prepared by dissolving PLLA pellets in hexafluoroisopropanol (HFIP)
solvent via sonication for 30 minutes until all of the PLLA pellets were completely
dissolved. To deliver the polymer solution, a programmable pump was used along with a
5-ml syringe filled with PLLA that was fitted with flexible silicon tubing connected to
1.5” long stainless steel 23G dispensing needles. A high-voltage generator was used to
apply a 12 kV voltage to the needle. PLLA fibers with diameters ranging from 200 nm to
3 um were ejected from the charged needle towards the surface of a grounded collector to
form a nonwoven nanofibrous membrane. Specifically, the PLLA solution was delivered
at a flow rate of 1 ml/hr from a gap distance (distance between needle tip and collecting
drum) of 8.5 cm. For this study, a random orientation of nanofibers was achieved by
using a low speed of rotation (200 rpm) for the collecting drum. Electrospinning
continued until the scaffolds reached an approximate thickness of 130-200 um based on
measurements with a thickness gauge (Mitutoyo America, Aurora, IL). The electrospun
sheets were then placed in a vacuum overnight to remove any residual HFIP.

Femtosecond Laser Ablation and Characterization of Ablated Nanofibrous
Scaffolds

The ablation characteristics of PLLA scaffold were evaluated to determine the
optimal parameters for creating the desired ablations. We used a Ti:Sapphire amplified
laser system (Spitfire, Spectra physics, Irvine, CA) and 5x objective lens with numerical
aperture N.A. = 0.14 (M Plan Apo, Mitutoyo, Barrington, NJ) to perform FS laser
ablation. First, using single pulses of the FS laser, we varied the laser energy and
observed the corresponding change in ablation pore size. The pulse energy was adjusted

18



with a half wave plate (A/2) and a polarizing beam splitter. Samples were loaded on
motorized stages (ANT130, Aerotech Inc., Pittsburgh, PA) with a synchronized laser
trigger system controlled by a personal computer. Subsequently, using constant laser
energy (35 W), we varied the pulse number to determine the resulting change in depth of
the ablation with increasing pulse number. The ablated scaffolds were examined and
imaged from both top and cross-sectional views to compare changes in pore size and
depth, respectively, with Hitachi TM-1000 scanning electron microscope (SEM) (Hitachi,
Pleasanton, CA). For the samples used in in vitro and in vivo studies, through-holes were
fabricated on the PLLA scaffolds by circular and linear motion of the motorized stages
with 1 mm/s speed with fixed laser energy (35 wJ) and pulse frequency (1 kHz).

To determine the mechanical property of the nanofibrous scaffolds, scaffolds were
first cut into approximately 0.5-cm x 1-cm pieces and subjected to uniaxial tensile testing
in the longitudinal direction by using an Instron 5544 tester (Instron, Canton, MA). Prior
to testing, three thickness measurements along the length of each sample were taken with
the thickness gauge and averaged; likewise, three width measurements were acquired
using a digital caliper and averaged. After placing the sample in between the grips, the
gauge length was measured with a digital caliper. Each sample was extended until failure
at a rate of 0.1 mm/sec, and the applied force and deformation were recorded every
second via Bluehill software (Instron, Canton, MA). Elastic modulus was calculated by
determining the slope based on the applied load and scaffold deformation in the linear
region of the stress-strain curve and the dimensions (thickness and width) of the samples.

Cell Culture and In Vitro Cell Experiments

Human mesenchymal stem cells (hMSCs) (Lonza Walkersville, Walkersville, MD)
were cultured and expanded in hMSC maintenance medium (MSCGM, Cambrex, East
Rutherford, NJ) and maintained in a humidified incubator at 37°C with 5% CO..

Scaffolds from the 7 groups of membranes ((1) control (non-ablated); (2) 50-um
diameter/50-um spacing (50-50); (3) 50-um diameter/200-um spacing (50-200); (4) 100-
pm diameter/50-pum spacing (100-50); (5) 100-um diameter/200-um spacing (100-200);
(6) 200-um diameter/50-pum spacing (200-50); and (7) 200-um diameter/200-um spacing
(200-200)) were cut into 0.5-cm x 0.5-cm squares and secured to non-tissue-culture-
treated polystyrene dishes via double-sided tape. Prior to cell seeding, these membranes
were disinfected in 70% ethanol under germicidal ultraviolet light for 30 minutes, and
subsequently washed with sterile deionized water for five times. The membranes were
then coated with 1% fibronectin (Sigma-Aldrich, St. Louis, MO) for 30 minutes at 37°C
and washed once with PBS before cell seeding. Approximately 3,500 cells were seeded
onto each of the membranes followed by 30 minutes of incubation to allow the cells to
settle and attach. After incubation, sufficient media (Dulbecco’s modified Eagle medium
(DMEM) (Invitrogen, Carlsbad, CA) supplemented with 10% fetal bovine serum (FBS)
(Thermo Fisher Scientific, Waltham, MA) and 1% penicillin/streptomycin (P/S)
antibiotic mixture was added to each dish containing a cell-seeded membrane. To
visualize cell adhesion and morphology, samples were fixed after 24 hours with 4%
paraformaldehyde (PFA), permeabilized with 0.5% Triton X-100, blocked with 3 mg/ml
bovine serum albumin (BSA) + 0.1% Triton X-100, and stained with AlexaFluor 488
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phalloidin for actin filaments as previously described [22]. Fluorescence images of the
stained hMSCs were obtained with a Zeiss confocal fluorescence microscope (Zeiss
LSM710, Carl Zeiss Microlmaging, Thornwood, NY).

To quantify cell proliferation, samples were prepared as described above.
Scaffolds were seeded with a lower density of approximately 1,000 hMSCs per scaffold,
followed by 30 minutes of incubation for cells to settle and attach. After incubation,
sufficient DMEM supplemented with 10% FBS and 1% P/S was added to each dish
containing a cell-seeded membrane. The samples were fixed after 24 hours and
subsequently immunostained for the proliferation marker Ki-67 (Abcam, Cambridge, MA)
along with 4',6-diamidino-2-phenylindole (DAPI) for nuclear counterstain. Fluorescence
images of the stained hMSCs were obtained with the Zeiss confocal fluorescence
microscope. The percentage of cells that were in the active phases of cell cycle was
determined and correlated to cell proliferation rate.

Rat Subcutaneous Cellular Infiltration Model

All experimental procedures with animals were approved by the ACUC
committee at University of California, Berkeley. Three membranes, approximately 0.5-
cm x 0.5-cm in size, representing each of the 7 groups were implanted in the
subcutaneous cavity of Sprague-Dawley rats. Briefly, all membranes were disinfected in
70% ethanol under germicidal ultraviolet light for 30 minutes, and subsequently washed
five times with sterile deionized water. Prior to scaffold implantation, rats were
anesthetized with isofluorane, and the incision sites were marked and disinfected with
70% ethanol. Four incisions were made on the right side and three incisions on the left
side of the lower abdominal wall so that one scaffold from each of the 7 groups was
implanted and placed subcutaneously relative to the incision in the same rat. Interrupted
5-0 Monocryl (Ethicon, Inc., Somerville, NJ) mattress sutures were used to close the
incision.

All animals were monitored daily by a veterinarian and no adverse incidents were
observed in any of the animals. At the end of the 1-week study on day 7 and the 2-week
study on day 14, the rats were returned to the operating room, where they were given
general anesthesia and disinfected with 70% ethanol at the initial implantation locations.
The scaffolds, along with their immediate surrounding tissue, were explanted and
immediately fixed with 4% PFA before being embedded in optimal cutting temperature
(OCT) compound (TissueTek, Elkhart, IN) on dry ice. Cross-sections of 12-um thickness
were generated in the transverse plane using a -20°C cryosectioner. The samples were
fixed with 4% PFA, permeabilized with 0.5% Triton X-100, and blocked with 3 mg/ml
BSA + 0.1% Triton X-100. They were then immunostained for pan macrophages using
mouse anti-rat CD68 (AbD Serotec, Raleigh, NC) at 1:100 dilution; for M2 macrophages
using mouse anti-rat CD163 (AbD Serotec) at 1:50 dilution; for M1 macrophages using
rabbit anti-rat CCR7 (Novus Biologicals, Littleton, CO) at 1:100 dilution; and for
endothelial cells using mouse anti-rat CD31 (BD Pharmingen, San Diego, CA) at 1:100
dilution. The secondary antibody used was AlexaFluor 488 donkey anti-mouse IgG
(H+L) (Invitrogen Corp., Carlsbad, CA) for CD68 and CD31, AlexaFluor 546 donkey
anti-mouse IgG (H+L) (Invitrogen Corp.) for CD163, and AlexaFluor 546 goat anti-
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rabbit IgG (H+L) (Invitrogen Corp.) for CCR7, all at 1:500 dilution. All antibodies were
diluted in blocking serum. All samples were subsequently counterstained with DAPI.
Fluorescent signals were observed under the Zeiss LSM710 confocal microscope. A
minimum of 6 cryosections were examined for each membrane to confirm the
consistency between sections.

Statistical Analysis

The data are presented as mean + standard deviation (SD). All data were
compared by using one-way ANOVA tests. Two-tailed Student’s t test was used to test
for significant differences between the groups with the same hole diameter. Holm’s t test
was then used to perform multiple comparisons against a single control to determine
significant differences between each ablated scaffold group and the control. A P value
less than 0.05 was considered statistically significant.

Results and Discussion

Characterization of Femtosecond Laser-Ablated Nanofibrous Scaffolds

To characterize the ablation of electrospun PLLA scaffolds, the effects of varying
laser energy and pulse number on ablated pore size and depth, respectively, were
examined (Figure 2.1). Our plots show that the diameter of ablated pores increased
logarithmically as laser energy increased (Figure 2.1G), and the resulting depth was
linearly proportional to the pulse number (Figure 2.1H). With a 35 pJ FS laser, the
average depths of ablated pores increased from about 21 to 130 um as pulse increased
from 1 to 8 pulses, with complete through-holes achieved beyond 8 pulses. We
demonstrated that the scaffold material could be removed by layers in controllable
amounts and that well-defined pore size and spacing could be easily produced in a rapid
format. Applying the optimal parameters, we prepared a total of 7 groups of membranes:
(1) control (non-ablated); (2) 50-um diameter/50-pum spacing (50-50); (3) 50-pm
diameter/200-um spacing (50-200); (4) 100-um diameter/50-pum spacing (100-50); (5)
100-pm diameter/200-um spacing (100-200); (6) 200-um diameter/50-pum spacing (200-
50); and (7) 200-um diameter/200-pum spacing (200-200).
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Figure 2.1. Characterization of femtosecond laser ablation of electrospun scaffolds.
SEM images of PLLA nanofibrous scaffolds ablated with a single pulse of an 800 nm,
100 femtosecond laser with an energy of (A) 7 wJ, (B) 35 uJ, and (C) 70 uJ were taken to
determine the resulting diameter of ablation. To characterize the ablation depth, SEM
images of PLLA scaffolds ablated with (D) 1 pulse, (E) 5 pulses, and (F) 10 pulses of the
same femtosecond laser with constant 35 pJ energy were taken. (G) Ablated diameter
(um) versus laser energy () for single-pulse ablation was plotted. (H) Ablated depth
(um) versus pulse number for a 35 pJ, femtosecond laser was plotted. Scale bar: 100 pm.

Our SEM visualization confirmed that FS laser ablation of electrospun scaffold
resulted in minimal thermal stress and collateral damage (Figure 2.1A-F and Figure 2.2A-
F). The PLLA fiber architecture, especially in regions immediately adjacent to the
ablation site, did not reveal molten morphology. The ablated scaffolds maintained an
overall intact fibrous structure and provided a more porous structure not only because of
the patterned arrays of holes but more importantly the relatively larger pore sizes on the
post-ablation edge compared to the pores on the scaffold surface. Thus, our findings
suggest that the process of FS laser ablation can impart beneficial features in addition to
patterned holes to electrospun scaffolds in order to not only increase pore size and
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improve their bulk porosity but also provide the path for cell infiltration between layers

of electrospun fibers.
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Figure 2.2.
Characterization of FS
laser-ablated nanofibrous
scaffolds with varying
hole size and density. Six
groups of ablated scaffolds
were prepared: (A) 50-um

diameter/50-um  spacing
(50-50); (B) 50-um
diameter/200-um  spacing
(50-200); (C) 100-um
diameter/50-um  spacing
(100-50); (D) 100-pum
diameter/200-um  spacing
(100-200); (E) 200-um
diameter/50-um  spacing
(200-50); and (F) 200-um
diameter/200-um  spacing

(200-200). Scale bar: 200
um. (G) Representative
stress-strain curves of the
control (non-ablated)
scaffold and  ablated
scaffolds of 50-50 (red),
50-200 (orange), 100-50
(yellow), 100-200 (green),
200-50 (blue), and 200-200
(brown). (H) Elastic moduli
were calculated from the
slope of the curves and the

scaffold dimensions for
each group (n>4). *
indicates significant
difference (P<0.05)
between the pairs (same
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spacing)  of  scaffold
groups. # indicates
significant difference

(P<0.05) compared to the
control group.



To assess the effect of laser-ablated hole size and density on the mechanical
properties of the ablated scaffolds, we performed uniaxial tensile testing. Representative
stress-strain plots of the samples tested for each scaffold group are shown (Figure
2.2GH). The elastic moduli of the ablated scaffolds varied significantly from the control
scaffold, and the decrease of the spacing between the holes had more dramatic effect on
elastic modulus. Despite having the same hole density of 200-um spacing with the two
larger hole sizes, only the 50-200 group (133.8 + 9.7 MPa) had comparable elastic
modulus with that of control (147.2 + 11.8 MPa); the 100-200 (107.4 + 9.3 MPa) and
200-200 groups (76.8 + 5.7 MPa) were significantly weaker as a consequence of the
larger hole size. Because of the much higher density of ablated holes, the elastic moduli
of the 50-um spacing groups were decreased by approximately 2 to 2.5-fold compared to
their respective 200-um spacing counterparts (76.9 + 7.3 MPa for 50-50; 42.9 + 7.0 MPa
for 100-50; 45.1 + 6.9 MPa for 200-50). We believe that the presence of holes changed
the stress distribution and thus decreased the strength of the scaffolds. Therefore, the
range of the apparent elastic moduli of the ablated scaffolds may be tailored for specific
tissue engineering applications.

Effects of Laser-Ablated Hole Size and Density on Cell Adhesion, Morphology and
Proliferation

Previous studies have shown that the structuring of scaffold surfaces with
topological microscale features affect cellular behaviors and provide directed tissue
development [23, 24]. In our study, we stained for actin and Ki-67 (a proliferation marker)
to visualize the morphology and assess the proliferation of hMSCs on the ablated and
control scaffolds after 1-day culture. As shown in Figure 2.3A-G, cell adhesion on the
surface of ablated scaffolds appeared unaffected as no drastic difference in cell density
was observed. However, cell morphology on the ablated scaffolds was influenced by the
hole size and density. On the two 50-um diameter groups, hMSCs exhibited similar well-
spread morphology compared to the cells on the control scaffold as they easily concealed
the patterned holes as if no features were present (Figure 2.3B,C). As the hole size
increased to 100 um and 200 pm in diameter, the cells became more elongated with
fewer cells bridging across the holes while most adhered and circumferentially aligned
around the ablated holes. This difference in cell morphology was more defined for the
100-50 and 200-50 groups since the cells were more spatially confined within the
constrained area as a result of the combination of larger hole size and higher hole density.
In contrast, although the ablated holes altered cell morphology, our results indicated that
hMSC proliferation on the surface of ablated scaffolds appeared unaffected by the
varying hole sizes and densities as no considerable difference was observed (Figure
2.3H). Thus, our findings showed that although hMSC adhesion and proliferation on the
scaffold surface were not significantly affected, their morphology was dictated by the
patterned hole features.
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Figure 2.3. Cell adhesion, morphology, and proliferation on nanofibrous scaffolds.
hMSCs were seeded onto the ablated scaffolds of (A) 50-50; (B) 100-50; (C) 200-50; (D)
50-200; (E) 100-200; (F) 200-200; and (G) control (non-ablated) scaffold. Cells were
fixed after 24h and stained with AlexaFluor 488 phalloidin for actin (green) and DAPI
(blue) for cell nucleus. Scale bar: 200 pm. (H) Quantitative analysis showing the
percentage of cells positive for Ki-67 on each scaffold group (n=3).

Effects of Laser-Ablated Holes on Cell Infiltration and Host Response In Vivo
In order to better characterize the biological response to the microscale hole

features, we demonstrated through our rat subcutaneous cell infiltration model that
effective cell infiltration into electrospun scaffolds in vivo could be achieved and
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significantly enhanced by utilizing a FS laser system to create desired ablations and
increase scaffold porosity. Here, scaffolds were implanted subcutaneously between the
superficial fascia and the contacting muscular layer in the lower abdominal region of
Sprague-Dawley (SD) rats. The scaffolds were explanted after 1 week, and cross-sections
were obtained and immunostained with anti-CD68 antibody for pan macrophages as well
as anti-CD163 and anti-CCR7 antibodies for M2 and M1 phenotype of macrophages,
respectively, to assess the extent of immunomodulatory response, and with DAPI to
visualize the distribution of infiltrated cells throughout the thickness of the scaffolds
(Figures 2.4-2.6). CD68 is a pan-macrophage marker; CD163 is a surface marker
representative of the M2 phenotype of macrophages, which have been characterized as
the anti-inflammatory, “alternatively* activated macrophages that promote
immunoregulation, tissue repair, and constructive tissue remodeling; CCR7 is a surface
marker representative of the M1 phenotype of macrophages, which have been
characterized as the pro-inflammatory, “classically* activated macrophages associated
with signs of inflammation [25-27]. Our results showed that CD68" macrophages were
present in the surrounding and infiltrated cells for all 6 ablated scaffold groups, with
CD163" M2 macrophages contributing to a large portion of the population. (Figure 2.4A-
G and Figure 2.5). However, no drastic differences in the presence of CCR7" M1
macrophages were observed in the surrounding population of cells for all 7 scaffold
groups (Figure 2.6). In addition, because of the poor cell infiltration into and the low
number of cells throughout the control compared to the ablated scaffolds (as indicated by
DAPI staining and Figure 2.4H), very few CD68" macrophages, including CCR7" M1
macrophages, and no CD163" M2 macrophages were found within the control scaffold.
Several recent studies demonstrated that porosity of biomaterial scaffold is important in
that porous materials, compared to their non-porous form, healed with minimal foreign
body reaction (FBR) and fibrosis when implanted in vivo [28-30]. Interestingly, pores of
optimal size were found to be heavily infiltrated by high ratio of M2/M1 macrophages
[30]. Therefore, although the exact mechanisms in which the ablations timely modulate
the macrophage phenotype remain unknown, the presence of CD68" macrophages, more
specifically CD163" M2 macrophages, in ablated regions as well as within and
surrounding our ablated scaffolds suggests the importance of microscale pores and their
contribution to cell ingrowth and biological scaffold remodeling.

In addition, in Figure 2.4H, cell infiltration, as determined by cell density
(cells/mm?), into both scaffold and hole regions for the different scaffold groups was
quantified. Because host tissue was able to grow into the ablations, we noticed
significantly higher cell infiltration in the holes regions compared to the scaffold regions
for every scaffold group except the 200-200 group. More importantly, cell infiltration
was significantly higher in the scaffold regions of ablated scaffolds compared to the
control scaffold. We speculate that the ablations facilitated overall cell infiltration as the
cells were able to better migrate through the ablated holes and infiltrate between layers of
electrospun fibers into the scaffold from the post-ablation edges rather than from the
relatively less porous surface.
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Furthermore, we observed a noticeable increase in endothelial cell ingrowth of the
ablated scaffolds implanted subcutaneously in the lower abdominal region of SD rats. In
a study aimed to elucidate the effects of pore size on tissue response to porous
biomaterials, Marshall et al. showed that tightly controlled pore size promoted vascular
ingrowth in which the degree of intra-matrix vascularization increased with decreasing
pore size [31]. However, as shown in Figure 2.7, our CD31" staining indicated
endothelial cell infiltration within the ablated holes after 1 week in vivo. In addition, the
extent of endothelial cell ingrowth with respect to increased CD31" staining within the
holes of the ablated scaffolds was more prominent after 2 weeks in vivo (Figure 2.8). This
is suggestive of angiogenesis as endothelial cells were able to migrate into the holes to
sprout new blood vessels. In contrast, regions without ablations, such as the spacing
between adjacent holes as well as the control scaffold, showed no signs of endothelial
cells within the scaffolds; instead, the distribution of CD31" staining was concentrated
mainly in the surrounding tissue. These findings concur with previous studies that
specifically engineered pore size is pro-angiogenic and can potentially induce more
vascularization [32], although additional studies need to be conducted to investigate and
better understand the process.

Thus, because this approach can be not only extended to various polymers that
may have different effects on inflammatory responses but also combined with other
techniques such as the incorporation of sacrificial fibers in composite scaffolds, the
appropriate selection of polymers or matrix proteins for fabricating electrospun scaffolds
is important and needs to be customized for various tissue engineering and regenerative
medicine applications.

Conclusions

In summary, porosity is an important issue that must be addressed when utilizing
electrospun meshes as tissue-engineered nanofibrous scaffolds. Here, we demonstrate
that FS laser can be used to ablate electrospun scaffolds while preserving their overall
structural integrity and effectively improving cell infiltration. FS laser allows better
control of laser power than nanosecond laser and avoids fiber melting and consequently
the blockage of porous structure. The diameter of the holes increases logarithmically with
the laser energy, and the depth of the holes increases linearly with the number of the laser
pulse. In addition to their effects on cell morphology in vitro, electrospun PLLA scaffolds
with FS laser-ablated holes of varying size and density exhibit significantly better
endothelial cell ingrowth and macrophage infiltration compared to the control scaffold in
vivo. We hope to integrate the FS laser system with tissue engineering applications to not
only promote cell ingrowth and accelerate tissue remodeling but also enhance the
vascularization of engineered tissues, the fabrication of 3D structures, and the control of
topographical features in the cellular microenvironment.
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Figure 2.7.
Endothelial cell
infiltration into
nanofibrous
scaffolds in vivo
after 1 week.
Immunofluorescent
staining of CD3l1
(green) for
endothelial cells and
counterstain with
DAPI (blue) for cell
nuclei of infiltrated
and surrounding cells
in the cross-sections
of the ablated
scaffolds of (A) 50-
50; (B) 50-200; (C)
100-50; (D) 100-200;
(E) 200-50; (F) 200-
200; and (G) control
(non-ablated)
scaffold. White
arrows indicate the
location of the holes.
Edges of the
scaffolds are
delineated by the
white dashed lines.
Scale bar: 100 um.
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Figure 2.8.
Endothelial cell
infiltration into
nanofibrous
scaffolds in vivo
after 2 weeks.
Immunofluorescent
staining of CD31
(green) for
endothelial cells and
counterstain with
DAPI (blue) for cell
nuclei of infiltrated
and surrounding
cells in the cross-
sections of  the
ablated scaffolds of
(A) 50-50; (B) 50-
200; (C) 100-50; (D)
100-200; (E) 200-50;
(F) 200-200; and (G)
control (non-ablated)
scaffold. White
arrows indicate the
location of the holes.
Edges of the
scaffolds are
delineated by the
white dashed lines.
Scale bar: 100 um.
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CHAPTER 3

Synovial Stem Cells and Their Responses to the
Porosity of Microfibrous Scaffolds

ABSTRACT

Tissue-specific stem cells can be coaxed or harvested for tissue regeneration. In this study,
we identified and characterized a new type of stem cells from the synovial membrane of
knee joint, named neural crest cell-like synovial stem cells (NCCL-SSCs). NCCL-SSCs
showed the characteristics of neural crest stem cells: they expressed markers such as
Sox10, Sox17 and S100b, were clonable, and could differentiate into neural lineages as
well as mesenchymal lineages, although NCCL-SSCs were not derived from neural crest
during the development. When treated with transforming growth factor bl (TGF-bl),
NCCL-SSCs differentiated into mesenchymal stem cells (MSCs), lost the expression of
Sox17 and the differentiation potential into neural lineages, but retained the potential of
differentiating into mesenchymal lineages. To determine the responses of NCCL-SSCs to
microfibrous scaffolds for tissue engineering, electrospun composite scaffolds with
various porosities were fabricated by co-electrospinning of structural and sacrificial
microfibers. The increase in the porosity in microfibrous scaffolds enhanced cell
infiltration in vitro and in vivo, but did not affect the morphology and the proliferation of
NCCL-SSCs. Interestingly, microfibrous scaffolds with higher porosity increased the
expression of chondrogenic and osteogenic genes but suppressed smooth muscle and
adipogenic genes. These results suggest that the differentiation of NCCL-SSCs can be
controlled by both soluble chemical factors and biophysical factors such as the porosity
of the scaffold. Engineering both NCCL-SSCs and scaffolds will have tremendous
potential for tissue regeneration.
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Introduction

Osteoarthritis represents structural breakdown of the synovial joint, affecting 70
million people in the United States [1]. Thus, there is an urgent need to develop effective
treatment for the regeneration of tissues such as cartilage, bone and tendon. Mesenchymal
stem cells (MSCs) have been isolated from synovial membrane and show potential for
cartilage, bone and tendon tissue engineering [2]. In addition, bioactive scaffolds with
transforming growth factor B3 (TGF-B3) or stromal cell derived factor-1 (SDF-1) have
been used for in situ cartilage regeneration by recruiting synovial stem cells (SSCs) [3, 4].
These results suggest that SSCs are a valuable cell source for both in vitro tissue
engineering and in situ knee joint repair. However, the characterization of synovial MSCs
is limited to non-specific surface markers such as CD29 and CD44, and it is not clear
whether MSCs exist in synovial membranes at an earlier differentiation stage. Here we
used explant culture to isolate a precursor of MSCs from the synovial membrane,
characterized as neural crest cell-like SSCs (NCCL-SSCs), and investigated how soluble
chemical factors and scaffold property could regulate the functions of this MSC precursor.

Scaffolds can be fabricated for tissue engineering by various methods.
Electrospinning is a highly versatile method that allows the fabrication of porous,
nonwoven and three-dimensional fibrous structures with controllable fiber diameter
ranging from nano- to micro-scale [5, 6], and thus has been used extensively in bone,
cartilage, tendon, adipose tissue and muscle tissue engineering [7-9]. However, the
porosity of electrospun scaffolds is generally low as a result of densely packed network
of interconnected fibers. In order to increase the porosity of electrospun scaffolds for cell
infiltration, many approaches have been investigated, including using a rotating metal-
frame cylinder with different rotation speeds[10], tailoring fiber diameter [11],
combining nano- and microfibers [9], using NaCl crystals as porogen agents [12], post-
processing by laser ablation [13] or ultraviolet radiation treatment [14], and incorporation
of sacrificial fibers [15]. Here, we utilized co-electrospinning method to create
microfibrous scaffold with various numbers of sacrificial fibers and thus varying porosity.
In this study, we investigated the effect of scaffold porosity as a biophysical cue of
extracellular matrix (ECM) on SSC differentiation, which is not well understood
compared to the effects of soluble biochemical stimuli [16].

Materials and Methods

Cell Isolation
The synovial membrane was isolated from the knee joints of Sprague—Dawley

(SD) rats under a dissecting microscope. Tissue segments were washed three times with
phosphate-buffered saline (PBS) supplemented with 1% penicillin/streptomycin (P/S),
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cut into millimeter-sized pieces and placed onto the surface of 6-well plates coated with
1% CellStart (Invitrogen Corp.), and maintained at 37 °C in an incubator with 5% CO2.
The cells were cultured in Dulbecco’s Modified Eagle’s Medium (DMEM) with 2%
chick embryo extract (MP Biomedical, Inc.), 1% FBS, 1% N2 supplement (Invitrogen
Corp.), 2% B27 supplement (Invitrogen Corp.), 100 nM retinoic acid (Sigma—Aldrich,
Inc.), 50 nM 2-mercaptoethanol (Sigma—Aldrich, Inc.), 1% P/S and 20 ng ml—1 bFGF
(R&D Systems, Inc). Cells migrated out from the tissues within 3 days. Cells were also
isolated from synovial membranes of Wnt1-Cre/LoxP-yellow fluorescence protein (YFP)
mouse [17] by using the same method.

Immunostaining and Dye Staining

For immunostaining, cells were fixed with 4% paraformaldehyde (PFA),
permeabilized with 0.5% Triton X-100 (Sigma—Aldrich, Inc.), and blocked with 1%
bovine serum albumin (BSA) (Sigma—Aldrich, Inc.). Samples were incubated with
specific primary antibodies against Sox10 (R&D systems), Sox17 (R&D systems), Snail
(Santa Cruz Biotechnology, Inc.), Pax-3/7 (Santa Cruz Biotechnology, Inc.), Slug (Santa
Cruz Biotechnology, Inc.), vimentin (DAKO), NG2 (Millipore), S100 calcium binding
protein B positive (S100B) (Sigma—Aldrich, Inc.), neural filament-medium polypeptide
(NFM) (Sigma—Aldrich, Inc.), glial fibrillary acidic protein (GFAP) (Millipore), neuronal
class III B-Tubulin (TUJ1) (Chemicon), smooth muscle a-actin (SMA) (Epitomics, Inc),
smooth muscle myosin heavy chain (SM-MHC) (Santa Cruz Biotechnology, Inc.),
calponin-1 (CNN-1) (Epitomic, Inc.) and Collagen II (Chemicon) for 2h at room
temperature, washed three times with PBS, and incubated with appropriate Alexa 488-
and/or Alexa 546-labeled secondary antibodies (Molecular Probes, Inc.). Nuclei were
stained with DAPI (Invitrogen Corp.). Fluorescence images were collected using a Zeiss
LSM710 confocal microscope (Carl Zeiss Microlmaging). For organic dye staining, cells
were fixed with 4% paraformaldehyde for 30 min, washed and stained with alizarin red
(Sigma—Aldrich, Inc.), alcian blue (Sigma—Aldrich, Inc.), or oil red (Sigma—Aldrich, Inc.)
according to the manufacturer’s instructions. Images were collected using a Zeiss
Axioskop 2 Plus microscope.

Flow Cytometry Analysis

For flow cytometry analysis, cells were dissociated after exposure to 0.2% EDTA
for 20 min at room temperature. The cells in suspension were blocked with 1% BSA,
incubated with specific pre-conjugated primary antibodies against CD29 (BD
Pharmingen) and CD44 (BD Pharmingen). Negative control sample was incubated with a
non-specific antibody with the same isotype as the specific primary antibody, and stained
with the same secondary antibody. 7-AAD (BD Pharmingen) was used to exclude dead
cells. Cells were analyzed by using FACScan flow cytometer (Becton Dickinson, Inc.)
and FlowJo software (Tree Star, Inc.).
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Single-Cell Cloning and Stem Cell Differentiation

For the clonal assays, cells were detached, resuspended with maintenance medium,
and filtered through membranes with 40 pm pore size to obtain single cells. Filtered cells
were seeded onto CellStart-coated 96-well plates at the clonal density (1 cell/well) and
cultured for 3 weeks at 37°C in an incubator with 5% CO2. For the directed
differentiation into peripheral neuron-like cells, Schwann cell-like cells, osteoblasts,
adipocytes and chondrocytes, the cells were incubated in specific induction media for 1—
3 weeks as described previously [18, 19].

Fabrication of PLLA and PLLA/PGA Microfibrous Scaffolds

To produce single-polymer poly(l-lactide) (PLLA) (1.09 dl g—1 inherent viscosity,
MW ~131,000) (Lactel Absorbable Polymers) microfibrous scaffolds (as control
scaffolds), we performed electrospinning as described previously [14]. In addition, we
used PLLA to make structural fiber and poly(glycolic acid) (PGA) (MW ~100,000)
(Polysciences, Inc.) to make fast-degrading sacrificial fibers, and fabricated composite
microfibrous scaffolds by co-electrospinning. First, we dissolved PLLA and PGA pellets
in hexafluoroisopropanol to prepare PLLA (19% w/v) and PGA (12.5% w/v) solutions,
respectively. Two 10 ml syringes (loaded in syringe pumps) were filled with PLLA and
PGA, respectively, and fitted with flexible silicon tubing connected to 1.5 in. long
stainless steel 23G dispensing needles. The two needles were electrically charged by
connecting to a +12 kV high-voltage generator, and were placed 90° apart with the PLLA
spinneret facing a grounded collecting drum horizontally. For the three types of scaffolds
produced (19% w/v PLLA, 19% w/v PLLA/12.5% w/v PGA (low) and 19% w/v
PLLA/12.5% w/v PGA (high)), a random orientation of microfibers was achieved by
using a low rotation speed (200 rpm) for the collecting drum. We altered the flow rate
and gap distance (distance between needle tip and collecting drum) conditions for PGA to
generate two different composite scaffolds with varying numbers of PGA fibers. Briefly,
the PGA solution was delivered at a flow rate of 0.4 ml h—1 and gap distance of 7 cm for
one type of composite scaffold with lower PGA content (referred to as PLLA/PGA (low))
and at a higher flow rate of 1 ml h—1 and a shorter gap distance of 4 cm for another type
of composite scaffold with higher PGA content (referred to as PLLA/PGA (high)).
Depending on the collecting time, finalized microfibrous scaffolds were ~200-350 um
in thickness based on measurements with a thickness gauge (Mitutoyo America).

To degrade the microfibrous scaffolds and selectively remove the PGA sacrificial
fibers from co-electrospun composite scaffolds, we prepared 1 cm x 1 cm scaffolds and
degraded them in PBS at 37 °C for 2 or 4 weeks. Due to acidic polymer remnants as a
result of random hydrolytic degradation, PBS was changed every other day throughout
the study. The 2 weeks and 4 weeks post-degraded (PD) scaffolds as well as the as-spun
(AS) scaffolds without degradation were examined and imaged by field emission
scanning electron microscopy (SEM; TM-1000, Hitachi). Furthermore, to confirm the
removal of PGA sacrificial fibers, we performed Fourier transform infrared (FTIR)
spectrometry with a FTIR spectrometer (Nicolet Avatar 360, Thermo Fisher Scientific)
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on the AS and 4 weeks PD scaffolds from the PLLA and PLLA/PGA (high) groups as
described previously [20].

Characterization of Porosity and Mechanical Properties of Microfibrous Scaffolds

We conducted image analysis using Matlab and Image J on the SEM micrographs
(three micrographs per scaffold group) to generate histograms of the pore size
distribution as well as to approximate the average pore diameter (d) as previously
described [21]: d = V(I x h), where 1 and h are the maximum and minimum pore lengths,
respectively.

To quantify the porosity of the electrospun scaffolds, we used gravimetric
analysis as previously described [9] with minor modifications. Briefly, 20 samples from
each of the AS scaffold groups were prepared. Thickness, width and length
measurements of each sample were taken and recorded. Prior to degradation, each sample
was weighed; after 2 weeks and 4 weeks degradation, the samples were air-dried and
weighed again to determine their apparent density. Finally, the porosity was calculated
using the following formula:

%o pOfOSity =1- (papparent/ Pbulk scaffold) x 100, where Papparent = masssample/ VOlumesample and
Pbulk scaffold = (MASSpLLA/MASS(otal)(PPLLA) T (IMASSPGA/MASS(0tal)(PPGA)-

To determine the mechanical strength of the scaffolds, at least three samples from
each scaffold group were air-dried and then subjected to uniaxial tensile testing in the
longitudinal direction using an Instron 5544 tester (Instron) as previously described [13].
The applied force and deformation were recorded every second via Bluehill software
(Instron). Elastic modulus was calculated by determining the slope from the applied force
and scaffold deformation in the linear region of the stress—strain curve between 5% and
10% strain.

In Vitro and In Vivo Cell Infiltration

The 4 weeks PD scaffolds from the PLLA group, the PLLA/PGA (low) group,
and the PLLA/PGA (high) group were selected and used for subsequent cell studies
because of their significant porosity difference. For the cell studies in vitro, the cells were
cultured in maintenance media as described previously in Section 2.1. Scaffolds were cut
into 0.5 cm X 0.5 cm squares and secured to non-tissue-culture-treated polystyrene dishes
via double-sided tape. Prior to cell seeding, these scaffolds were disinfected in 70%
ethanol under germicidal ultraviolet light for 30 min, and subsequently washed five times
with sterile deionized water. The scaffolds were then immersed in 1% fibronectin
(Sigma—Aldrich, Inc.) for 60 min at 37 °C and washed once with PBS before cell seeding.

To assess the effect of scaffold degradation on cell infiltration in vitro,
approximately 100,000 stem cells were seeded onto each of the scaffolds followed by
30 min of incubation to allow for cell attachment. After incubation, sufficient media
(DMEM + 10% FBS) was added to each dish. At day 7, the scaffold samples were fixed
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with 4% PFA and stained with DAPI for cell nucleus. Cross-sections of 20 um thickness
were generated in the transverse plane using a —20 °C cryosectioner. The fluorescent
DAPI signals from the cells within these cross-sections were viewed with the Zeiss
LSM710 confocal microscope. At least six cryosections were examined for each scaffold
to confirm consistency.

To evaluate the effect of the removal of sacrificial PGA fibers on cell infiltration
in vivo, we utilized a rat subcutaneous cell infiltration model as described previously [14].
All experimental procedures with animals were approved by the ACUC committee at
University of California, Berkeley. Briefly, three scaffolds from each of the three 4 weeks
PD groups were implanted in the subcutaneous cavity of SD rats. On day 7, the scaffolds,
along with their immediate surrounding tissue, were explanted and immediately fixed
with 4% PFA before being embedded in OCT on dry ice. Cross-sections of 10 um
thickness were generated in the transverse plane using a —20 °C cryosectioner. The
sections were stained with DAPI, and observed under a Zeiss LSM710 confocal
microscope. At least six cryosections were examined for each scaffold to confirm
consistency between sections.

Cell infiltration in vitro was quantified as a percentage of total thickness by
measuring the depth of infiltration (normalized to the entire scaffold thickness) of
individual cells from the initial seeding surface. Likewise, cell infiltration in vivo was
quantified also as a percentage of thickness by measuring the penetration depth
(normalized to half of each scaffold’s thickness) of individual cells from the surface of
the scaffold.

In Vitro Cell Morphology and Proliferation

For cell morphology study, microfibrous scaffolds from the three 4 weeks PD
groups were prepared via the same protocol as described above. Approximately 40,000
cells were seeded onto scaffolds from the three groups After 30 min incubation, sufficient
media (DMEM + 10% FBS) was added to each dish. To visualize cell morphology and
spreading, scaffolds were processed as described [22]. Briefly, samples were stained with
Alexa Fluor 488 phalloidin and DAPI for actin filaments and cell nuclei, respectively.

For the cell proliferation study, approximately 75,000 cells were seeded onto each
of the scaffolds from the three groups via the same protocol as described above. Samples
were fixed after 24h with 4% PFA, permeabilized and immunostained for the
proliferation marker Ki67 (Abcam, Inc.) along with DAPI nuclear counterstain. Image J
was used to quantify the number of Ki67" cells. Three scaffolds were examined and
quantified for each scaffold group.

RNA Isolation and Quantitative Polymerase Chain Reaction (QPCR)

To directly explore the effect of cell infiltration on lineage specific gene
expressions of stem cells, approximately 1,000,000 cells were seeded on 3 cm x 3 cm
scaffolds and cultured in spontaneous differentiation media (DMEM + 10% FBS + 1%
P/S) for 1 week. Cells were then lysed with Trizol reagent (Invitrogen Corp.) and total
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RNA was extracted as previously described [23]. For qPCR, RNA pellets were
resuspended in diethyl pyrocarbonate-treated H,O. cDNA was synthesized by using two-
step reverse transcription with the ThermoScript RT-PCR system (Invitrogen Corp.),
followed by qPCR with SYBR green reagent and the ABI Prism 7000 Sequence
Detection System (Applied Biosystems). The sequences of the primers used in this study
are listed in Supplemental Table 3.1.

Statistical Analysis

The data are presented as mean + standard deviation. All data were compared by
using one-way ANOVA tests. Holm’s t-test was then performed to evaluate significant
differences among the scaffold groups. P < 0.05 was considered statistically significant.

Results and Discussion

Cell Isolation and Characterization

We dissected the synovial membrane from rat knee joint under a dissecting
microscope and used a tissue explant culture method to isolate stem cells with a modified
medium for neural crest stem cells (NCSCs). The isolated synovial cells showed a
fibroblast-like, spindle-shaped morphology (Figure 3.1A and B). The isolated cells
express general MSC markers, including CD29 and CD44, as evidenced by flow
cytometry analysis (Figure 3.1C and D). To further characterize the marker expression of
the isolated synovial cells, we performed protein marker expression screening with over
50 antibodies and found that the isolated cells also express neural crest markers including
Sox10, snail, Pax-3/7, Slug, vimentin, endoderm markers Sox17, progenitor marker NG2,
glial cell marker S1008 and neural cell marker NFM (Figure 3.1E-M). These markers
have not been reported in synovial MSC characterization, suggesting that the isolated
cells might not be the same as previously identified MSCs.

To determine whether the isolated cells possess multipotency as NCSCs, the cells
were cultured with specific induction media for 1-4 weeks. Immunostaining showed that
the isolated cells can differentiate into GFAP+/S100B+ Schwann cell-like cells (Figure
3.2A and B) and NFM+/TUJ1+ peripheral neuron-like cells (Figure 3.2C and D) when
cultured with specific neural induction media, indicating that they have the capability of
differentiating into ectodermal lineages. However, further studies are required to
determine whether the derived neural cells are functional. In addition, to test the potential
of differentiation into smooth muscle cells (SMCs), we co-cultured the isolated cells with
OP9-Delta-1 cell line for 2 weeks [24]. Immunostaining showed that the differentiated
cells formed dense stress fibers and expressed SMA and SM-MHC (Figure 3.2E and F),
indicating the differentiation into mature SMCs. Furthermore, to test the chondrogenic
differentiation potential, we cultured the cells as pellets with 10 ng/ml TGF-f3 for
3 weeks. Alcian blue staining with sections of cell pellets showed significant aggrecan

42



synthesis (Figure 3.2G). Immunostaining also showed significant collagen II expression
in the cell pellets (Figure 3.2H), indicating chondrogenic differentiation. After we
cultured the cells in adipogenic medium with insulin for 3 weeks, obvious oil droplets
were found in culture (Figure 3.2I). Oil red staining confirmed the differentiation into
adipocytes (Figure 3.2J). When the cells were cultured with osteogenic medium for
3 weeks, the cells showed significant calcification (Figure 3.2K), as confirmed by

Alizarin red staining (Figure 3.2L).
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Figure 3.1.
Isolation and
characterization

of NCCL-SSCs.
(A, B) Phase-
contrast images of
isolated synovial
cells using tissue
explant  culture
method  before
and after
passaging. Scale
bar is 200 pm. (C,
D) Flow
cytometry
analysis of
isolated synovial
cells using
antibodies against
CD29 and CD44.
(E-M)
Immunostaining
of isolated cells
using antibodies
against  Sox10,
Sox17, Snail,
Pax-3/7, Slug,
vimentin, NG2,
S100B and NFM.
Scale  bar s
100 pm.
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Figure 3.2. Differentiation
potential of NCCL-SSCs.
The isolated synovial cells
were cultured in cultured in
specific induction media. (A,
B) The directed Schwann
cell-like cells were
immunostained using
antibodies against GFAP and
S100p. Scale bars are 50 pm.
(C, D) The directed
peripheral neuron-like cells
were immunostained using
antibodies against NFM and
TUJ1. Scale bars are 50 pum.
(E, F) The directed SMCs
were immunostained using
antibodies against SMA and
SM-MHC. Scale bars are
100 um. (G, H) The directed
chondrocytes were subjected
to alcian blue staining and
immunostaining using an
antibody against collagen II.
Scale bars are 100 um. (I, J)
The phase-contrast image and
oil red staining were used to
show oil droplets, as
indicated by the white arrows
for characterization of
directed adipocytes. Scale
bars are 100 um. (K, L)
Phase-contrast image and
alizarin red staining were
used to show calcium
calcification  of  directed
osteoblasts, as indicated by
the white arrow. Scale bars
are 100 pum.



In summary, the isolated cells not only could differentiate into mesenchymal
lineages including SMCs, chondrocytes, adipocytes and osteoblasts as previously
reported, but also could differentiate into neural lineages, similar to NCSCs. Therefore,
we named this type of cell as NCCL-SSCs.

Single-Cell Cloning of NCCL-SSCs

To investigate whether the derived NCCL-SSCs are a single stem cell type with
multipotency or a mixture of different progenitor cells, we performed single-cell cloning
in maintenance culture medium. The NCCL-SSCs were detached and seeded into 96-well
plates at cloning density (1 cell/well) and cultured for 3 weeks. The average plating
efficiency is about 10%, and the derived colonies uniformly express the aforementioned
markers including but not limited to Sox10 and Sox17 (Figure 3.3A and B).
Differentiation assay showed that the cloned NCCL-SSCs can differentiate into Schwann
cell-like cells, peripheral neuron-like cells, SMCs, chondrocytes, adipocytes and
osteoblasts (Figure 3.3C-H), indicating that NCCL-SSCs indeed are a type of multipotent
stem cells, providing a valuable cell source for tissue engineering.

Knee joint tissues are generally not derived from neural crest; however, given the
fact that NCCL-SSCs possess NCSC properties, we performed a lineage tracing
experiment by using Wntl as a marker to investigate the developmental origin of NCCL-
SSCs. NCCL-SSCs were isolated from the synovial membrane of a Wnt-1-Cre/loxP-YFP
mouse, but we found that the isolated NCCL-SSCs did not express YFP (Figure 3.31 and
J), suggesting that NCCL-SSCs were not derived from neural crest.

Transition of NCCL-SSCs into MSCs

To determine the relationship between NCCL-SSCs and previously identified
synovial MSCs, we cultured the NCCL-SSCs in a general medium (DMEM + 10% FBS)
that was widely used to culture synovial MSCs in previous studies [2, 25, 26]. TGF-B1
was also added into the medium to promote mesenchymal differentiation. After treatment
for 1 week, immunostaining showed that the NCCL-SSCs still retained the expression of
some markers including Sox10 and S100p (Figure 3.4A and B), gained the expression of
CNNI1 (Figure 3.4C), but lost the expression of Sox17 (Figure 3.4D). Flow cytometric
analysis showed that the derived cells still retained the expression of the general MSC
markers, including CD29 and CD44 (Figure 3.4E and F). However, differentiation assay
showed that the cells at this stage lost the response to neural and Schwann cell induction
media, indicating that they lost the potential to differentiate into neural lineages (Figure
3.4G and H). Immunostaining also confirmed that the cells shown in Figure 3.4G and H
were negative for neural and Schwann cell markers such as GFAP and TUJ1 (data not
shown). However, the cells at this stage could still differentiate into SMCs, chondrocytes,
osteoblasts and adipocytes (Figure 3.41-L), suggesting a transition or differentiation into
MSCs. Therefore, it is likely that previously identified synovial MSCs are partially
differentiated NCCL-SSCs in undefined medium.
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Figure 3.4. Mesenchymal
transition of NCCL-SSCs.
The isolated NCCL-SSCs were
partially  differentiated  in
DMEM with 10% FBS and
10 ng/ml TGF-B1 for 1 week.
(A-D) The differentiated
NCCL-SSCs were
immunostained with antibodies
against Sox10, S100B, CNNI1
and Sox17. Scale bars are
100 um. (E, F) Flow cytometry
analysis  of  differentiated
NCCL-SSCs with antibodies
against CD29 and CD44. (G, H)
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Fabrication and Characterization of Microfibrous Scaffolds

To determine how NCCL-SSCs responded to microfibrous scaffolds, we
fabricated the scaffolds with various porosities by co-electrospinning of slow-degrading
PLLA structural fibers and fast-degrading PGA sacrificial fibers [15, 27]. In fact, PLLA
has a degradation half-life of a year, whereas PGA degrades between 2 weeks and
4 weeks [28, 29]. The composite scaffolds contained various numbers of PGA fibers.
These sacrificial PGA fibers were subsequently removed by in vitro degradation for 2
and 4 weeks to improve the porosity of the composite scaffolds.

Prior to using the microfibrous scaffolds for biological studies, the AS and PD
scaffolds were characterized for fiber architecture via SEM (Figure 3.5). We were able to
obtain single-polymer PLLA scaffolds as well as composite PLLA/PGA scaffolds with
different amounts of PGA content (Figure 3.5A, D, G), with fiber diameters ranging from
approximately 330 nm to 3.3 um (Table 3.1). We then degraded the three types of
scaffolds in PBS at 37 °C for durations of 2 weeks (Figure 3.5B, E, H) and 4 weeks
(Figure 3.5C, F, I), changing the PBS every other day to prevent the accumulation and
retention of acidic byproducts that could have undesired effects on cell behaviors [30].
SEM visualization indicated that the PLLA fibers and overall scaffold structure and
integrity remained intact despite the removal of a significant portion of PGA fibers.
Using image analysis, we generated histograms to show the apparent two-dimensional (2-
D) pore size distribution of the different scaffold groups (Figure 3.6) and approximated
the average pore diameter as previously described (Table 3.1) [21], which increased
directly with degradation time for both PLLA and PLLA/PGA scaffolds. However, these
results may be limited in that analyses were conducted on 2-D SEM micrographs, which
cannot accurately delineate the geometry and size of the 3-D pores. In addition, utilizing
gravimetric analysis to quantify porosity [10, 31], we observed a gradual increase in
porosity as a result of controlled degradation and the time-dependent removal of
sacrificial PGA fibers. After 2 weeks of degradation, the PLLA/PGA (high) scaffolds
exhibited a statistically significant increase in porosity compared to the PLLA (control)
and PLLA/PGA (low) scaffolds; after 4 weeks of degradation, not only was the porosity
of PLLA/PGA (high) scaffolds significantly higher, but the porosity of PLLA/PGA (low)
scaffolds was also significantly higher compared to the PLLA scaffolds (Figure 3.5J).
Nevertheless, due to limitations of 2-D image analysis and gravimetric analysis, detailed
measurements of porosity and distribution of pore size require further analysis using
standardized techniques described in a previous study as well as ASTM F316 and F2150,
specifically capillary flow porometry [31]. Furthermore, FTIR measurement confirmed
that PGA completely disappeared after 4 weeks of degradation, in which characteristic
peaks of PGA, including dCH2 bending at 1420 cm—1, were only observed in the AS-
PLLA/PGA (high) scaffolds (Figure 3.5K) [32].

To assess the effects of sacrificial PGA fibers on the mechanical properties of the
composite scaffolds, uniaxial tensile testing was performed on AS- and PD-PLLA,
PLLA/PGA (low), and PLLA/PGA (high) scaffolds. The elastic moduli calculated from
the linear portion of the stress—strain curves of the tested 2 weeks and 4 weeks PD
scaffolds varied significantly (Figure 3.5L). Prior to degradation, AS-PLLA, AS-
PLLA/PGA (low), and AS-PLLA/PGA (high) scaffolds had comparable elastic moduli.
The elastic moduli of the scaffolds, especially the PD-PLLA/PGA (high) scaffolds,
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decreased by up to 50% after in vitro degradation as the sacrificial PGA fibers were
removed and larger pores were introduced.

Minimum Maximum Median
fiber fiber pore
Average fiber diameter  diameter =~ Average pore size

Scaffold diameter (um) (pm) (um) diameter (um) (pm?)
AS-PLLA 1.496 £0.295 0.978 2428 2.962 +£0.262 4.75
AS-
PLLA/PGA
(low) 0.982 +0.360 0.328 1.547 2.667 +0.198 4.23
AS-
PLLA/PGA
(high) 0.772 £ 0.224 0.437 1.194 2.088 £0.295 4.24
2-weeks PD-
PLLA 1.588 £0.459 0.661 3.287 3.339+0.228 3.94
2-weeks PD-
PLLA/PGA
(low) 1.087 +£0.325 0.478 1.672 4.751 £0.182 7.83
2-weeks PD-
PLLA/PGA
(high) 1.272 +£0.228 0.956 1.774 4.875+0.074 6.65
4-weeks PD-
PLLA 1.429 +0.243 0.778 1.937 6.975+0.784 3.78
4-weeks PD-
PLLA/PGA
(low) 1.185+£0.285 0.547 1.752  7.422 +£1.336 9.36
4-weeks PD-
PLLA/PGA
(high) 1.534 +0.401 0.969 2.679 9.229 +1.749 10.4

Table 3.1. Analysis and characterization of electrospun scaffolds. We used image
analysis to not only measure the average fiber diameter and the minimum and maximum
fiber diameter, but also approximate the average pore diameter and median apparent pore
size of the different scaffold groups.
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Figure 3.5. Characterization of electrospun microfibrous scaffolds. Scanning electron
micrographs were taken of the fabricated electrospun fibrous scaffolds, with 19% PLLA
(A—C), 19% PLLA/12.5% PGA (low) (D-F) and 19% PLLA/12.5% PGA (high) (G-I).
The scaffolds were as-spun (AS) (A, D, G), 2 weeks post-degraded (PD) (B, E, H) and
4 weeks PD (C, F, I). Scale bar is 100 um. (J) The porosity of the scaffolds was measured
and quantified using gravimetric analysis (n > 20). *Significant difference (P < 0.005). (K)
FTIR spectra of AS-PLLA (green), 4 weeks PD-PLLA (red), AS-PLLA/PGA (high)
(yellow) and 4 weeks PD-PLLA/PGA (high) (blue) were obtained as the averages of six
measurements taken from the two surfaces of three identical samples. The black arrow
indicates a characteristic peak of PGA at 1420 cm ' due to 5CH, bending. (L) The elastic
modulus for each scaffold group was calculated from the slope of the curves and the
scaffold dimensions (n > 3). *Significant difference (P < 0.0002).
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Figure 3.6. Distribution of pore size of the microfibrous scaffolds. Histograms
representing the distribution of pore size for each scaffold group were generated using
Matlab analysis, with PLLA (A, D, G), PLLA/PGA (low) (B, E, H) and PLLA/PGA
(high) (C, F, I). The scaffolds were as-spun (AS) (A-C), 2 weeks post-degraded (PD) (D—
F), and 4 weeks PD (G-I).

Effect of Sacrificial PGA Fiber Removal on Cell Infiltration

We performed in vitro and in vivo experiments to investigate the effects of
sacrificial PGA fiber removal on cell infiltration into the microfibrous network of the
scaffolds. After culturing NCCL-SSCs on the 4 weeks PD scaffolds for 1 week, DAPI
staining was performed to assess the extent of cell infiltration into the scaffolds. Cross-
section images of the scaffolds indicated noticeable difference of cell infiltration into
PLLA fiber meshes and composite PLLA/PGA meshes after PGA degradation (Figure
3.7A-C). Cell infiltration was limited in PD-PLLA scaffolds (Figure 3.7A), while in PD-
PLLA/PGA scaffolds, cell infiltration increased with the number of sacrificial PGA fibers
Figure 3.7B and C). In fact, cell infiltration quantification indicated that the PLLA/PGA
(high) scaffolds exhibited approximately a 7.6-fold and 3-fold increase in cell infiltration
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compared to the PLLA (control) and PLLA/PGA (low) scaffolds, respectively (Figure
3.7G). Thus, the improved cell infiltration into PD-PLLA/PGA scaffolds suggests that the
increase in overall porosity and pore size is sufficient to facilitate and increase cell
penetration. Although the pore size might be comparable to or smaller than cell size, the
cells could deform and migrate through the 3-D structure.

Furthermore, cell infiltration was further assessed in an in vivo rat subcutaneous
cell infiltration model. Scaffolds from the three 4 weeks PD groups were implanted for
1 week, and the cross-sections were stained with DAPI to visualize the distribution and
infiltration of cells throughout the scaffold thickness (Figure 3.7D—F). In general, cell
infiltration showed the same trend as that in vitro, in which the PLLA/PGA (high)
scaffolds exhibited approximately a 2.7-fold and 1.4-fold increase in cell infiltration
compared to the PLLA (control) and PLLA/PGA (low) scaffolds, respectively (Figure
3.7H). However, although the observed penetration and distribution of cells in vivo were
better than those in vitro, it is worth noting that in vivo cell infiltration may involve
multiple cell types, including inflammatory cells and fibroblasts.

Effects of PGA Fiber Removal on Cell Morphology and Proliferation

Actin staining was used to visualize NCCL-SSCs on the 4 weeks PD scaffolds
after 1 day of culture (Figure 3.8 A—C). No drastic difference in cell morphology on the
scaffold surface was observed based upon the qualitative staining. In addition, the
quantification of the cell spreading area indicated no statistically significant difference
among the three scaffolds (Figure 3.8G).

NCCL-SSCs had a cell doubling time of 50 h, and the cell growth rate did not
change significantly within 5 days after being seeded. To determine the effect of
microfiber composition and degradation on cell proliferation, Ki67 staining was used to
quantify proliferating cells in active phases of the cell cycle after culturing for 1 day
(Figure 3.8D-F). There were no significant differences among the 4 weeks PD groups for
PLLA, PLLA/PGA (low) and PLLA/PGA (high) (Figure 3.8H). Even though scaffold
structure with higher porosity and larger pore size has been shown to generate better cell
growth [30], these results suggest that the manipulation of porosity by including and
removing sacrificial PGA fibers did not adversely affect cell behavior such as cell
spreading and proliferation.
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Figure 3.7. In vitro and in vivo cell infiltration into the microfibrous scaffolds.
Scaffolds from 4 weeks PD-PLLA (A, D), 4 weeks PD-PLLA/PGA (low) (B, E) and
4 weeks PD-PLLA/PGA (high) (C, F) were selected and used. (A—C) NCCL-SSCs were
seeded and cultured for 1 week, followed by nucleus (DAPI) staining of the cells in the
cross-sections of scaffolds. (D—F) Cellular infiltration into the microfibrous scaffolds in
vivo after 1 week. Scaffolds were implanted subcutaneously between the superficial
fascia and contacting muscular layer in the lower abdomen region of SD rats. Nucleus
(DAPI) staining of cells in the cross-sections of the scaffolds was performed. Edges of
the scaffolds are delineated by the white dashed lines; half of the scaffold thickness is
delineated by the yellow dashed lines. Scale bar is 100 um. Quantitative analyses indicate
cell infiltration in vitro with respect to the depth of infiltration as a percentage of total
scaffold thickness (n = 3) (G), as well as cell infiltration in vivo with respect to the depth
of infiltration as a percentage of half of the total scaffold thickness (n=23)
(H). *Significant difference (P < 0.001); *Significant difference (P < 0.05).
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Figure 3.8. Cell morphology and proliferation on the microfibrous scaffolds.
Scaffolds from 4 weeks PD-PLLA (A, D), 4 weeks PD-PLLA/PGA (low) (B, E) and
4 weeks PD-PLLA/PGA (high) (C, F) were selected and used. NCCL-SSCs were seeded
and cultured for 1 day. (A—C) Cell morphology was visualized by staining the cells with
Alexa Fluor 488-phalloidin (actin filaments) and DAPI (nuclei). Scale bar is 50 pm. (D-F)
Cell proliferation was quantified by staining for Ki67 (green) and DAPI (blue). Scale bar
is 100 pm. Quantitative analyses show the average cell spreading area (G) and the
percentage of proliferating cells positive for Ki67 (H) (n = 6).
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Effects of cell infiltration on lineage specification of NCCL-SSCs

To determine whether changes in the scaffold porosity regulate cell differentiation,
we cultured the NCCL-SSCs on scaffolds with varying porosity using spontaneous
differentiation media without any specific chemical clues for 1 week and analyzed the
lineage marker expression. Although 4 weeks PD-PLLA/PGA (low) scaffolds were
included in this study (data not shown), the 4 weeks PD-PLLA scaffold and 4 weeks PD-
PLLA/PGA (high) scaffold with highest porosity were used as representatives. qPCR
revealed that the expression of chondrogenic markers, aggrecan and collagen II,
increased in cells on more porous scaffolds (Fig. 8A and B), suggesting that cell
infiltration may be more favorable for NCCL-SSCs to differentiate into chondrogenic
cells. Likewise, osteogenic markers, including osteocalcin (BGLAP) and Runx2, were
increased by 2-fold (Fig. 8C and D), suggesting that cell infiltration may also favor
osteoblastic differentiation. In contrast, SMC markers, including SMA and CNNI1 (Fig.
8E and F), and adipogenic markers, including LPL and PPARy (Fig. 8G and H), were
significantly decreased. However, the change of porosity was not sufficient to drive the
terminal differentiation of NCCL-SSCs, and other biochemical differentiation factors
might be needed.
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Figure 3.9. Effects of microfibrous scaffolds on lineage commitment of NCCL-SSCs.
Scaffolds from 4 weeks PD-PLLA (noted as PLLA) and 4 weeks PD-PLLA/PGA (high)
(noted as PLLA + PGA) were selected and used. NCCL-SSCs were seeded and cultured
for 1 week in spontaneous differentiation media. The cells were lysed and the extracted
RNA was subjected to qPCR analysis for gene expression. Expressions of specific
lineage markers for chondrocytes (A, B), osteoblasts (C, D), SMCs (E, F) and adipocytes
(G, H) were normalized to the expression level of 18S rRNA. Graphs were shown as
relative fold change (y-axis) compared to PLLA group (n = 3). *Significant difference
(P <0.05).

Conclusions

In this study, we identified a precursor of synovial MSCs, i.e. NCCL-SSCs, that
are multipotent as they can differentiate into both ectodermal and mesenchymal lineages.
Transcriptional factors such as Sox17 and Sox10, instead of the widely used surface
markers such as CD29 and CD44, can be used to characterize the differentiation stage of
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stem cells. The transition from NCCL-SSCs to MSCs may represent a general
mechanism of adult stem cell differentiation. In addition, we demonstrated that co-
electrospinning could be used to create composite scaffolds and manipulate the scaffold
porosity; the inclusion of sacrificial PGA fibers and their subsequent time-dependent
removal after controlled degradation significantly enhanced cell infiltration both in vitro
and in vivo. Another important finding is that the engineered porosity of the scaffolds
differentially regulates NCCL-SSC differentiation without specific chemical cues,
indicating that certain properties of scaffolds can be tailored to regulate stem cell
behavior. It appears that porous scaffolds can facilitate cell infiltration and the
differentiation into chondrogenic and osteogenic cells while suppressing the
differentiation into SMCs and adipogenic cells. However, it remains to be determined
whether this observation can be generalized beyond microfibrous scaffolds. Furthermore,
how stem cells sense such change of topographic and 3-D cues and specify the
differentiation lineage need to be elucidated. Although biophysical factors such as the
porosity of the scaffolds can regulate stem cell differentiation, biochemical factors may
be required to drive the terminal differentiation. Whether inflammation in the diseased
tissues affects stem cell behavior also needs further investigation. Our findings on
NCCL-SSCs and the regulation by biochemical and biophysical factors not only advance
our understanding of adult stem cells, but also provide a basis and guidance for the design
and fabrication of desirable scaffolds for in situ tissue engineering applications by
chemotactic homing of local tissue-specific stem cells in specific tissues.
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CHAPTER 4

End-Point Immobilization of Heparin on Plasma-
Treated Surface of Electrospun Polycarbonate-
Urethane Vascular Graft

ABSTRACT

Because small-diameter (< 6 mm) synthetic vascular grafts have high failure rate due to
primarily surface thrombogenicity, an effective surface chemical modification is
desirable. In this study, we engineered an ideal small-diameter, synthetic vascular graft
with off-the-shelf availability and desired bioactivity. Carbosil®, a commercially
available polycarbonate-urethane (PCU), was electrospun to produce nanofibrous grafts
that closely mimicked a native blood vessel in terms of structural and mechanical
strength. Through various in vitro assessments and comparisons, we determined that
plasma treatment was the most effective method to modify the graft surface with
functional amine groups, which were subsequently employed to conjugate heparin via
end-point immobilization. In addition, we confirmed in vitro that the combination of
plasma treatment and end-point immobilization of heparin exhibited the highest surface
density and correspondingly the highest antithrombogenic activity of heparin molecules.
Furthermore, from a short-term in vivo study using a rat common carotid artery
anastomosis model, we showed that plasma-heparin grafts had higher patency rate at 2
weeks and 4 weeks compared to plasma-control (untreated) grafts. More importantly, we
observed a more complete endothelialization of the luminal surface with a more aligned,
well-organized monolayer of endothelial cells, as well as more extensive graft integration
in terms of vascularization in and cell infiltration from the surrounding tissue. This work
demonstrates the feasibility of electrospinning a commercial PCU as an alternative
synthetic material to fabricate nanofibrous vascular grafts, as well as the potential to
endow desired functionalization to the graft surface via plasma treatment for the
conjugation of heparin or other bioactive molecules.
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Introduction

Vascular diseases, specifically coronary vascular and peripheral arterial diseases,
affect millions of people and remain a worldwide problem as the prevalence continues to
rise due to continued growth as the aging of the population [1]. Thus, there is a major
unmet need for small-diameter (< 6 mm) vascular grafts as bypass and blood vessel
replacement, since autologous vessels, which represent the gold standard and have been
shown to demonstrate superior clinical performance, are not always available [2-4].
However, the success of synthetic grafts, such as ones made of Dacron (polyethylene
terephthalate; PET) and Teflon (expanded polytetrafluoroethylene; ePTFE), is limited
primarily to large-caliber vessels with high blood flow because of their surface
thrombogenicity as well as poor elasticity and low compliance that cause acute thrombus
formation and intimal hyperplasia, respectively [5-7].

In order to address the shortcoming and develop an ideal, small-diameter vascular
graft with mechanically compliant and antithrombogenic properties similar to those of
native vessels, different combinations that integrated unique in vitro endothelialization
techniques or novel surface modifications to endow non-thrombogenic properties with
synthetic (i.e. polyesters) as well as natural (i.e. decellularized) surfaces have been well-
investigated [8-13]. In fact, from a synthetic material perspective, we, along with many
research groups, have employed electrospinning to fabricate fibrous scaffolds for
vascular regeneration, since fibrous structures obtained through electrospinning can be
tailored to closely resemble the structure and function of the native extracellular matrix
(ECM) in order to facilitate cell-material interactions [14-17]. More importantly, such
synthetic vascular grafts for small-diameter vessel applications are advantageous because
they not only offer off-the-shelf availability but also reduce complications associated
with donor-site morbidity and in vitro cell source and compatibility.

Recently, one particular polymer that has been electrospun to produce vascular
grafts is polyurethane [18-20]. Polyurethanes (PUs) possess excellent biocompatibility
and more importantly mechanical properties, which make them ideal for vascular graft
applications [21]. However, despite their long-term biostability, PUs eventually degrade
in vivo; polyester-based PU is susceptible to hydrolytic degradation in the body, whereas
polyether-based PU is prone to oxidative degradation [22-24]. As a result, polycarbonate-
urethanes (PCUs) have gained more attention and use recently for their improved stability
and resistance to both hydrolytic and oxidative degradation [25-27]. Although PU grafts
have been reported to have variable patency rates, which in some studies exhibited lower
patency rates compared to ePTFE grafts [28, 29], the newer PCUs with and without
modifications have reduced thrombogenicity and better in vivo performance [30, 31].
More importantly, unlike ePTFE and Dacron, which are much stiffer and less compliant
than native vessels, PCU better matches the mechanical properties of native vessels in
terms of stiffness and compliance [32, 33].

Numerous strategies of surface modification have been explored to further
improve the blood compatibility (i.e. conjugation of heparin) of these PCU surfaces,
including chemical immobilization, physical adsorption, and plasma treatment. Heparin,
a commonly used anticoagulant agent, has been utilized extensively in vascular therapies
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because of its ability to interact with antithrombin-III (AT-III) in preventing thrombus
formation [34, 35]. For example, we have previously shown that heparin-modified
nanofibrous vascular grafts exhibited higher patency and greater cell infiltration,
suggesting that heparin may play multiple roles in maintaining function and promoting
remodeling [36]. Other chemical approaches to enable covalent conjugation of heparin
using EDC chemistry range from bulk carboxylation of PU via bromoalkylation to the
synthesis of PCU with pendant carboxyl groups or with PEG [20, 37, 38]. In addition,
recent findings on facile surface modification using mussel-inspired dopamine indicated
that such passively adsorbed coating could not only enhance endothelial cell adhesion
and viability but also immobilize biomolecules such as VEGF on the surface of vascular
graft for accelerated endothelialization [39, 40]. Because this adhesive polydopamine
coating serves as a primer for further biofunctionalization, it can be easily applied to
different polymeric surfaces for various applications [41, 42]. Furthermore, plasma
treatment has been utilized to modify the surface properties of PU as well. For instance,
an early study by Kawamoto et al. demonstrated that plasma treatment altered the
wettability of the surface of segmented-polyurethane, making it more favorable for the
adhesion and proliferation of bovine aortic endothelial cells [43]. Similarly, Bae et al.
used oxygen plasma glow discharge to prepare carboxyl group-introduced PU for
coupling of polyethylene oxide to immobilize heparin [44]. Although one disadvantage of
plasma treatment is its limited penetration depth, it is a powerful surface modification
technique useful for the development of small-diameter vascular graft in that surface
features can be manipulated to facilitate subsequent biofunctionalization as well as
desired endothelialization.

In this study, we electrospun and fabricated small-diameter nanofibrous vascular
grafts using Carbosil®, a commercially available thermoplastic PCU. We selected three
surface modification techniques from an array of options, and investigated which of them
would provide the most effective modification as a primer for subsequent immobilization
of heparin on the surface of our PCU grafts. Specifically, we utilized aminolysis with
EDC chemistry as a chemical immobilization, polydopamine coating as a passive
adsorption, and plasma treatment paired with end-point immobilization to initially
introduce amine functional groups and ultimately conjugate heparin on the graft surface.
After comparing the three methods, we determined the most effective modification with
respect to the surface amine density as well as the antithrombogenic activity of the
immobilized heparin. Lastly, we proceeded with these optimized PCU grafts immobilized
with heparin for short-term in vivo studies, focusing on the performance of heparin-
modified electrospun PCU grafts on graft patency as well as endothelialization and
overall biocompatibility.

Materials and Methods

Fabrication and Characterization of Polycarbonate-Urethane (PCU) Nanofibrous
Vascular Graft
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Electrospinning was performed as previously described with minor modification
to produce polycarbonate-urethane (PCU) vascular graft [36, 45]. Briefly, polycarbonate-
urethane (Carbosil® 90A, DSM Biomedical, Berkeley, CA) was dissolved via sonication
in dimethylformamide (DMF) at 16.5% (w/v) concentration. To deliver the polymer
solution, a programmable pump along with a 5 mL syringe, which was fitted with flexible
silicon tubing connected to 1.5-inch long stainless steel 23G dispensing needles, was used.
Two high-voltage generators were utilized to apply approximately +9.7 kV voltage to the
needle and -9.2 kV voltage to the collecting mandrel. In addition, the humidity was
controlled to be 50-52% during the electrospinning process. PCU solution was delivered
at a flow rate of 1.05 mL/hr and gap distance (distance between the positively charged
needle tip and the negatively charged collecting mandrel) of 16.5 cm, with a spinneret
that traversed in the longitudinal direction to achieve a uniform thickness of the graft
longitudinally. PCU fibers with random orientation were obtained by using a low rotation
speed (100 rpm) for the collecting mandrel. Electrospinning was allowed to proceed until
the wall of the vascular graft reached a desired thickness based on measurements with a
thickness gauge (Mitutoyo America, Aurora, IL). The finished graft was placed in a
chemical hood overnight to remove any residual DMF.

The overall fibrous structure and integrity of the PCU graft were inspected and
imaged using scanning electron microscopy (SEM; TM-1000, Hitachi, Pleasanton, CA).
In addition, to determine the mechanical properties of the electrospun PCU graft, graft
segments of 1 mm in diameter and 1.5-2 mm in width were prepared and subjected to
uniaxial tensile testing in the radial direction using an Instron 5544 tester (Instron, Canton,
MA) as described previously [46]. Briefly, two 0.3-mm-diameter stainless steel wires
were placed through the lumen of the ring segment of the graft and loaded in between the
grips. Each segment was extended until failure at a rate of 0.1 mm/sec, and the applied
force and deformation was recorded via Bluehill software (Instron). The elastic modulus
was calculated based on the applied load, deformation, and dimensions (thickness and
width) of the graft segments; the ultimate tensile strength was recorded as the peak stress
prior to failure. The same procedure was conducted after each chemical modification to
assess potential changes in the mechanical properties of the PCU graft.

Chemical Modifications of PCU Vascular Graft

Aminolysis of PCU vascular graft to introduce amine functional groups for heparin
conjugation

We modified the aminolysis procedure as reported by Zhu et al. to introduce
functional amine groups onto the surface of our polycarbonate-urethane (PCU) vascular
graft [47]. Briefly, PCU vascular grafts were aminolyzed by immersing them in 100%
ethanol (EtOH) containing 50 mg/mL 4-arm-amine-PEG (Sunbright PTE-050PA, NOF
America Corporation, White Plains, NY), and heated at 60°C for approximately 4 hours.
Aminolyzed grafts were subsequently washed thoroughly with 70% EtOH followed by
distilled water. Fourier transform infrared (FTIR) spectrometry was performed with a
FTIR spectrometer (Nicolet Avatar 360, Thermo Fisher Scientific, Waltham, MA) as
described previously to verify the presence of amine functional groups on the graft
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surface (data not shown) [48]. Lastly, 30 mg/mL of unfragmented heparin sodium (Sigma
Aldrich, St. Louis, MO) was covalently conjugated to the free amines on the surface of
aminolyzed grafts via EDC and Sulfo-NHS (Pierce Biotechnology, Rockford, IL) as
described previously [49]. These heparin-conjugated grafts via aminolysis will be
referred to as aminolysis-heparin grafts in the remainder of this study.

Polydopamine coating of PCU vascular graft for passive heparin adsorption

We modified the polydopamine coating procedure as described by Lee et al. to
introduce an adhesive surface capable of immobilizing biomolecules [50]. Briefly, PCU
vascular grafts were initially immersed in 100% EtOH for approximately 10 minutes and
washed thoroughly using 1X PBS (pH 8.3). They were then immersed in 2.0 mg/mL of
dopamine hydrochloride (Sigma Aldrich) prepared in PBS (pH 8.3) overnight on a shaker
at room temperature, and washed with PBS and dried with nitrogen gas. The formation of
the polydopamine coating on the grafts was confirmed visually as well as using water
contact angle measurements (data not shown). Prior to heparin conjugation,
polydopamine-coated grafts were immersed in 0.IN NaOH for 5 minutes and washed
with PBS (pH 9). They were subsequently immersed in 30 mg/mL heparin solution
prepared in PBS (pH 9) for 24 hours on a shaker at room temperature, followed by
washes with PBS. These heparin-adsorbed grafts via polydopamine coating will be
referred to as polydopamine (PD)-heparin grafts in the remainder of this study.

Plasma treatment of PCU vascular graft to introduce amine functional groups for end-
point immobilization of heparin

In collaboration with Plasma Technology Systems (Belmont, CA), amine
functionality was achieved on the graft surface using a two-stage gas plasma recipe from
Plasmatreat’s Aurora™ low-pressure plasma reactor. The plasma reactor is configured
with two side-wall electrodes. A 500-watt RF generator delivers power to the electrodes
at 13.56 Mhz. PCU grafts were treated atop Whatman™ glass microfiber filter
suspending on screen trays spanning between the power electrodes. The two stages of the
plasma recipe consisted of an O, plasma cleaning for 1 minute followed by an allyl-
amine plasma vapor for 9 minutes to allow polymerization and create an ultra-thin film of
stable primary and secondary amines on the graft surface. The allyl-amine evaporation
was assisted by a 70°C hot tube and liquid injection system. FTIR spectrometry was
performed to confirm the presence of amine functional groups on the graft surface (data
not shown). Heparin was conjugated via end-point immobilization onto the surface of
plasma-treated grafts, since each heparin chain contains a reducing-end hemiacetal that
can be covalently attached to the free amines on the graft surface through reductive
amination [51, 52]. Specifically, as previously described with minor modifications, the
plasma-treated grafts were immersed in 30 mg/mL heparin solution prepared in
cyanoborohydride coupling buffer (0.02 M sodium phosphate, 0.2 M sodium chloride,
and 3 mg/mL sodium cyanoborohydride; pH 5.5) for 24 hours on a shaker at room
temperature, followed by PBS washes [53]. These heparin-conjugated grafts via plasma
treatment will be referred to as plasma-heparin grafts in the remainder of this study.
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Utilization of Orange II and Coomassie Brilliant Blue (CBB) Assays for Amine
Detection and Quantification

Two colorimetric assays were used as previously described with minor
modifications to quantify the amount of free amine groups on the modified surfaces (via
aminolysis, polydopamine, and plasma treatment) of the PCU vascular grafts: Orange II
and Coomassie Brilliant Blue (CBB) [54]. For both methods, standard solutions
containing 0 to 20 mg of NovaPEG amino resin (Novabiochem/EMD Millipore, Billerica,
MA) were prepared and used to determine the amine density on the graft surface based
on absorbance value comparisons.

Orange II: Modified PCU grafts (1-mm diameter, 0.5-cm length) were immersed
in Orange II dye solution (14 mg/mL, Sigma Aldrich) in acidic solution (distilled water
adjusted to pH 3 with 1 M HCI) for 30 minutes at 40°C. The grafts were thoroughly and
carefully washed using the acidic solution (pH 3) to remove all unbound dye. After air-
drying overnight, the grafts were immersed in 1 mL of alkaline solution (distilled water
adjusted to pH 12 with IM NaOH solution). Subsequently, the pH of the solution
containing the desorbed dye was adjusted to pH 3 using HCl. The absorbance of the
solution from each modification method was measured at 490 nm (Molecular Devices
ThermoMax, GMI Inc., Ramsey, MN) and recorded.

Coomassie Brilliant Blue (CBB): Modified PCU grafts were immersed in
Coomassie Blue dye solution (0.5 mg/mL, Sigma Aldrich) in acidic solution
(approximately 85:10:5 v/v distilled water/methanol/acetic acid; pH ~2.3) for 5 minutes
at room temperature. The samples were thoroughly and carefully washed using the same
acidic solution to remove all unbound dye. After air-drying overnight, the grafts were
immersed in alkaline solution (0.125 M potassium carbonate in 50:50 v/v distilled
water/methanol; pH 11.25). The pH of the solution containing the desorbed dye was
subsequently adjusted to pH 3 by adding HCI. The absorbance of the solution from each
method was then measured at 650 nm (Molecular Devices ThermoMax) and recorded.

Quantification of Heparin on Heparin-Conjugated PCU Vascular Grafts to
Determine Its Antithrombogenic Activity and Stability

The presence and stability of heparin on the heparin-conjugated PCU grafts
modified via aminolysis, polydopamine, and plasma treatment was confirmed and
measured by using toluidine blue (Sigma Aldrich) as described previously [36]. Briefly,
at day O (immediately after heparin conjugation) and day 7 (one week post-heparin
conjugation in which grafts were placed in PBS at room temperature on a shaker), control
(untreated), aminolysis-heparin, PD-heparin, and plasma-heparin grafts were immersed in
0.0005% (w/v) toluidine blue solution and vortexed for 10 minutes. Heparin standard
solutions containing different amounts of heparin were also prepared in 0.0005% (w/v)
toluidine blue solution and vortexed for 10 minutes. After vortexing, 3 mL of n-hexane
was added to all the heparin standard and sample solutions and vortexed again for 30
seconds to extract the unbound toluidine blue. The absorbance of the unbound toluidine
blue was subsequently measured at 650 nm (Molecular Devices ThermoMax) and

65



recorded. The density of immobilized heparin on all the samples was determined by
comparing their absorbance values to those of the heparin standard solutions.

The antithrombogenic activity and stability of heparin-conjugated PCU grafts
modified via aminolysis, polydopamine, and plasma treatment were determined by
measuring thrombin activity with the chromogenic substrate S-2238 (Diapharma, West
Chester, OH) in the presence of antithrombin-III (AT-III) as previously described with
minor modification [36]. Similar to the toluidine blue assay, control (untreated),
aminolysis-heparin, PD-heparin, and plasma-heparin grafts taken from day 0 and day 7
were incubated in a 50 mM Tris buffer along with 0.08 NIH units of human AT-III
(Sigma Aldrich) for 5 minutes at 37°C. Heparin standard solutions containing varying
amounts of heparin were also prepared in Tris buffer along with 0.08 NIH units of human
AT-III. Subsequently, 0.08 NIH units of human thrombin (Sigma Aldrich) were added to
each of the samples and standard solutions, followed by mixing and incubating for 30
seconds at 37°C. After the thrombin addition, 5 mM S-2238 was added to the samples
and standard solutions, which were then incubated for 8 minutes at 37°C. Lastly, all the
reactions were stopped by adding 40% acetic acid. The absorbance of the sample
supernatants as well as the standard solutions were measured at 405 nm (Molecular
Devices ThermoMax) and recorded to determine the thrombin activity in the solutions.
The heparin activity of all the samples was subsequently determined by comparing the
absorbance values to those of the heparin standard solutions.

Short-Term In Vivo Study

Implantation and explantation of plasma-treated PCU vascular grafts

All experimental procedures were approved by the Institutional Review Board
Service and the Institutional Animal Care and Use Committee (IACUC) at the University
of California, Berkeley. To evaluate and compare the performance of control (untreated)
and heparin-conjugated PCU grafts in a short-term in vivo study, we used a rat common
carotid artery anastomosis model. Male Sprague-Dawley (SD) rats were purchased from
the Charles River animal facility. Prior to implantation, 1 mm-diameter PCU grafts were
electrospun, plasma treated, and disinfected with 70% EtOH under germicidal UV for 10
minutes (referred to as plasma-control grafts); for heparin-conjugated grafts, they were
subsequently conjugated with heparin via reductive amination as aforementioned
(referred to as plasma-heparin grafts). The rats were anesthetized with 2% isoflurane in
70% nitrous oxide and 30% oxygen. The left common carotid artery was dissected,
clamped, and transected. The graft was then sutured end to end with 8 interrupted stitches
by using a 10-0 needle. No heparin or any other anticoagulant was used at any point
before, during, or after the implantation procedure. To determine patency of the graft at
the time of explantation after 2 weeks and 4 weeks in vivo, the blood flow in the blood
vessel at the distal anastomosis was examined and verified in the live animal under
anesthesia. Specifically, the graft was defined as being patent if unobstructed blood flow
and noticeable pulsation were observed and confirmed through the graft into the distally
attached native carotid artery. Lastly, the animals were euthanized, and the vascular
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grafts were explanted and immediately processed for en face immunofluorescent staining
or histological analysis and immunofluorescent staining.

Histological analysis and immunofluorescence staining

For en face immunofluorescent staining, the explanted grafts were carefully
trimmed longitudinally using microscissors into four (quarter) pieces and fixed with 4%
PFA for 30 minutes. The samples were then washed with PBS, permeabilized with 0.5%
Triton X-100, and blocked with 5% donkey serum. Subsequently, they were stained with
the following primary antibodies: CD31 (rabbit, Abcam Inc., Cambridge, MA), CD34
(AF4117, goat, R&D Systems, Littleton, CO), vWF (SC-14014, rabbit, Santa Cruz
Biotechnology Inc.), and CD45 (05-1410, mouse, EMD Millipore, Billerica, MA). The
samples were stained with DAPI for cell nuclei. Images were captured with a Swept Field
Confocal (SFC) microscope (Prairie Technologies, Middleton, WI).

Explanted samples for histological analysis were immediately fixed with 4% PFA
before being snap-frozen and embedded in optimal cutting temperature (OCT) compound
(TissueTek, Elkhart, IN). Cross-sections of 12-pm thickness were collected using a
cryosectioner. For immunofluorescent staining, the samples were fixed with 4% PFA,
permeabilized with 0.5% Triton X-100, and blocked with 5% donkey serum. They were
subsequently stained with the same primary antibodies listed previously in addition to:
SMA (ab7817, mouse, Abcam Inc.), CNN1 (ab46794, rabbit, Abcam Inc.), SM-MHC
(BT-562, rabbit, Biomedical Technologies, Inc., Ward Hill, MA), CD68 (MCA341R,
mouse, AbD Serotec, Raleigh, NC), and CD163 (MCA342R, mouse, AbD Serotec).
Lastly, they were stained with DAPI, followed by confocal microscopy with a Zeiss
LSM710 confocal microscope (Carl Zeiss, Inc., Thornwood, NY).

Statistical Analysis

The data in this study are presented as mean + standard deviation. For comparison
between two groups, two-tailed Student’s #-test was used. For multiple pairwise
comparisons to detect whether a significant difference existed between groups with
different treatments, all data were initially compared using analysis of variance
(ANOVA), followed by Holm’s #-test for post-analysis. A P-value of less than 0.05
between samples in comparison was considered statistically significant.

Results and Discussion

Structural and Mechanical Characterization of PCU Vascular Grafts
We examined the fibrous architecture and quality of our electrospun PCU

vascular graft via SEM (Figure 4.1A-D). The PCU fibrous structure consisted of
individual fibers with diameters ranging from approximately 160 nm to 2 um, with an
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average fiber diameter of 496.5 + 315.7 nm (n=50). As depicted in the micrographs, the
fibrous structure of both the inner (luminal) (Figure 4.1C) and outer (Figure 4.1D)
surfaces of the graft closely resembles native matrix. In addition, desirable porosity as
well as random structure and orientation of fibers were achieved, confirming the
uniformity and consistency in our optimized parameters for electrospinning PCU. In fact,
the parameters were able to produce quality grafts of varying diameters (i.e. 1 mm and 6
mm) that exhibited uniform wall thickness, surface appearance, and overall graft
properties (Figure 4.1E,F), demonstrating the versatility of our electrospinning setup.
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Figure 4.1. Structural and

mechanical
characterization of
nanofibrous PCU vascular
graft. Scanning electron
microscopy (SEM) images
taken from (A) side and (B)
top view of an electrospun
PCU vascular graft.
Structure of nanofibers in
the (C) inner (luminal) and
(D) outer surface of the
vascular graft. (E)
Nanofibrous PCU vascular
grafts of wvarious inner
diameters (i.e. 1-mm and 6-
mm) were fabricated to
demonstrate the versatility of
electrospinning setup. (F)
Bending of a 6 mm-diameter
PCU graft to confirm desired
mechanical property. (Q)
Comparison  of  elastic
modulus and ultimate tensile
strength  (UTS)  among
control (untreated),
aminolyzed, polydopamine
(PD)-coated, and plasma-
treated grafts (n=5). *
indicates significant
difference (P<0.05). Scale
bar = 500 um in A, B; scale
bar =30 um in C, D.



Mechanical strength plays a major role in dictating the long-term stability of
vascular grafts. Specifically, compliance mismatch at the end-to-end anastomosis
between the native artery and the rigid synthetic, especially Dacron and ePTFE, graft
results in disturbed flow and shear stress. Thus, we performed mechanical tests to
compare our electrospun PCU grafts treated with different chemical modifications and
evaluate whether they exhibited similar properties as those of native arteries in terms of
elastic modulus and tensile strength (Figure 4.1G). Based on our measurements, control
(untreated) PCU grafts had an elastic modulus of 2.54 + 0.13 MPa, which is slightly
lower than that of the aminolyzed (2.75 + 0.14 MPa) and polydopamine-coated (2.97 +
0.35 MPa) grafts. Interestingly, the elastic modulus of plasma-treated grafts (3.92 + 0.24
MPa) was significantly higher than the control as well as the aminolysis- and
polydopamine-modified grafts. It is possible that our surface plasma treatment had a
strengthening effect, which could be explained by the increase in elastic modulus of
individual fibers or potential interfacial adhesion between adjacent fibers [55, 56]. On the
other hand, the control grafts exhibited an ultimate tensile strength of 6.51 + 0.44 MPa,
comparable to that of the aminolyzed (6.33 + 0.67 MPa), polydopamine-coated (7.41 +
1.06 MPa), and plasma-treated (6.48 + 0.18 MPa) grafts. The comparison of these values
indicated that each of the chemical modifications used in this study to functionalize the
PCU graft did not adversely affect the overall structure and integrity but could rather
strengthen the graft, especially in the case of plasma treatment. More importantly, these
tensile properties are comparable to those of human coronary artery, in which both
possess low stiffness along with high elasticity that is representative and predictive of
their compliance match [57]. However, the mechanical properties of the PCU graft may
be further tailored for different applications, such as utilization as conduits for nerve
regeneration, by manipulating fabrication parameters and fiber orientation.

Chemical Characterization of Surface Modification of PCU Vascular Grafts

Since mechanical characterization to compare the three chemical modifications
did not reveal any undesired changes in mechanical properties, we utilized two chemical
assays to assess their effectiveness in amine functionalization of the graft surface: Orange
IT and Coomassie Brilliant Blue (CBB). Both dyes are commonly used for primary amino
group quantification, as they are less expensive, less time-consuming, and more
quantitative than other methods, including fluorometry, colorimetry, and spectroscopy.
After using varying amounts of the NovaPEG amino resin with known surface amine
density to generate a standard curve for each of the two dyes, we quantified the density of
exposed primary amine groups on the graft surface (with same dimensions) modified
with the different methods (Figure 4.2A, B). For the control (untreated) graft, an
insignificant Orange II concentration (0.374 + 0.042 mmol/cm’) was detected, suggesting
that nonspecific interactions between the dye and the PCU surface were minimal. In
contrast, the plasma-treated graft had an Orange II concentration of 29.787 + 0.149
mmol/cm’, significantly higher than the control as well as the aminolyzed graft (3.623 +
0.134 mmol/cm®) and PD-coated graft (13.659 + 0.163 mmol/cm’) (Figure 4.2A).
Similarly, the same trend was observed using the CBB dye, in which the concentration of
the dye on the plasma-treated graft (46.876 + 0.511 pmol/cm®) was significantly higher
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than the negligible amount on the control (0.003 + 1.158 pmol/cm’) as well as the much
lower concentrations on the aminolyzed graft (10.397 + 2.881 pmol/cm®) and PD-coated
graft (28.465 + 0.640 umol/cm’) (Figure 4.2B). Although the exact amine densities as
determined by the two colorimetric methods did not match, in which the values from the
CBB method were drastically lower than those from the Orange II method, the results
were consistent with findings reported previously in a comparison study [54]. In fact,
because CBB is a large divalent dye, there exists steric hindrance between CBB
molecules that prevented them from binding to some amine groups on the graft surface,
resulting in much lower values and lower surface binding compared to those of the small
monovalent Orange II dye. Despite the quantitative difference between the Orange 11 and
CBB methods, both revealed the same trend that strongly supported the effectiveness of
functionalizing the PCU surface via plasma treatment in comparison to aminolysis and
polydopamine coating, specifically in introducing amine groups that could be utilized for
subsequent biofunctionalization, such as heparin conjugation.

Verification of Heparin Modification of PCU Vascular Grafts

To further demonstrate that the significantly higher amine density on the plasma-
treated PCU graft corresponded to better heparin conjugation with respect to heparin
density and stability, we utilized toluidine blue assay to verify and quantify the
immobilized heparin on the modified grafts at day 0 (immediately) and day 7 (one week)
after heparin immobilization (Figure 4.2C). Immediately after heparin conjugation at day
0, control (untreated) grafts had an insignificant amount of heparin (2.531 pg/cm’)
compared to the heparin density on aminolysis-heparin (27.320 + 10.968 pg/cm’),
polydopamine (PD)-heparin (28.400 + 26.763 pg/cm’), and plasma-heparin (47.740 +
14.451 pg/em®) grafts, confirming that heparin was successfully conjugated via all three
methods to the nanofibers. In fact, heparin density on aminolysis-heparin and plasma-
heparin grafts was significantly higher than that of control. On the other hand, one week
(day 7) after initial heparin conjugation, heparin density on the control, aminolysis-
heparin, PD-heparin, and plasma-heparin grafts was 1.246 + 0.654 pg/cm’, 21.783 +
17.459 pg/em’®, 21.437 + 11.344 pg/em’, and 42.749 + 5.762 pg/em’, respectively. Even
though heparin density on both PD-heparin and plasma-heparin grafts was significantly
higher than that of control, plasma-heparin grafts retained significantly more heparin than
PD-heparin grafts, indicating that plasma treatment was able to bind the most heparin
without compromising the stability of the immobilized heparin. This could be correlated
with the highest amine density on the surface of plasma-treated grafts, but we speculate
that it was due to end-point immobilization of heparin that resulted in the highest heparin
density on plasma-heparin grafts. It is highly probable that the utilization of EDC
chemistry and passive adsorption to conjugate heparin onto aminolyzed and PD-coated
grafts, respectively, increased the likelihood of cross-linking, thereby decreasing the
available surface area for heparin attachment. In addition, we believe that the more
noticeable decrease in heparin density on the aminolysis-heparin and PD-heparin grafts
after one week was due to the loss of heparin that was loosely and not covalently attached
to the surface via nonspecific binding. In order to confirm these speculations, more in-
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depth analyses need to be further conducted to elucidate the ratio of nonspecific binding
and cross-linking as well as the orientation of bound heparin.
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Figure 4.2. Chemical characterization and comparison of surface modifications and
heparin conjugation on the surface of nanofibrous PCU vascular graft. Surface
density of functional amine groups as introduced via aminolysis, polydopamine (PD)
coating, and plasma treatment were quantified using (A) Orange II and (B) Coomassie
Brilliant Blue (CBB) dye staining (n=3). (C) Toluidine blue assay was used to verify the
presence of conjugated heparin and compare its stability after 1 week (n=3). # indicates
significant difference (P<0.05) compared to control (untreated) grafts at respective time
point; * indicates significant difference (P<0.05) between the two groups. (D) The
maintenance and retention of the antithrombogenic activity of immobilized heparin on
the graft surface was quantified using antithrombin-III (n=3). # indicates significant
difference (P<0.05) compared to control (untreated) grafts at respective time point; *
indicates significant difference (P<0.05) between the two time points of the same group.
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Detection of Heparin Activity of Modified PCU Vascular Grafts

To evaluate the maintenance and retention of heparin activity on the graft surface,
we performed heparin activity assay to detect the antithrombogenic activity of the
immobilized heparin on the modified grafts. Similar to the toluidine blue assay, we
quantified the inhibition of thrombin activity in the presence of antithrombin-III on the
control (untreated), aminolysis-heparin, polydopamine (PD)-heparin, and plasma-heparin
grafts at day 0 (immediately) and day 7 (one week) after initial heparin immobilization
(Figure 4.2D). At day 0, control grafts exhibited a baseline activity level of 0.835 +0.372
NIH U/cm’. This value was minimal and significantly lower compared to the activity
levels of aminolysis-heparin (7.989 + 0.094 NIH U/cm’), PD-heparin (8.370 + 0.283 NIH
U/em®), and plasma-heparin (8.151 + 0.408 NIH U/cm®) grafts, confirming that the
successfully immobilized heparin via the three modifications showed high levels of
antithrombogenic activity. However, at day 7, control, aminolysis-heparin, PD-heparin,
and plasma-heparin exhibited activity levels of 0.500 + 0.027 NIH U/cm?, 3.557 + 0.199
NIH Ulem®, 4.360 + 0.344 NIH U/cm’, and 8.261 + 0.239 NIH U/cm’, respectively.
Consistent with our previous results from toluidine blue assay, the heparin conjugated via
end-point immobilization on the plasma-treated surface was the most stable as it retained
significant activity. In comparison, heparin activity of control, aminolysis-heparin, and
PD-heparin groups significantly decreased after 7 days. This suggests that end-point
immobilization is more effective and advantageous in that the heparin molecules were
immobilized in a more favorable and accessible orientation on the surface of plasma-
heparin grafts, thus maximizing the exposure and availability of AT-III binding sites on
the immobilized heparin [52, 58]. Therefore, the combination of plasma treatment for
amine functionalization and end-point immobilization for heparin attachment provided
the most effective technique for heparin conjugation in terms of surface amine
functionalization and the maintenance and retention of heparin activity on our
electrospun PCU grafts, which was thus selected and used for subsequent small-animal
studies to evaluate performance in vivo.

In Vivo Performance and Patency of PCU Vascular Grafts

One strategy to improve preclinical and clinical outcomes of synthetic vascular
grafts is to incorporate heparin as a blood-contacting coating. Because of its desired
anticoagulant and antithrombogenic properties, heparin has been reported to improve the
patency of small-diameter grafts [29, 52]. Thus, we aimed to test the efficacy of our
surface amine functionalization via plasma treatment by assessing the effects of heparin
conjugation on the patency of PCU vascular grafts in vivo. Plasma-control (untreated)
and plasma-heparin grafts with an inner diameter of 1 mm and approximate length of 0.8
cm were implanted into the left common carotid artery of SD rats. The grafts were
examined at 2 weeks and 4 weeks post-operative procedure, with 6 animals per group for
each time point. Images of a representative graft from each group at the two time points
were taken immediately prior to explantation (Figure 4.3A-D). We noticed much more
surrounding tissue around the grafts, especially the plasma-heparin grafts, with visible
microvessels indicative of vascularization. Because heparin was immobilized to the entire

72



graft surface during incubation in heparin solution, we believe that heparin may have
played a major role in the recruitment of host cells and the development of such
vascularized surrounding tissue. In fact, heparin has been well-reported to bind and
regulate the activities of numerous proteins in cellular microenvironment, such as growth
factors and ECM components, as well as cell surface proteins that together govern
morphogenesis and tissue repair [59, 60]. In terms of graft performance, at 2 weeks,
approximately 67% (4 of 6) of plasma-control grafts remained patent, whereas 100% (6
of 6) of plasma-heparin grafts were patent. However, after 4 weeks, plasma-control grafts
exhibited approximately 17% (1 of 6) patency, compared to 83% (5 of 6) patency of
plasma-heparin grafts. As expected, the antithrombogenic activity of the immobilized
heparin as confirmed through our in vifro assessment prevented occlusion as a
consequence of acute thrombosis, which is a common mechanism for the failure of small-
diameter grafts. Furthermore, our patency results (Figure 4.3E) showed interesting
similarities and trends as reported in our previous studies, in which heparin-modified
grafts exhibited significantly better performance in vivo in terms of higher patency rates
at various time points [36, 49]. We speculate that our approach further confirmed a
synergistic effect of heparin in combination with the nanofibrous structure of our PCU
vascular grafts, as the benefits of heparin conjugation were more pronounced as a result
of higher surface density from not only high surface-area-to-volume ratio of electrospun
fibrous structure but also end-point immobilization of heparin molecules. Therefore, our
heparin modification was effective at preventing thrombosis that would have delayed or
prohibited endothelialization of the graft lumen.
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Figure 4.3. Graft explantation and patency of the grafts. Representative image of a (A)
2-week and (B) 4-week plasma-control graft in situ taken immediately prior to
explantation. Representative image of a (C) 2-week and (D) 4-week plasma-heparin graft
in situ taken immediately prior to explantation. White arrows indicate noticeable
microvessels and vascularization in the surrounding tissue of the grafts. Scale bar is as
denoted in A-D. (E) Patency rates of the grafts after 2 weeks and 4 weeks in vivo were
recorded and compared. Each group at each time point included 6 animals (n=6).
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Recruitment of Endogenous Progenitor Cells for Endothelialization and Graft
Integration

In addition to mechanical properties, another critical element in dictating the
success of vascular grafts in vivo is endothelialization. As a result, extensive research in
the development and enhancement of an ideal, synthetic vascular graft has focused on
engineering luminal surfaces that can promote and accelerate the formation of a mature
and functional endothelium. We have previously shown that heparin-modified
nanofibrous vascular grafts exhibited more complete endothelialization of the lumen
compared to untreated grafts, suggesting that heparin modification may assist in the
function and integration of vascular grafts in vivo [36]. Similarly, results from our short-
term in vivo studies were consistent with our previous findings.

En face immunostaining was performed to characterize the cells on the luminal
surface of the grafts (Figure 4.4). At 2 weeks (Figure 4.4A-H), although both groups had
higher cell number near the anastomosis regions due to trans-anastomotic migration,
plasma-heparin grafts had noticeably more cells in the middle portion of the grafts
compared to plasma-control grafts (Figure 4.4F, H). In fact, many of these cells were
positive for CD34, a marker expressed by endothelial progenitor cells (EPCs). Several
endothelial cells (ECs) as identified by CD31" and vWF" staining were also present,
especially in the anastomosis-graft region (Figure 4.4A, E). However, these ECs
exhibited a more disorganized morphology and less defined cell-cell boundaries,
indicating that endothelialization was incomplete as a stable endothelium was still in the
early stage of formation. In addition, even though plasma-heparin grafts appeared to have
attracted more cells, specifically EPCs, plasma-control grafts exhibited better than
expected cell attachment and recruitment. We speculate that the change of PCU surface
property from innately hydrophobic to hydrophilic as a result of plasma treatment
facilitated cell adhesion, which is consistent with our previous finding that functional
amine groups from Ar-NH3/H, plasma treatment promoted attachment and spreading of
bovine aorta endothelial cells [59]. Furthermore, both plasma-control and plasma-heparin
grafts had a small number of peripheral blood mononuclear cells positive for CD45
(Figure 4.4C-D, G-H), reflecting the difficulty in completely eliminating an inflammatory
response.

On the other hand, at 4 weeks after implantation, the luminal surface of the
plasma-heparin graft was almost completely covered by cells (Figure 4.41-L). In
particular, most of these cells were CD31" and vWEF", with no CD34" cells present
amongst the ECs. These ECs now exhibited a well-organized, cobblestone-like structure
that closely resembled the endothelium of a native vessel, along with near-complete
alignment of cell nuclei and morphology in the direction of blood flow especially in the
anastomosis-graft region (Figure 4.41, J). Nevertheless, further studies are needed to
better determine whether such confluent endothelial coverage resulted from the
differentiation and maturation of EPCs, which were observed to have attached at the 2-
week time point, into ECs, or the proliferation of mature ECs that migrated trans-
anastomotically. Moreover, as shown in Figure 4.4K-L, no CD45" cells were found in the
anastomosis- and mid-graft regions of the 4-week plasma-heparin graft, suggesting that
the inflammatory response was acute and potentially transient in the presence of heparin.
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Figure 4.4. En face immunostaining of PCU plasma-control and plasma-heparin
grafts after 2 and 4 weeks in vivo. En face immunostaining for CD31 (red) with CD34
(green) and vWF (red) with CD45 (green) of patent (A-D) 2-week plasma-control, (E-H)
2-week plasma-heparin, and (I-L) 4-week plasma-heparin grafts was performed.
Representative images were taken from the anastomosis-graft and mid-graft regions of
each graft. White arrows indicate cells positive for CD45. Cell nuclei were stained using
DAPI (blue). Scale bar = 50 um.
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Cross-section staining to characterize cells not only on the luminal surface but
also within the vascular wall and surrounding tissue revealed interesting results. At 2
weeks, both plasma-control and plasma-heparin grafts had CD34" cells on the luminal
surface near the mid-graft region and in the surrounding tissue near the anastomosis,
indicative of EPC participation in the endothelialization and regeneration of the grafts
(Figure 4.5A-B, G-H). However, very few CD31" or vWF" cells representative of ECs
was identified in the plasma-control graft (Figure 4.5A-D), except for an apparent
monolayer on the outer lining of the neointima (Figure 4.5C, D); in contrast, more ECs
positive for vWF and CD31 were found around the plasma-heparin graft, primarily in the
surrounding tissue near anastomosis as well as a few within the vascular wall (Figure
4.5G-J). We believe that heparin modification may have promoted faster vascularization
and integration of the graft as represented by the distribution of ECs and formation of



microvasculature surrounding tissue, although further analysis is required to determine
the origin and role of these cells. In addition, SMA and CNNI1 staining revealed that the
patent plasma-control graft at the 2-week time point still developed neointima, as SMA"
and CNN1" cells, which most likely are smooth muscle cells (SMCs), were present on the
luminal surface, especially at the anastomotic region (Figure 4.5C, E). In comparison, no
neointima was noted on the luminal surface of the plasma-heparin graft, in which SMA"
cells were only present in the surrounding tissue (Figure 4.51, J). We speculate that
neointima formation was caused by surface thrombogenicity and the absence of heparin,
corresponding to the poor patency rates of plasma-control grafts.

vWF CD34 DAPI CD31 SMA DAPI CNN-1 DAPI
Anastomosis Graft Mid Graft Anastomosis Graft Mid Graft Anastomosis Graft Mid Graft
A . .I ) .I i i I ¥ 1 A 1 1

2-week
Plasma-Control

2-week
Plasma-Heparin

Figure 4.5. Cross-section immunostaining of PCU plasma-control and plasma-
heparin grafts after 2 weeks in vivo. Inmunostaining for (A, B, G, H) vWF (red) and
CD34 (green), (C, D, I, J) CD31 (red) and SMA (green), and (E, F, K, L) CNN-1 (red) of
the cross-sections obtained from the anastomosis-graft and mid-graft regions of the
plasma-control and plasma-heparin grafts after 2 weeks in vivo was performed. Red
arrows indicate cells positive for the red-colored markers vWF, CD31, and CNN-1.
White arrows indicate neointima formation on the luminal surface. White dashed lines
delineate the border of the graft wall. Cell nuclei were stained using DAPI (blue). Scale
bar =100 um.

On the other hand, results from cross-section staining of plasma-control and
plasma-heparin grafts at the 4-week time point were somewhat different compared to
those from en face staining. Unlike the much more well-organized monolayer of ECs
characterized on the 4-week plasma-heparin graft via en face staining, no sign of
endothelialization but rather only a small patch of CD31" ECs were observed on the
luminal surface of the plasma-control (Figure 4.6C, D) and plasma-heparin graft (Figure
4.61, J), respectively. Likewise, no positive VWF staining was detected in either graft,
although the presence and similar distribution of CD31" cells as seen surrounding the
plasma-heparin graft at 2 weeks (Figure 4.51, J) were also noted at 4 weeks in both the
anastomotic and mid-graft regions (Figure 4.61, J). Interestingly, CD34" EPCs were still
present in the outer lining of the neointima at the anastomosis of the plasma-control graft
as opposed to desired CD31" or VWF'™ ECs (Figure 4.6A). In addition, at 4 weeks,
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neointima formation, which was also found on the luminal surface of the plasma-control
graft at 2 weeks (Figure 4.5C-E), showed SMA" cells as well (Figure 4.6C-F). Although
these cells were negative for SM-MHC, a mature marker of SMCs, such neointimal layer
would eventually thicken and worsen, ultimately resulting in graft occlusion and failure.
Fortunately, no such neointima formation was detected on the luminal surface of the
plasma-heparin graft, suggesting the potential of heparin to alleviate thrombogenicity and
perhaps suppress intimal hyperplasia. Instead, similar to the 2-week results discussed
previously, SMA" cells, including SMA"/SM-MHC" cells indicative of mature SMCs,
were mainly found and distributed in the surrounding tissue of the plasma-heparin graft,
contributing to a better integration and maturation of the graft (Figure 4.61-L).
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Figure 4.6. Cross-section immunostaining of PCU plasma-control and plasma-
heparin grafts after 4 weeks in vivo. Immunostaining for (A, B, G, H) vWF (red) and
CD34 (green), (C, D, 1, J) CD31 (red) and SMA (green), and (E, F, K, L) SM-MHC (red)
and SMA (green) of the cross-sections obtained from the anastomosis-graft and mid-graft
regions of the plasma-control and plasma-heparin grafts after 4 weeks in vivo was
performed. Red arrows indicate cells positive for the red-colored markers vWF, CD31,
and CNN-1. Yellow arrows indicate cells positive for SMA found within the graft wall.
White arrows indicate neointima formation on the luminal surface. White dashed lines
delineate the border of the graft wall. Cell nuclei were stained using DAPI (blue). Scale
bar = 100 um.

In terms of inflammatory response, we also performed cross-section staining for
CD68 and CD163, which are markers of pan macrophages and specifically M2
macrophages, respectively. At 2 weeks, more CD68" macrophages were found in the
surrounding tissue and within the wall of the plasma-control graft, suggesting that
heparin modification could potentially mitigate the inflammatory response typically
observed for implanted scaffolds (Figure 4.7A, B). In addition, very few cells, if not none,
positive for CD163 were identified (Figure 4.7C-D, G-H). With respect to early
integration with host tissue after 2 weeks in vivo, both plasma-control and plasma-heparin
grafts had significantly more cell infiltration near the anastomosis regions compared to
mid-graft (Figure 4.7A-H), which likely resulted from higher transmural migration of
cells from the surrounding tissue into the vascular wall. In contrast, at 4 weeks, fewer
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CD68" cells were present around or within the plasma-control graft, but much more were
found around and within the plasma-heparin graft (Figure 4.71-J, M-N). However, our
staining of CD163, indicative of M2 macrophages that have been shown to participate in
tissue remodeling [60], showed positive cells in the tissue surrounding the plasma-
heparin graft after 4 weeks in vivo (Figure 4.70, P). We believe that even though
macrophages were recruited as indicated by the pan macrophage marker CD68, heparin,
which has been known to possess anti-inflammatory properties and the potential to
modulate inflammatory cell recruitment, attracted significantly more CD163" M2
macrophages that could facilitate the desired graft remodeling and integration [63].
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Figure 4.7. Inflammatory response of PCU plasma-control and plasma-heparin
grafts after 2 and 4 weeks in vivo. Immunostaining for CD68 (green), and CD163
(green) of the cross-sections obtained from the anastomosis-graft and mid-graft regions
of the plasma-control and plasma-heparin grafts after (A-H) 2 weeks and (I-P) 4 weeks in
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vivo was performed. White and yellow arrows indicate cells positive for CD68 and
CD163, respectively. White dashed lines delineate the border of the graft wall. Cell
nuclei were stained using DAPI (blue). Scale bar = 100 um.

Nevertheless, our in vivo study was solely a short-term study to evaluate the
efficacy of our optimized surface modification, specifically end-point immobilization of
heparin, on an electrospun PCU vascular graft. Because such short-term study could only
provide initial assessment of graft performance in terms of early stages of thrombogenic
response and endothelialization, long-term studies, including 6-month and 1-year
durations, are necessary to fully determine the stability of the heparin conjugation and its
effects, along with the structural and mechanical features of electrospun PCU, on
endothelialization and ultimately graft integration and regeneration. In fact, complete
luminal endothelialization remains crucial for the success of vascular grafts in vivo.
Therefore, additional bioactive molecules, such as stromal cell-derived factor-1o (SDF-
la) that we have shown to accelerate endothelialization and remodeling through the
recruitment of progenitor cells, can be additionally incorporated to further enhance the
performance of and endow self-regenerative potential to our small-diameter PCU
vascular grafts for blood vessel regeneration.

Conclusions

In this study, we successfully developed small-diameter nanofibrous vascular
grafts using a thermoplastic polycarbonate-urethane, Carbosil®. These electrospun grafts
possessed fibrous structure as well as mechanical strength that closely mimic those of the
native vessels. We then showed that desired surface functionalization could be achieved
using plasma treatment, a technique that we demonstrated to be significantly more
effective compared to alternative methods such as aminolysis and physical adsorption via
polydopamine coating. In addition, these functional amine groups grafted on the graft
surface were used for subsequent conjugation of heparin. In fact, plasma treatment
followed by reductive amination permitted end-point immobilization of heparin
molecules on the graft surface, providing not only higher surface density but more
importantly better stability and antithrombogenic activity. Furthermore, from our short-
term in vivo study, we demonstrated that the end-point immobilized heparin drastically
improved the performance of the vascular grafts with respect to patency as well as early
stages of endothelialization and graft integration. Therefore, this engineering approach
combined with optimal surface modification can serve as a foundation to develop small-
diameter vascular grafts that possess off-the-shelf availability and desired bioactivity,
which will have translational impact on the clinical treatment of vascular diseases.
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CHAPTER 5

Concluding Remarks

Tissue engineering undoubtedly is and will be one of the most popular and
researched scientific fields because of its limitless potential to improve the lives of
patients diagnosed with a broad range of diseases and health problems. The concept of
engineering artificial tissues to replace, repair, and ultimately regenerate damaged or lost
tissues is a multidisciplinary approach that bridges primarily biology and engineering as
well as chemistry, material science, drug delivery, medicine, and many more. In addition,
tissue engineering reflects upon the various complex biological systems that naturally
occur in our body, and the efficient role they play in controlling not only the development
and maturation but also the inevitable deterioration and death of tissues. Therefore,
although the main goal is to develop new technologies in constructing artificially
engineered tissues and organs, a true motivation behind current and future tissue
engineering research is to elucidate and better understand the constant interactions among
cells, extracellular matrix (ECM) and its vast pool of proteins, bioactive molecules such
as growth factors and transcription factors, etc. Such understanding will then provide
scientists, like me, the knowledge to formulate effective and advanced strategies for
diagnostics, disease prevention, and regenerative therapies.

The scope of the investigations detailed in this dissertation aims to address the
engineering and optimization of tissue-engineered scaffolds from a structural and
chemical perspective, focusing on the development of bioactive scaffolds with refined
micro/nano structure and enhanced surface chemistry for tissue regeneration. In particular,
we have utilized the well-reported electrospinning technique to fabricate biomimetic
scaffolds with fibrous structure designed to emulate the natural ECM in terms of both
physical and biological properties. However, despite the high surface-area-to-volume
ratio favorable for the attachment of cells and bioactive molecules, electrospun scaffolds
possess densely packed network of fibers, especially in nanoscale, resulting in small pore
size that is unconducive for cell infiltration and tissue ingrowth, two critical factors in the
progression of angiogenesis and tissue integration. In order to mitigate and overcome this
physical barrier, we explored distinct fabrication methods and post-fabrication processes
to engineer and tailor the micro/nano structure of electrospun scaffolds, such as the
incorporation of sacrificial fibers and laser ablation, to not only promote cell migration
and infiltration but also regulate stem cell differentiation in these three-dimensional
scaffolds. Furthermore, we investigated several post-fabrication methods to manipulate
the surface chemistry of the scaffolds, such as wet chemistry, polydopamine-mediated
adhesion, and plasma treatment, specifically to assess the potential of nanofibrous
scaffolds as small-diameter grafts for vascular regenerative therapy. Thus, the studies
discussed encompass key elements of the physicochemical properties of electrospun
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scaffolds in terms of both structural and chemical modulations for optimal performance
in desired tissue engineer applications.

In Chapter 2, we combined bioengineering and mechanical engineering as we
examined the application of ultrafast laser microprocessing for structural modification of
biomaterial scaffolds. Specifically, we employed a femtosecond (FS) laser system, a
powerful and promising tool, to ablate and create microscale topographical features on
electrospun poly(L-lactide) (PLLA) nanofibrous scaffolds, and subsequently evaluated
the effects of these cues on the behavior of seeded human mesenchymal stem cells
(hMSCs) in vitro and host response in vivo. We uniformly patterned structured through-
holes with varying diameters and spacings between adjacent holes on the scaffolds. We
demonstrated that ablation with FS laser did not cause fiber melting as our system
provided better control of ablation intensity in relation to increasing laser energy and
pulse number. In addition, we observed changes in hMSC morphology in response to
these through-holes as their morphology appeared to be dictated by the patterned features,
but no adverse effects in terms of adhesion and proliferation were noted. More
importantly, our in vivo study to assess the effect of patterned holes on cell infiltration
and tissue integration revealed that holes of varying size and density promoted better
endothelial cell ingrowth as well as M2 macrophage and overall cell infiltration, which
are critical for angiogenesis and tissue remodeling, in comparison to control (non-ablated)
scaffolds. Our findings indicated that laser ablation, especially ultrafast FS laser
processing, could be one promising post-fabrication approach to effectively create
desired nano- or micro-structural features as a mean to influence cell behavior and
improve the integration and function of tissue-engineered scaffolds in vivo.

Chapter 3 combined stem cell technology with porous microfibrous scaffold as
we investigated the effect of biophysical factors, such as porosity and pore size, on the
behavior and differentiation of stem cells. Because acellular scaffolds alone have limited
success in the regeneration of complex tissues such as cartilage and bone, it may be more
advantageous and ideal to combine stem cells and biomaterials in order to better control
cell behavior and harness their regenerative potential using biophysical cues provided by
the scaffold structure. Thus, this motivated us to search for an alternative yet more
optimal source of multipotent adult stem cells. Interestingly, we identified and
characterized a new type of stem cells that can be harvested from the synovial membrane
of knee joint, which we referred to as neural crest cell-like synovial stem cells (NCCL-
SSCs) based on their multipotent potential and resemblance to neural crest stem cells
(NCSCs). The multipotency of NCCL-SSCs could be preserved under optimized
maintenance conditions, but these cells could be differentiated into cell types of both
mesenchymal and ectodermal lineages when exposed to cocktails of biochemical factors
in specific induction media. To better understand how stem cells interact with their
microenvironment and whether biophysical features can impact their behavior, we
fabricated a composite scaffold via co-electrospinning of two polymers. We used the
slow-degrading PLLA to produce structural fibers and the fast-degrading poly(glycolic
acid) (PGA) to make sacrificial fibers, and subsequently degraded the composite
scaffolds to remove the sacrificial PGA fibers and increase pore size and porosity. We
noted that higher ratio of PGA fibers and longer degradation time resulted in higher
porosity and larger pore size, both of which exhibited no adverse effect on NCCL-SSC
adhesion and proliferation in vitro as well as an increased cell infiltration into and
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distribution throughout the highly porous scaffolds in vivo. More importantly, we
determined that such changes in the scaffold porosity could regulate stem cell
differentiation, as NCCL-SSCs cultured on the more porous scaffolds without additional
biochemical cues from specific induction media showed increased expression of
chondrogenic and osteogenic markers and decreased expression of smooth muscle cell
and adipogenic markers. Therefore, this study not only advanced our understanding of
adult stem cells, but also established a foundation for the design and development of
desirable scaffolds using multiple biomaterials with distinct physical properties for in situ
tissue engineering via chemotactic homing of local tissue-specific stem cells.

In Chapter 4, we transitioned from a physical perspective to focus more on the
control of surface properties in the development and fabrication of small-diameter
bioactive vascular graft. Because of the unmet need for small-diameter (< 6 mm) vascular
grafts as blood vessel substitutes, our motivation was to produce the next-generation,
ideal vascular graft with excellent performance in vivo. We selected Carbosil®, a
commercially available thermoplastic polycarbonate-urethane (PCU), as the material to
electrospin our small-diameter vascular grafts, and subsequently utilized various surface
modification strategies to endow desired bioactivity as we determined the most effective
method to conjugate heparin onto the graft surface given its antithrombogenic properties.
We demonstrated that PCU could be a prime polymer in fabricating vascular grafts, as its
mechanical strength and compliance closely mimicked those of native vessels. In addition,
we compared the effectiveness of heparin conjugation via EDC chemistry, polydopamine
adsorption, and plasma treatment, and concluded that the most effective and stable
approach was the combination of plasma treatment and reductive amination. In fact,
plasma treatment provided the highest density of functional amine groups on the graft
surface, which were used for reductive amination to enable end-point immobilization of
heparin. This orientation not only increased the surface density of conjugated heparin but
more importantly better stabilized the immobilized heparin and preserved its
antithrombogenic activity. Furthermore, through short-term in vivo rat model studies, we
showed that the plasma-treated PCU grafts conjugated with heparin (plasma-heparin)
exhibited excellent patency as well as endothelialization and graft integration compared
to plasma-control grafts without heparin, further suggesting the effectiveness of our
optimized modification technique and the beneficial bioactivity of the immobilized
heparin.

From the studies discussed in this dissertation, we investigated and detailed novel
strategies to ultimately enhance the functional performance and tissue integration of
electrospun scaffolds by enlarging the pore size and regulating structural components. In
particular, we demonstrated that the incorporation of multiple polymers with sacrificial
components and the post-fabrication utilization of FS laser are simply two promising and
distinct strategies to alter pore size, porosity, and other structural facets of biomaterial
scaffolds. For example, FS laser patterning could be finely controlled to create desired
topographical features of various sizes, shapes, depths, etc. However, future studies and
direction could be aimed to further improve and tune the scaffold architecture (i.e.
interconnectivity of pores) to achieve enhanced vascularization and desired regulation of
cell differentiation, along with elucidating the mechanisms and factors involved in these
processes. Subsequently, we translated our findings and knowledge into the development
of small-diameter, bioactive vascular grafts with not only optimal mechanical properties
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but more importantly desired chemical characteristics. We hope that such design
improvements from both physical and chemical perspectives can be integrated with an
assortment of tissue engineering applications, providing new ways to accelerate the
regeneration of functional native tissue while ensuring the success of implanted medical
devices.
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Appendix A

Gene Forward Reverse
Collagen Il CCAGGGCTCCAATGATGTG GTGTTTCGTGCAGCCATCCT
Agagrecan CTTCAAGCTGAACTATGACCACTTTACT CATGGTCTGGAACTTCTTCTGAGA

BGLAP GCAGACCTAGCAGACACCATGA AGGTCAGAGAGGCAGAATGCA

Runx2 TCAATGGTTGGGAGAGAAGCA CCTTCTGCACCTCCTTTAGCA
SMA TCCTGACCCTGAAGTATCCGATA GGTGCCAGATCTTTTCCATGTC
CHN1 AGAACAAGCTGGCCCAGAAL CACCCCTTCGATCCACTCTCT
PPAR ¥ CGAGCCCTGGCAAAGCATTTGTAT TETCTTTCCTGTCAAGATCGCCCT
LPL ACAGTCTTGGAGCCCATGCT CAAGCCAGTAATTCTATTGACCTTCTT
185 GCCGCTAGAGGTGAMATICTTG CATTCTTGGCAAATGCTTTCG

Supplemental Table 3.1. Primer sequences used in the study. Sequences of the

primers used for the qPCR of each gene are listed in this table.
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