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ABSTRACT OF THE DISSERTATION

Digital Microfluidic Lab-on-a-Chip Platform

For Tissue Engineering

Brian Francis Bender
Doctor of Philosophy in Bioengineering
University of California, Los Angeles, 2015

Professor Robin L. Garrell, Chair

Stem cell technology and tissue engineering offer exciting opportunities for
improving medical therapies. Success in these endeavors will depend on advances
in our basic understanding of tissue culture and the development of supporting
technologies. Digital microfluidics (DuF) is one technology that could offer
important and unique advantages for automating stem cell culture and cell-based

assays to support tissue culture, drug discovery and basic biomedical research.

Digital microfluidics refers to a miniaturized lab-on-a-chip platform that
enables the automation of a wide array of laboratory procedures by handling liquids



as droplets rather than streams. It has been applied to many chemical and
biochemical protocols and assays. Advantages include reduced reaction times and
reduced reagent volumes, and the ability to process multiple samples in an

automated way: in series or in parallel, identically or uniquely.

This dissertation describes technological advances and applications of DuF for
tissue engineering. Vertical dimensionality was developed by stacking multiple
layers and incorporating a protocol for transferring droplets between layers. This
added functionality enables new applications, exemplified by the demonstration of
three previously un-achievable applications: creating a calcium alginate hydrogel
with a radial crosslink density; creating a hydrogel based particle sieve; and the
ability to retrieve 3D embryoid bodies on-chip. Protocols for growing three-
dimensional tissue structures were established by encapsulating cells within
hydrogel matrices. This protocol was used to demonstrate invasion assays for
modeling tumor growth. Stem cell microenvironments were investigated by
developing a protocol for the long-term growth and differentiation of embryoid
bodies for cardiac tissue engineering. Non-invasive impedance assays were
demonstrated for observing phenotypic behavior, maturation, and responses to
chronotropic and inotropic agents. Finally, preliminary experiments were carried out
to explore the feasibility of integrating piezoelectric PZT-based materials into DuF
devices for added functionality. The voltage change generated via the pyroelectric
effect was measured for exothermic chemical reactions, and strain induced in the
substrate produced from contracting cardiomyocytes was monitored via

piezoelectric effect.



The innovations presented here will provide the DuUF and tissue engineering
communities with design parameters and processing protocols necessary for
manipulating collagen, producing 3D cell-ECM constructs, and creating a stem cell

microenvironment for cardiomyogenesis.
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THE DISSERTATION

1 MOTIVATION

Cardiovascular disease remains the number 1 global cause of death, affecting
over 85 million Americans, resulting in over 17.3 million global deaths each year,
and carrying an estimated economic burden of over $320 billion annually [1].
Ischemic heart disease is the largest cause of death in the western world,
congenital heart defects are the leading cause of death in the first year of life [2],
and cardiotoxicity is a leading cause for drugs to be withdrawn from the market [3].
There are many approaches to attacking these problems, but one revolves around
cardiac tissue engineering. Cardiac tissue engineering has demonstrated the
potential for heart repair as well as the ability to better recapitulate native tissue for
screening early stage drug candidates. But while innovations in tissue engineering
garner optimism for the future of treating cardiovascular disease, many challenges
persist.

The process for developing new drugs is expensive and lengthy. A recent
study by DiMasi et al. [4] at the Tufts Center for the Study of Drug Development
estimates the cost of getting a single new drug to market at nearly $2.6 billion. This
study also highlights that the average time for clinical drug approval takes over 15
years, after an additional synthesis and candidate approval phase of over 10 years.
To make matters worse, this study, updated from a similar 2003 study by the same
authors [5] indicates that the growth rate in costs is roughly 8.5% on an annualized

basis. Although new drugs still manage to find their way to market, the increasing



costs of R&D required to develop these new therapeutics seem unsustainable. This
trend, if unchanged, will likely result in fewer new drugs getting to market and
higher costs to the consumer and to the health care system as a whole.

Failure can occur at many points along the drug development pathway, which
is to be expected. The later drugs fail in the development pipeline, the greater the
costs: for example, a drug that fails in Phase III clinical trials is much more
expensive than a drug candidate that fails in vitro toxicology tests. The availability
of better predictive assays early in the development process could reduce the
number of costly failures down the road. According to a 2014 market research
report by BCC Research, “the key parameters for improving [cell-based assays for
the] early phase of the drug discovery process depend on predictability,
automation, miniaturization, cost-effectiveness, high speed and multiplexing” [6].
To continue to provide new therapeutics economically, a dramatic change to the
drug development process needs to occur. Sophisticated lab-on-a-chip platforms
offer advantages for improving cell and tissue-based assays that can potentially
bring down the costs of drug development by addressing these key parameters for
early phase testing.

Microelectromechanical systems (MEMS) offer the potential to address
several challenges in tissue engineering while providing automated, high-
throughput capabilities [7]. Automated 3D tissue culture platforms that incorporate
non-invasive assay capabilities have the potential to advance basic research in
cardiomyogenesis and support non-invasive cardiotoxicity assays. Digital
microfluidics (DuF) has been steadily growing as a platform for both academic

research and as a commercial platform (Figure 1). Although it shows promise for
2



applications that include stem cell culture, it has not been optimized for this

purpose, nor developed for the specific application of cardiac tissue engineering.

500

Citations

400 Patent Publications

Journal Publications
300

200

100

2001 2003 2005 2007 2009 2011 2013 2015

Figure 1. Number of hits by year for a Web of Science and PatSnap search for
["Digital Microfluidics” OR “EWOD"] shows the steady growth in journal

publications, citations, and patent publications.

An in vitro DuF culture platform would not be limited to cardiomyogenesis. It
would enable the culture of a broad range of 3D tissue samples, including the
delivery of external chemical and/or electrical stimulation, and the ability to
perform non-invasive assays of phenotypic behavior. This could be particularly

significant as a tool to support in vitro drug screening.



2 THEORY OF DIGITAL MICROFLUIDICS

2.1 BACKGROUND IN MICROFLUIDICS

Microfluidics is a rather broad term that encompasses all systems that
manipulate liquids in the microliter (or lower volume) regime. The development of
microfluidic devices was driven by the desire to create miniature “lab-on-a-chip”
systems [8]. These systems aim to reduce the size of standard laboratory
procedures to improve processing power and throughput while reducing reagent
consumption [9, 10].

Many microfluidic devices are designed to flow continuous liquid volumes
through microchannels (Figure 2a). These channel-based microfluidic systems have
found myriad applications and work well for miniaturizing assays, increasing
throughput, and reducing costs [10, 11]. One of the notable drawbacks of these
early systems was the requirement that samples be transported in continuous liquid
flows, so it was difficult to create or manipulate discrete samples on-chip. This
limitation led to the development of a subset of microfluidics called droplet
microfluidics. In one permutation of droplet microfluidics, a large number of distinct
droplets are formed and encapsulated within the continuous flow of a surrounding
liquid medium (Figure 2b). This technique has led to many interesting opportunities

and applications for high-throughput sampling [11].



(b)

Figure 2. Channel microfluidic devices. (a) Commercial channel-based microfluidic
system developed by Fluidigm Inc. [12] and (b) a channel-based droplet

microfluidic design from Prof. Dino Di Carlo’s lab at UCLA [13].

DuF systems operate on an entirely different platform, in which discrete
liquid droplets (tens of pL to several hundred pL in volume) are deposited on a
surface or sandwiched between parallel plates and are actuated by applying electric
fields (Figure 3). For such small liquid volumes, the surface-to-volume ratio is
relatively large and capillary forces dominate [14]. Through the application of these
electric fields, electrowetting and dielectrophoretic forces [15] act to perform such
actions as the dispensing, splitting, merging, and translation of liquid droplets [9,
16]. While DuF systems confer advantages similar to other microfluidic platforms,
such as low reagent consumption and fast reaction times, there are several
interesting and unique advantages. For example, because these systems do not
employ continuous flow regimes, they do not require external pumps or valves
[17]. This reduces the overall system complexity and eliminates the need for
external mechanical systems to drive these pumps. Channel-based systems must
also be designed and fabricated with the channels in one particular configuration.
Therefore the desired liquid manipulations cannot be changed once the device has

5



been built because these pre-configured, “hardwired” paths cannot be changed
[14]. In contrast, DuF systems are fabricated using an array of individually
addressable electrodes. This allows reconfigurable procedures and the ability to
alter flow paths in real-time [14]. The manipulations that can be accomplished are
defined by the electrode size and shape [17]. For example, interdigitated electrodes
have been used for dielectrophoretic particle sorting [18], and refined
microelectromechanical (MEMS) processing techniques have allowed liquid volumes

to reach the subnanoliter regime [19].

(b) © (d)

Glass Substrate [l Liquid Droplet ll Ground Electrode Dielectric Coating
I Hydrophobic Coating | Driving Electrode

Figure 3. Image and schematic of two-plate DuF system. (a) Oblique image of a
1-pL droplet sandwiched between a gold driving electrode and a transparent top
plate. (b) Side schematic of a droplet in a standard DuF configuration with layers
indicated by color. (c) By applying a voltage across an adjacent electrode,
electrowetting and dielectrophoretic forces drive droplet translation and (d)

position the droplet over the actuated electrode.



2.2 ELECTROWETTING THEORY

Electrocapillarity was discovered by Gabriel Lippmann in 1875, when he
found that the capillary depression between mercury and an electrolytic solution
could be changed by applying a voltage between the two [20]. Dahms subsequently
performed electrocapillarity measurements with an insulator separating the solid
conductor and the conductive liquid media in 1969 [21]. In 1990, Colgate and
Matsumoto performed investigations of micropumping by electrically controlling
interfacial tension and proposed microdevices for electrowetting and electrowetting-
on-dielectric [22]. In 1993, Berge built on this work by incorporating an insulating
layer between a water droplet and an actuating electrode to prevent electrolysis
while inducing a voltage-derived change in the contact angle of a sessile drop [23].
This work led to the introduction of the term electrowetting-on-dielectric (EWOD) to
describe these systems and enabled the use of much larger voltages to actuate
droplet movement. Over the 25 years since its discovery, much work has since
gone into modeling and characterizing EWOD-based droplet movement.

The surface wettability of a DUF device is an important parameter. A liquid
droplet that comes in contact with a solid surface will wet the surface to varying
degrees, depending on the material properties of the liquid, the solid, and the
ambient medium. The droplet quickly reaches an equilibrium contact angle (8)

described by the Young equation (Equation 1).



Ys¢ = VsL + VigcosO Equation 1

Here, y is the surface tension between the solid (S), liquid (L), or gas (G)
phases. Qualitative descriptions of wetting behavior usually follow the convention
that a material is hydrophobic, or non-wetting, when the contact angle is greater
than 90° (Figure 4a), and hydrophilic, or wetting, when the contact angle is below
90° (Figure 4b). For DuF manipulation of droplets, hydrophobic surfaces are
preferable due to a smaller contact angle hysteresis effect [14]. Indeed,
experiments have shown that a larger static contact angle leads to a decrease in
the actuation voltage required to initiate droplet movement, and a larger contact

angle change is correlated with facile translation [24].

(b)

Figure 4. Sessile water droplets will adopt a contact angle, 8, when placed on
surface according to the interplay between surface tensions of the solid, the fluid,
and the surrounding medium. (a) The surface of Cytop® is hydrophobic and
renders a water droplet with 6 > 90°. (b) Coating the Cytop® with collagen makes

the surface hydrophilic and renders a water droplet with 6 < 90°.

Berge’s work on EWOD configurations led to the development of the Young-

Lippmann equation (Equation 2), a central equation for DuYF systems [23].
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The second term in Equation 2 is known as the electrowetting number (Ey).
This number represents the relationship between the capacitance of the dielectric
layer relative to the interfacial energy at the liquid-vapor interface [14]. This term
is fundamental for describing many DuF operations, such as modeling the
conditions necessary for droplet splitting and dispensing [25]. This equation models
droplet behavior in DUF systems quite well under low voltage conditions [26].
However, contact angle saturation occurs at high voltages; a phenomena whose
mechanistic origins are still debated [27]. Contact angle saturation is a condition
whereby droplet spreading by electrowetting reaches a maximum decrease in
contact angle despite being subjected to an increase in voltage. While this energy
minimization approach was derived from early experimental electrowetting
observations, electromechanical modeling has helped refine our understanding of

the forces involved in EWOD-based droplet manipulation.

2.3 MECHANISM OF DROPLET ACTUATION

Several models have been developed to describe dynamic wetting and
moving contact lines [14, 28, 29]. The methods used to derive these models with
respect to electric field-induced actuation include energy minimization,

electromechanical, hydrodynamic, molecular kinetic theory, and “hybrid” models



that combine components of multiple approaches [9, 29]. The forces that drive
droplet translation include an electrostatic force, a surface tension force, and a
pressure force [14]. The various models for droplet behavior and forces are
consistent, but because they focus on different aspects of the phenomenon, they
vary in their applicability to particular experimental conditions [9, 14]. For example,
the equation used to describe the dielectrophoretic (DEP) wetting force in the
electrohydrodynamic model can simplify to the equation used to describe the
electrowetting (EW) wetting force as the electric field moves from AC to DC [16].
The electrostatic force has been modeled using the Maxwell stress tensor
solved at incremental points along the liquid-fluid interface [16, 30, 31]. When a
field is applied, a normal electrostatic force is created due to a net charge on the
liquid-solid interface. This force is exerted downwards towards the electrode.
Additionally, the fringe field near the liquid-fluid-solid boundary creates a net force
parallel to the solid and causes the droplet to spread [14]. When only part of the
droplet exists within the field, only the part of the droplet that is within the field will
spread. This leaves the droplet in an asymmetric condition, with part of the droplet
appearing to wet the surface to a greater extent. It is important to note that droplet
spreading is not a requirement for droplet translation [9, 16, 32]. Rather, itis a
consequence of the electrostatic pressure imposed during the application of an
electric field; the droplet subjected to these electrostatic forces would move even if
the droplet could not deform and undergo an apparent change in the contact angle
[16]. This fact is exemplified by work of Chatterjee et al. [15, 24], who modeled
electromechanical actuation of both conductive and insulating liquids. At high

frequencies, the DEP forces can dominate over the EW force and drive droplet
10



translation with little to no change in the contact angle. Furthermore, it has been
demonstrated that even during droplet spreading, the microscopic contact angle
does not change at the length scale comparable to the dielectric layer thickness.

As mentioned previously, the surface tension force and the pressure force
are two other methods for describing the conditions the drive droplet translation.
The surface tension force can be used to describe the unbalanced condition of
partial droplet spreading (Equation 3). This force that arises from an imbalance in
the surface tension, y, will drive the droplet towards the actuated end of the
droplet.

F(V) = ycosO,(V) Equation 3

Similarly, the Laplace pressure can be considered when describing droplet
translation due to asymmetric droplet spreading. This change to the radius of
curvature creates a pressure differential across the droplet, described by the
Young-Laplace equation (Equation 4), were r; and r, are the two principle radii of

curvature.

1 1
AP =y (Z+E> Equation 4

The pressure force can therefore be described by Equation 5. During
actuation, P. is always larger than P,, causing a driving force towards the actuated
side of the droplet. This equation highlights the increase in the driving force that

results from an increase in the pressure differential, which derives from a change in

11



the contact angle. These different models should not be viewed as contradictory;

taken together they provide a more complete understanding.

FW)y=@E—-P,(V))-h Equation 5

2.4 LUMPED CIRCUIT MODEL OF ELECTRIC FIELD

An electrical circuit model can be used to describe an EWOD system, and has
the advantages of simplicity and the ability to incorporate the dependence of the
electromechanical force on the frequency of the applied AC electric field [32] A
lumped circuit model of a DuF system will be described to model the electric field
distribution across the liquid and its relevance to manipulating cell suspensions.

The voltage drop across a liquid suspension of cells on an EWOD
configuration in an AC field depends on the signal frequency, the relative
permittivity of the dielectric layer and liquid medium, and the thickness of the
dielectric layer and the liquid medium [33]. The frequency-dependent ratio of Vv, /V

is expressed in Equation 6 [33].

Ve ( J2nf CoRy ) Equation 6

—~ =R
v -\ 1 21f(C, + CR,

Here, the DUF arrangement is modeled as an equivalent circuit of capacitors and
resistors (Figure 5) [33]. V, represents the voltage drop across the liquid, V

represents the applied voltage, and, f represents the applied frequency.
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Figure 5. Lumped circuit model of an EWOD configuration (adapted from [15]).

The capacitance and resistance, as expressed in relative permittivity and capacitor

geometry, are described in Equation 7 - Equation 9.
A .
C, = €805 Equation 7

Equation 8
CD = ngo? q

d Equation 9

Using Equation 7 - Equation 9 and simplifying for the real part of Equation 6 takes

on the more useful form shown in Equation 10.
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- = 2 Equation 10
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Here, ¢, represents the permittivity of free space, ¢, represents the relative
permittivity of the dielectric layer, ¢, represents the relative permittivity of the
liquid layer, d represents the dielectric layer thickness, t represents the liquid
thickness, and o, represents the conductivity of the liquid. Solving Equation 10
yields the voltage drop and electric field across the liquid. Plotted in Figure 6 is the

voltage drop across the liquid as a function of frequency.
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Figure 6. Voltage drop across the liquid as a function of frequency. Inset magnifies

the low frequency domain typically associated with common DuF parameters.
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2.5 DIELECTROPHORESIS (DEP)

2.5.1 DEP Droplet Actuation

DEP refers to “the force exerted on the induced dipole moment of an
uncharged dielectric and/or conductive particle by a nonuniform electric field” [34].
The DEP force, along with the EW force, are associated with liquid droplet
movement in AC fields [34-37]. The electrohydrodynamic force density, f£#Pis

described by Equation 11.

m
ow
FEHD = p F — Z a;V (_) Equation 11
P aai

The first term in Equation 11 is the Coulombic force density, while the second term
is the DEP force density. The DEP force is due to polarization in the liquid droplet
that arises from non-uniform fields that develop in both the liquid and the ambient
fluid. DEP forces at the two-fluid interface, at the tri-phase contact line, and in the
bulk of the fluids are all simultaneously present [16].

The intensification of the electric field within a droplet at higher frequencies
was modeled by Lee et al. [38] in a sessile drop. The field lines show both the
increase in electric field within the liquid as well as a decrease in the field
intensification at the contact line. This description is useful as a qualitative
understanding of the field distribution throughout the droplet as a function of
frequency, because the composition of both the liquid droplet and the ambient fluid

dictate this phenomena [15]. Understanding the field distribution in and around a
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droplet is important for many reasons, such as understanding failure mechanisms
like electrolysis or dielectric breakdown. It is also necessary to understand any
potential field effects when manipulating biological cells, such as electroporation,

particle sorting, or dielectrophoretic cell stretching.

2.5.2 DEP Particle Positioning
An applied AC electric field may produce a DEP force on a suspended
dielectric particle, such as a biological cell, according to the well-established

expression below (Equation 12).

(Fpep) = 2mrie Re(K)VE? Equation 12

However, another interesting reason to consider the DEP force is when
investigating its effect on biological cells present in EWOD systems. According to
Equation 12, the DEP force is dependent on the particle radius, n,, the relative
permittivity of the suspension medium, ¢, the real part of the complex Clausius-
Mossotti function, K, and the electric field gradient, VE,. The Clausius-Mossotti
function relates the complex effective relative permittivity of the cell, ¢, to the
permittivity of the suspension medium, ¢, (Equation 13). The complex relative
permittivity is a function of the absolute permittivity of free space, ¢,, and is a

complex function of the medium conductivity, a,,, and the field frequency, f, where

j =+—1 (Equation 14).
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o+ 28, Equation 13
. Jm .
Em = E€€m —J ﬁ Equation 14

The complex effective relative permittivity described in Equation 14 is then used in

Equation 15 when calculating the Clausius-Mossotti function.

Tm)’ 4o (Lo Em

(rc) +2(§C+2§m> .

- e 2 Equation 15
my) (=
(rc) (§c+2§m)

The magnitude and sign of the DEP force is dependent on the electric field gradient,
the field frequency, and the relationship between the cell and medium
permittivities. In typical microfluidic configurations, the magnitude of the DEP force
is on the scale of piconewtons to micronewtons [18, 39, 40]. Following the work
done by MacQueen et al. [41], the following approximations were made for the
local electric field (Equation 16) and electric field gradient (Equation 17) to estimate

the imposed DEP forces (Figure 7).

(|Eyms(x)]) = 0.7E, Equation 16
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d E, ]
(a | Epms (0] = n_— Equation 17

m

Here, n represents a geometry and material property dependent factor and

approximately equal to ~1.5 [41], and, r,, represents the membrane radius.
90 -
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Figure 7. DEP force as a function of signal frequency at 100 V and a 100-pm gap

height. In-set magnifies the low frequency domain.

The electric field gradient within a microfluidic environment has been
modeled analytically, experimentally, and through finite element analysis, and

shows field gradients strongest near the electrode edges (Figure 8) [39, 40, 42-47].
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Figure 8. Analytical solution to the magnitude of the electric field around an
electrode exemplifies the gradients where DEP forces are the strongest (reprinted

from [42]).

Electrode size and spacing become an important design parameter when
considering DEP, as the magnitude of the DEP force increases as electrode size and
spacing are decreased (Figure 9) [34, 47]. These studies mirror the scaling
proportion of DEP force to the characteristic length of the electrodes, L, as Fpep <

V2/L3 [34, 45].
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Figure 9. Electric field gradient vs. DUF device dimensions. Analytical solutions by
Clague et al. [47] that demonstrate (a) the exponential increase in the magnitude
of the electric field gradient upon decreasing electrode width and (b) inter-electrode

spacing.

DEP has been used extensively for cell sorting [18, 33, 40, 44, 48-50].
However, another interesting application of DEP cell translation is for positioning
cells for specialized tissue culture applications. The positioning of cells can be useful
for co-culture systems, migration assays, or when creating complex tissue
engineering structures. The following experiment demonstrates the ability to control
particle distribution within a hydrogel based on electrode design (Figure 10). Here,
the application of a 20 kHz AC field provided a negative DEP force strong enough to
move 3 um non-functionalized silica beads (Bang’s Laboratories, Product #SS05N)
away from the electrode edges and concentrate within the middle of the electrode.
If the field was removed, the particles slowly disbursed (Figure 10a). Instead, a 1-
ML droplet of 100 mM calcium chloride was positioned near one side of the 1-pL

droplet containing silica beads, while a 1-uL droplet of 2 wt% alginic acid solution
20



was positioned on the opposite side. A 20 kHz AC field was applied to the
suspension containing the silica beads to concentrate the particles using DEP. While
the beads were concentrated, the calcium chloride and alginic acid droplets were
actuated simultaneously towards the droplet containing the silica beads and mixed.
The ensuing ionic reaction between the Ca?* ions and the alginic acid created a
crosslinked hydrogel that encapsulated the particles in situ (Figure 10b). The silica

beads did not disburse over time.

Figure 10. Time-lapse images of silica bead encapsulation after DEP manipulation.
(a) DEP forces move silica beads (bright cloud over electrode) inward towards the
center of an electrode away from the edges where the electric field gradient is
strongest. (b) The calcium and alginate solutions are then merged to form a
hydrogel and encapsulate the silica beads. The silica beads do not disperse over

time.
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Researchers from Taiwan recently performed similar experiments on a DuF
platform [51, 52]. By positioning cells using DEP prior to gelation using
poly(ethylene glycol) diacrylate and gelatin methacrylate, they were able to
encapsulate cells positioned according to the electrode design. As other researchers
have shown [53], the ability to position cells prior to gelation could have interesting
applications in on-chip tissue design for developing more complex systems.

The ability to manipulate particles using DEP forces can be described by the
cutoff frequency, f,., and is characterized by the medium conductivity, ¢,, the
dielectric layer thickness, t, the gap height, d, and the dielectric permittivities of the
medium, ¢, and the cell, g, (Equation 18) [18]. The cutoff frequency is a
convenient approximation for the minimum frequency required to move cells using

DEP forces [18].

gy,

f. = _
2me, (e, + €p %) Equation 18

Using appropriate estimates for medium and cell permittivities, the cutoff frequency
becomes approximately 3.7 MHz and is beyond the operating limits of our
equipment.

A barrier to this approach is that the DEP force depends on the conductivity
and permittivity of the medium. The low conductivity solutions that provide the
proper environment for DEP manipulation can usually keep cells viable only for
short experimentation times before the cells must be returned to a more traditional

media solution containing high ion concentrations and higher conductivities. Studies
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have demonstrated the ability to significantly lower the medium conductivity to
lower the cutoff frequency required for DEP-induced cell manipulation while
preserving cell viability [54], but the need to frequently dilute the culture media can
be cumbersome. Nevertheless, improvements to this technique are continually
developed and this unique ability provided by DuF offers interesting opportunities

for complex tissue engineering tasks.
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3 TisSUE CULTURE & ASSAY DEVELOPMENT

3.1 2D vs. 3D TiSsSUE CULTURE

Advanced culture platforms are needed for drug development assays and
tissue engineering [2]. The discrepancy between in vitro studies, animal models,
and human in vivo physiological responses means significant difficulties persist in
predicting medical outcomes [2]. Drug screening platforms that better recapitulate
the native environment predict in vivo cellular responses with greater accuracy
[55]. In vitro culture platforms are typically performed in either a 2D, 3D, or
suspension-based environment; each has distinct advantages and disadvantages.

Two-dimensional culture platforms have been used for over a century and
are still widely used for both fundamental cell research and in commercial drug
testing, as they are relatively inexpensive and often easy to develop. The cells are
grown in adherent monolayers that are submerged in growth medium. Most
mammalian cells will adopt a spread-out morphology as they adhere to the surface
of Petri dishes through the production of focal adhesion kinase [56], and they
expand to a fully confluent monolayer. Monolayer culture systems, however, fail to
resemble native tissue behavior in many important ways [55, 57]. For example, the
cells lack the cell-cell and/or cell-ECM junctions that are present in 3D tissue and
that ultimately determine cell function (Figure 11). Cells in 2D monolayers also
present an unnatural level of homogeneity with unnatural chemical and oxygen

diffusion gradients that fail to mimic in vivo conditions [58]. Two-dimensional
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platforms continue to provide useful data on a variety of cell behaviors, but these

limitations constrain the analysis of their output.
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Figure 11. Cartoon showing differences in adhesive, topographical, mechanical,
and soluble cues that exist between 2D and 3D cell culture environments (reprinted

from [58]).
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In contrast, 3D culture systems, including cell encapsulated hydrogels and 3D
tissue structures formed in a hanging drop suspensions or via non-adherent
conditions (Appendix A), provide a more realistic representation of in vivo
conditions compared to 2D culture systems. In 3D, cells develop more natural
states with respect to cell-cell adhesions, cell-ECM adhesions, and cell-lumen
conditions. These interactions affect gene expression and protein production, so
assays in which they are enabled should provide more realistic responses to cell-cell
and drug interactions [59]. A disadvantage of 3D culture systems, however,
includes the sample-to-sample tissue variability that can develop as tissue growth
ensues. For example, cardiomyogenesis performed in 3D tissue structures can
result in samples that have differentiated into pacemaker-like, ventricular-like, or
atrial-like cardiomyocytes in varying amounts [60, 61]. While the heterogeneity in
tissue structure of these systems can be more realistic to in vivo conditions, this
can often make data collection and analysis more difficult. Recently, parallel 3D
tissue culture platforms have been developed by commercial entities in an attempt
to scale these assay models and provide high throughput screening capabilities.
Hurel Corporation has been working on a multiplexed, organ-on-a-chip product
designed to test multiple tissue samples at once. Altavex is developing a 3D culture
platform for drug testing on tissue models, and Organovo is publicly traded
company that has recently been working on 3D printed tissue for drug testing.
These technologies are still nascent, and refining these systems will take time and
effort.

In suspension-based culture systems cells are grown in non-adherent

conditions. In these environments, cells respond by creating cell-cell adhesions
26



through cadherins, tight junctions, and desmosomes. These conditions also can

recapitulate cell-cell and cell-lumen phenotypic responses found in vivo, and are
often developed through processes such as mixing bioreactors and hanging drop
cultures. These systems have been used as models to study phenomena such as

tumorogenesis and organogenesis.

3.2 THE STEM CELL CULTURE NICHE

Stem cells are biological cells that retain properties of self-renewal and the
ability to change their structure and function into a different cell line [62].
Embryonic stem cells and induced pluripotent stem cells are pluripotent, and thus
retain the ability to differentiate into all three germ lines including the endoderm,
ectoderm, and the mesoderm [63]. Once a stem cell has chosen a germ line, it still
retains multipotency. A multipotent hematopoietic stem cell, for example, can
differentiate into several lines of progenitor cells with more limited differentiation
and self-renewal capabilities until reaching terminally differentiated mature
hematopoietic cells [64]. Bioengineers have sought to exploit this phenomenon to
recreate distinct tissue constructs for drug screening, organ repair, disease
modeling, and organ growth [63]. A significant amount of progress has been made
in the field of tissue engineering, but different tissue structures and organs present
their own unique challenges.

The heart, although once thought to be incapable of self-renewal [65], has
been shown to harbor several different stem cell lines [66]. Researchers are

attempting to induce cardiac cell line differentiation from several types of stem
27



cells. Pluripotent stem cells have been differentiated into cardiomyocytes using
embryoid bodies, a co-culture with mouse endoderm-like cells, and with specific

growth factors in either suspensions or in monolayers (Figure 12) [67].
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Figure 12. Different methods used for generating cardiomyocytes from pluripotent

stem cells (reprinted from [68]).

While early clinical trials aimed at repairing infarcted myocardium show
promising results for stem cell based therapies [69], there is still considerable
debate over the extent and role that resident stem cells play in cardiac tissue
renewal [70]. The small number of resident cardiac progenitor cells presents
difficulties for studying cardiomyogenesis and developing new therapies, and
therefore renders cardiomyocytes derived from pluripotent stem cells as a
potentially efficient source [71]. Research suggests that resident stem cells in the
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heart maintain multipotency [65, 72] and have embryonic origins [73]. Because
embryonic stem cells are pluripotent they retain the ability to differentiate into all
three germ layers - including the heart-derived mesoderm germ layer (Figure 13)
[74]. Continued investigations into embryonic stem cell-derived cardiomyocytes will
advance our understanding of cardiomyogenesis, better understand the heart’s
regenerative capacity, develop stem cell based therapies, and progress the field of

cardiac tissue engineering [75, 76].
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Figure 13. Model of differentiation from pluripotent stem cells through progenitors

towards a cardiomyocyte lineage (reprinted from [77]).

Many different stimuli have been shown to effect differentiation and guide fate
specification into varying cell lines. These include external stimuli such as chemical

and biochemical growth factors [77], mechanical forces, optical signals, and
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electromagnetism [62]. For example, the mechanical forces present in the
surrounding environment can greatly affect differentiation and other cell behaviors
such as adhesion, migration, and cell-cell communication [78]. Many different
extracellular matrices of varying stiffness and porosity have been shown to show
impact cell behavior [79]. Stretching the substrate during culture and imparting
time-varying mechanical forces can also change fate specification [80]. The
extracellular matrix composition will affect behavior in significant ways, owing in
large part to the surface chemistry and interactions with cell surface proteins [81].
The chemical composition and porosity characteristics affect diffusion rates of
soluble chemokines and other proteins, thus altering paracrine signaling [81, 82]. A
host of experiments have demonstrated that effects of applied electric fields; the
strength, duration of application, frequency of application, and frequency can all

impact differentiation and phenotypic behaviors [83].

3.3 HYDROGEL SCAFFOLDING

The extracellular matrix (ECM) plays a vital role in regulating structure and cell
behavior within human tissue [84]. The ECM is a complex cellular environment that
provides structural support and regulates many cell functions such as organization
into tissue, growth, and cell-cell communication [85, 86]. For tissue engineering
purposes, it is desired to mimic the native tissue and ECM to replicate native tissue
functions in vitro [85-87]. Therefore, the design of an artificial scaffold should
support cell growth and maintenance, provide appropriate mechanical, chemical,

and biological characteristics of the ECM, allow transport of nutrients and waste,
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and provide a means for signal transduction [85-87]. Biomimetic hydrogels have
shown great promise in regards to tissue engineering scaffolds because their
tunable properties can provide desirable mechanical strength, variable pore size,
and the immobilization of cells, drugs, and growth factors [85-88]. However,
difficulties in spatiotemporal control over cell seeding and signaling are still a factor
[76, 85-87, 89]. An advantage of using hydrogels as tissue engineering scaffolds
and drug delivery vehicles is the ability to use the pore structure to control the rate
of solute diffusion; this is achieved by controlling the gelation process [85-88, 90].
Gradient hydrogels provide the ability to control chemical delivery through variable
diffusion rates [86]. Variable diffusion rates exist extensively in-vivo [85, 86, 89];
closely replicating this feature may be important to mimic the natural environment
and replicate normal cell behavior, e.g., for regenerative medicine applications.

To produce acceptable cell scaffolds, tissue engineers have experimented with
both natural and synthetic hydrogels. Common synthetic materials used for cardiac
tissue engineering include poly(ethylene glycol) (PEG), polylactide (PLA),
polylactide-glycolic acid (PLGA), polycaprolactone (PCL), polyacrylamide (PAAmM),
and polyurethane (PU).[91] Some common natural hydrogels used consist of
natural ECM components, such as collagen, fibrin, matrigel, and other decellularized
matrices [91]. Because of gelation processes that make collagen and calcium-
alginate easily compatible with DuF operation, these materials will be discussed

further.
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3.3.1 Collagen Scaffolding

Collagen is a broad term used to describe proteins with a characteristic triple
helix composed of three polypeptide chains (Figure 14) [92]. Collagen is ubiquitous
among mammals and is the primary component of the extracellular matrix [93].
Collagen provides most of the mechanical strength of tissues. It also provides a
networked system that regulates tissue growth, cell-cell communication,
biochemical diffusion, and mechanotransduction. Because of its excellent
biocompatibility, type I collagen has been used extensively in tissue engineering
[91]. Collagen is often used as a matrix for observing cell migration and adhesion
characteristics [79, 94, 95], and as a scaffold for growing complex 3D tissue

structures [85, 87, 91].
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Figure 14. Triple helix structure of collagen (reprinted from [96]) and ball-and-stick

model showing amino acid constituents.
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Collagen is typically prepared by dissolving the protein in an acidic solution,
neutralizing the pH, and storing it at low temperatures [91]. Many characteristics of
a collagen matrix can be tailored quite easily by modifying the protein
concentration. Higher concentrations lead to stiffer matrices with a higher crosslink
density and a smaller pore size [97, 98]. The gelation time is an important
consideration when using collagen. Depending on the type of collagen, gelation can
occur relatively slowly. This could have implications when, for example, one is
trying to create a homogenous, cell-seeded scaffold. Cells in this type of collagen
solution might sink to the bottom before gelation has time to solidify them in place.
Alternatively, one might find that fast-gelling collagen solutions gel too quickly to
encapsulate cells in certain circumstances. Because collagen is so versatile,
biocompatible, and has good cell adhesion properties (Figure 15a-b), it is very

useful and widely used as a biomaterial for tissue engineering.
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Figure 15. SEM images of difference cells encapsulated in different hydrogel
matrices demonstrate that cell adhesion depends on both the cell type and the
hydrogel properties. (a) Fibroblastic and (b) epithelial-like cell morphologies both
show good adhesion to collagen matrices. (c) However, even fibroblast-like cells
tend to adhere very little to calcium alginate hydrogels, and instead become
entrapped within them without spreading or interacting with the hydrogel. The scale

bar for (a) is 10 um. The scale bar for (b) and (c) is 1 pm.

3.3.2 Calcium Alginate Hydrogel Scaffolding

Alginate-based hydrogels have been used extensively in tissue engineering
as scaffolds for cell encapsulation because they are inexpensive and easy to
fabricate with highly tunable properties [99-101]. Alginate is an acidic linear
polysaccharide consisting of a-L-guluronic acid (G) and B-D-mannuronic acid (M)
[99, 102]. These residues are arranged as either G-block or M-block block
copolymers, or as a mixed sequence of MG-blocks [102]. Divalent cations, such as
Ca?*, join guluronic acid residues of adjacent chains to form an “egg-box” gel

structure (Figure 16) [99].
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Figure 16. “Egg-box” gelation mechanism of alginate through the addition of

divalent cations such as Ca?*.

Alginate hydrogels are biocompatible [99, 103], and their sponge-like
structure of large, interconnecting pores promotes cell growth and rearrangement
[103]. This quality allows stem cells to aggregate and form spheroidal embryoid
bodies that characterize a more sophisticated culture system [104, 105]. Alginate
gels also provide a convenient method for encapsulating cells within a 3D
environment, which has been shown to evoke a more natural tissue and cellular
response to stimuli compared to similar 2D culture systems [85, 87]. The elastic
modulus of calcium-alginate gels can vary depending on the nature of cross-linking
but has been found to be similar to that of native cardiac tissue [78, 99, 106].

The diffusive properties in alginate hydrogels are tunable [101, 107]. The
hydrogels have been shown to deliver growth factors to cells with a diffusion-
regulated delayed response [82, 88]. These delayed responses resemble the
natural ECM environment closely and promote realistic tissue responses [88].
Changes in diffusion coefficients are prevalent within the body and exist on the
micrometer scale [82, 88]. Consequently, the ability to produce hydrogels with a

variable diffusion coefficient is desirable [76, 82, 86, 88]. The diffusion of a solute
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through a heterogenous hydrogel such as calcium alginate has been modeled to
closely fit experimental data based on an equation derived from obstruction theory

by Amsden [90, 108] in Equation 19.
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Here, D, represents the diffusion coefficient in the gel, D, represents the diffusion
coefficient in a liquid at infinite dilution, r, represents the Stokes-Einstein
hydrodynamic radius of the solute described in Equation 20, r; represents the
radius of polymer fiber bundles, and 7 represents the average radius of the

openings between the polymer fiber bundles.

kT
s = 6mnD,

Equation 20

The diffusion coefficient is determined by several factors, one of which is the
average radius of the openings between polymer fiber bundles, 7. This is
proportional to the polymer mesh size, and is inversely proportional to the crosslink
density [101, 107, 109].

The ability to use hydrogels to dictate the rate of diffusion or create chemical
concentration gradients is a useful tool for cell-based assays. Hydrogel based tissue
models have become recent addition to the DuF platform, so a visual representation
of diffusion-controlled chemical delivery was performed on a DuUF device to observe

this phenomena. A Live/Dead fluorescent staining solution was delivered to a stem
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cell-laden calcium alginate hydrogel on a DuF device (Figure 17). The gradient in
fluorescence intensity highlights the variation and delayed cell response achievable

using on-chip mixing and hydrogel encapsulation.

P T

Figure 17. Live/Dead staining of mouse MSC in a calcium alginate hydrogel. The

top row of images shows fluorescence imaging of live (green) and dead (red) cells
inside the calcium alginate hydrogel, while the bottom row shows a qualitative

fluorescence intensity map created using Image] image analysis software. The far
left image shows cells at ~2 mm from the staining solution mixing site, the middle
image shows cells ~1 mm from the staining solution mixing site, and the far right

image shows cells at site of mixing.

Although calcium alginate hydrogels are biocompatible, mammalian cells do
not adhere to them (Figure 15c) [110, 111]. It can be favorable to exploit the lack
of cell-scaffold interactions to elucidate differentiation cues, because stem cells
remain in a pluripotent state when cultured in alginate scaffolds [104]. The porous

alginate structure also allows embryoid body formation that realistically models
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cardiomyogenesis. However, calcium alginate hydrogels can be used to study cell-
ECM interactions by conjugating arginylglycylaspartic acid (RGD) containing
peptides [110-112]. RGD peptide conjugation has been successfully carried out
using standard carbodiimide chemistry, where the carboxylic acid groups are first
activated through an aqueous coupled reaction with 1-ethyl-3-(3-
dimethylaminopropyl) carbodiimide hydrochloride (EDC) and sulfo-/N-
hydroxysuccinimide (sulfo-NHS) at a pH of around 6.0. The RGD sequence of L-
arginine, glycine, and L-aspartic acid has been shown to promote biomacromolecule
and cellular adhesion [111], and has been used to characterize the effect of cell
seeding density on cell phenotype [110] and encapsulate stem cells for a different

approach to cardiac tissue differentiation [112].

3.3.3 Mechanical Properties of Hydrogel Scaffolds

The behavior of cells in matrices is determined in part by the stiffness of the
substrate to which they adhere. This has been shown for 2D solid polymer and
hydrogel substrates, as well as for 3D scaffolds of varying types [113, 114]. The
elastic modulus, also known as the Young’s modulus, is a measure of the stiffness
of a material. Atomic force microscopy (AFM) is one tool that can be used to probe
the mechanical properties of soft polymeric and biological materials with very high
spatial precision [115, 116]. It can be performed on hydrated hydrogel structures
by immersing the probe tip in a fluid environment. The AFM cantilever probe tip is
brought into contact with the material’s surface; instead of rastering the surface as
is typical in AFM imaging, the force is ramped to press the probe into the sample

before relieving the force and pulling the probe away from the surface (Figure 18).
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The probe deflection is then correlated to the material stiffness through the elastic
modulus of the probe. The Hertz and the Sneddon models can be used to

characterize the contact between the AFM cantilever tip and the sample [117].
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Figure 18. Schematic and deflection curve of AFM being used to measure the
Young'’s modulus of hydrogel. (a) A schematic showing an AFM probe pressed into a
sample’s surface to measure its Young’s modulus. (b) The tip height is monitored as
a function of the Z height while the probe is engaged (blue) and retracted (red) in

order to measure the degree of probe tip deflection.

Scanning electron microscopy (SEM) is a powerful tool for visualizing nano-
to microscale features. An SEM operates by directing a beam of electrons at a
sample, and measuring their interactions with the surface in either the secondary
ion emission mode or backscattered emission mode. It is essential that the material
be comprised of or coated with a conductive material.

Special considerations are required to image hydrogels by SEM. The SEM

chamber is operated under vacuum. When a hydrated material such as a hydrogel
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is placed directly in the chamber, the water is pulled out and cohesive forces
between the strands of the gel cause the structure to collapse. An SEM image of
such a collapsed hydrogel structure would be an inaccurate representation of the
hydrated gel structure. To maintain the expanded, hydrated structured during and
after the drying process, a supercritical drying process can be used [118, 119]. This
process takes the sample through an elevated pressure and temperature cycle in a
series of aqueous solvent solutions. The final solvent - pure methanol is commonly
used - can be removed from the sample without causing the gel structure to
collapse from capillary forces. The sponge-like gel can then be sputter coated with a

thin metal layer prior to SEM imaging.

3.4 CARDIOMYOGENESIS

Embryonic stem cells begin to spontaneously beat in vitro as they differentiate
into cardiomyocytes [68]. This propensity to beat is a fundamental characteristic of
the heart and has provided a way for researchers to investigate mechanisms
regarding cardiac tissue development. The ability to observe in vitro cardiomyocyte
contraction has also improved drug screening models for cardiotoxicity and various
arrhythmias [120]. Cardiomyocyte differentiation can be characterized by several
different methods. Researchers have assessed cell morphology, proliferation, gene
expression, metabolism, sensitivity to damage, inotropic and chronotropic
receptors, spontaneous beating rate, synchronous beating propensity, action
potentials, ion flux, and structural sarcoplasmic reticulum proteins [61, 121-123].

Label-free detection has shown great promise in assay sensitivity because labeling
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can lead to unanticipated and undesirable outcomes [124]. Label-free assaying
technigues can eliminate the need for tags, dyes, specialized reagents, and
engineered cell lines that can obscure data and deliver false results. While both
label and label-free techniques have been used to assay cardiomyocytes,
monitoring beating behavior has become a powerful label-free technique for non-

invasive characterization.

3.4.1 Electrophysiology

The spontaneous beating of cardiomyocytes is a fundamental and
characteristic function of the heart. During the developmental stages, immature
cardiomyocytes resemble the pacemaker cells of the postnatal heart [125].
Pacemaker cells are self-excitable cells that rhythmically produce an
electrophysiological signal, which triggers cardiomyocyte contraction and electrical
signal propagation. This property of pacemaker cells, known as automaticity, means
they do not require an external signal to initiate the onset of an action potential
(Figure 19a) unlike other cardiomyocytes in the heart [126]. Common ways in
which researchers differentiate cardiomyocyte cell lines are through the
identification of cell surface receptors, gene profiles, and action potential
characteristics.

The action potential of cardiomyocytes is typically defined by a series of
repeating depolarization and repolarization processes controlled by voltage-gated
ion channels that drive electrical current and stimulate cardiomyocyte contraction.
The automaticity of pacemaker cells is due to the slow, leaky “funny” current

associated with spontaneous inward flux of sodium ions [126]. As this slow
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depolarization process increases the inherently negative transmembrane potential,
T-type calcium ion channels are opened and the slow influx of calcium ions
continues the depolarization process. At the transmembrane threshold voltage of -
40 mV, L-type calcium ion channels are opened and the depolarization crosses 0
mV and overshoots to a positive transmembrane voltage. This triggers the delayed
rectifier potassium ion channels to open for a brief plateau phase before
repolarizing the transmembrane voltage as calcium ion channels close and the
resting potential of the cell returns [127]. This process is similar to atrial and
ventricular-like cardiomyocytes, but with a few notable differences worth
mentioning. The non-pacemaker cells of the heart do not contain the leaky ion
current characteristic of pacemaker cells, and therefore only produce an action
potential after they are excited by an external stimulus. This stimulus is provided
by the change in ion flux generated by the pacemaker cells and is propagated
throughout the heart tissue via gap junctions. As the ion flux generated from
spontaneously beating pacemaker cells propagates to the atrial and then
ventricular-like cardiomyocytes, the transmembrane potential reaches a threshold
that opens fast calcium ion channels to generate a rapid depolarization [127].
Differences lie in the type of number of voltage-gated ion channels that dictate
transmembrane threshold voltages and ion flux kinetics, and thus produce varying

action potentials with phases of different lengths (Figure 19b).
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Figure 19. Representations of cardiomyocyte action potentials show the change in
voltage over time and varies among different cell types. (a) A description of the 4
phases of an action potential and the corresponding ion flux below. (b) A
representation of different action potentials associated with different types of

cardiomyocytes located throughout the heart (reprinted from [128]).

Assessing the action potential is used for diagnosing and studying the
physiology of the heart and developing new therapeutics [126, 127]. One
particularly relevant area is the study of different types of arrhythmias, how they
develop, and how they can be treated [129].

The patch-clamp method is a popular technique for measuring cardiomyocyte

activity. The patch-clamp method can be performed in a variety of ways, but
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typically involves a pipette-like device that comes in contact with the surface of the
cell (Figure 20a) [130]. The ion-flux can be measured and action potentials can be
acquired using this method. The drawbacks to the patch-clamp method consist of
its invasive, transmembrane sampling method and the ability to monitor only one
cell at a time. Many other current and voltage measuring devices have been
developed in research labs that probe point sources for electrical changes or use
microelectrode arrays (Figure 20b) [131]. These systems can also provide very
accurate measurements and spatial distribution of electrical activity. However, they

also need either invasive electrical probes or non-native adherent monolayers.

(b)

Pipette -
P lon Channel .

Figure 20. Representations of the patch-clamp method and an image of a
microelectrode array used for measuring cardiomyocyte electrophysiology. (a)
Schematic of traditional patch-clamp method that measures electrical current by
monitoring the ion flux through an ion channel. (b) A cardiomyocyte cluster grown
from mouse embryonic stem cells adhered to an array of microelectrodes for

measuring electrical activity (reprinted from [132]).
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Impedance measurements have recently been used to measure
cardiomyocyte contractility, e.g., by using the xCELLigence RTCA Cardio System
created by ACEA Biosciences and Roche Applied Science [120]. This system is
operated by seeding cells onto an “E-Plate Cardio 96,” which is a uniquely designed
96-well plate integrated with gold microelectrodes on the bottom of each well. A
low voltage high-frequency AC field is applied and the impedance is measured to
noninvasively quantify cardiomyocyte contractility in real-time. Impedance sensing
offers the ability to probe beat rate, beat amplitude, and shape of the action
potential. These features can help diagnose many types of arrhythmias and
investigate cardiotoxicity.

Modulating the frequency of an externally applied AC field is another tool that
can assist therapeutic discovery by altering the spontaneous beating behavior. For
example, an AC frequency below ~100 Hz can initiate field-evoked activity (FEA)
such as entrainment and the ability to control pacing rate. Using an AC frequency of
around 1 kHz can induce conduction block, which can then be used to investigate
therapeutic approaches to various defibrillation disorders [133, 134]. Much higher
frequencies offer the ability to sense beating characteristics without imposing any
significant side effects on cell behavior, and offer an approach for effectively
assaying drug responses.

A significant disadvantage to commercially available impedance sensing
systems is their inability to concurrently act as an automated stem cell niche
culture platform. They require culturing and transfer of EBs to the impedance
sensing system where further downstream processing takes place. Another

disadvantage to these systems is the need to culture 2D monolayers. By using 2D
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patterned electrodes, the field is primarily monitored through the change of
impedance that occurs via attached cells. Monolayers lose complex 3D tissue
properties such as cell morphologies and ion gradients that exist in 3D models, and

may therefore exhibit less realistic screening platforms.

3.4.2 Contractile Forces

The contraction of cardiac muscle cells results from converting a chemical
signal (associated with the flux of ions during an action potential) into mechanical
energy via the work of contractile proteins [135]. This process is initiated after the
inward flux of calcium ions causes depolarization of the cell membrane. The inward
flux of calcium ions occurs at L-type receptors located on membrane invaginations
(Figure 21). These invaginations bring the incoming calcium ions into proximity with
ryanodine receptors on the sarcoplasmic reticulum, causing a conformational
change that releases an abundance of calcium ions that act on the tropomyosin
complex to cause contraction. Briefly, the process begins as calcium binds to
troponin C. This causes a conformational change in tropomyosin to expose an active
site between actin and myosin. The strength of the cardiomyocyte contraction is
proportional to the number of crossbridges that form between myosin heads and
the now-active sites along the actin filament. The myosin head pulls itself along the
actin filament during what is known as the power stroke. This process will continue,
shortening the muscle fibers, as long as there is enough calcium to support the
process. Finally, as the action potential repolarizes and calcium ion channels are

closed, the process comes to halt when calcium dissociates from troponin C and
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tropomyosin’s conformational change once again prohibits the myosin actin

interaction [135, 136].

Figure 21. Cartoon of cardiomyocyte membrane proteins involved in contractility.
Cardiomyocyte contractility is activated and regulated by the flux of calcium
through voltage-gated ion channels located in T-tubules and its interaction with the

sarcoplasmic reticulum (reprinted from [135]).

Measuring cardiomyocyte contractility has become an important method for
studying cardiomyocyte differentiation and maturation and developing therapeutics
[80, 137]. A widely used method for assessing cardiomyocyte tissue involves image
analysis. This approach often involves sophisticated algorithms coupled with high
sampling rates to extract information such as beating rate, the percentage of cells
that are beating, and other spatially relevant information (Figure 22a) [138]. Video

data are most useful for 2D monolayers. Occluded internal regions of 3D tissue
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structures are difficult to image as the sample thickness increases, and the difficulty
of imaging multiple focal planes simultaneously limits the availability of real-time
data analysis.

The cardiomyocyte contractile force can also be used for understanding
tissue maturation and drug screening. For example, measuring the contractile force
with respect to stimulation via inotropic therapeutic agents can investigate drug
targets for congestive heart failure. MEMS-based sensors for measuring cellular
forces are often based on arrays of micro-posts (Figure 22c). Cells are first allowed
to adhere to the tops of micro-post arrays, typically after coating the surfaces with
ECM-derived proteins to promote attachment. When the cells contract, they cause
the micro-posts to bend, and the contractile forces are calculated based on the
amount of deflection. Zhao and Zhang adapted this design for measuring
cardiomyocyte contraction forces [139]. It is often difficult to derive force
measurements from micro-post array sensors, however, due to the complexity of
the system surrounding the micro-post’s geometry, viscoelastic properties, and
surface characteristics [140]. Atomic force microscopy (AFM) is another tool that
has been used to determine the contractility forces in single cardiomyocytes (Figure
22b) [141]. An AFM probe is gently brought into contact with a surface-attached
cardiomyocyte, causing the probe to slightly deflect. As the cardiomyocyte beats,
the change in probe deflection is measured and a beating force is determined using
analytical models and the cantilever’s elastic modulus. AFM requires complex
equipment and is difficult to integrate into cell culture systems or downstream
processing. Both micro-post arrays and AFM are best suited to single cell

measurements, as opposed to measurements on 2D and 3D tissue models.
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Figure 22. Images depicting different methods used to measure cardiomyocyte
contractile forces. (a) Image analysis can analyze beating force and rhythmicity
based on pixel movement (adapted from [138]). (b) AFM probe deflection can
measure single cell contractility forces (adapted from [141]). (c) Micro-post arrays

can measure single cell contractile forces by analyzing post deflection (adapted

from [142]).

Tools that measure cardiomyocyte contraction are largely used to study cell
behavior or develop therapeutics. Some tools, however, aim to take advantage of
cardiomyocyte contractile forces to perform useful work. Two recent studies have
used piezoelectric transducers for energy harvesting and power generation based
on cardiomyocyte contractility [143, 144]. These systems are elegant in their
simplicity. By allowing cardiomyocytes to attach to the surface of piezoelectric

materials, these systems take advantage of their inherent capacity to turn
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mechanical strain into a useful voltage. Piezoelectricity is a material property that
refers to the phenomenological coupling of mechanical and electrical properties.
When a stress is applied to a material, the crystal lattice is strained. This distortion
in the atomic arrangement displaces the charges associated with ions in the lattice.
In piezoelectric materials, this distortion creates a net polarization (Equation 21)

[145, 146].

P, = d;jo; Equation 21

Si = di;E; Equation 22

Another reason to investigate the use of piezoelectric sensors is the ability to
take advantage of their pyroelectric properties. Pyroelectricity is the
phenomenological coupling of thermal and electrical properties, and regularly
accompanies piezoelectricity [146]. In pyroelectric materials, a temperature change
will expand or contract the atomic crystal structure. In a similar manner as
piezoelectricity, this distortion of the crystal structure repositions atomic charges
and creates a net polarization according to Equation 23. One major benefit to using
a piezoelectric and pyroelectric substrate for real-time sensing and actuation is its

ability to multiplex these sensing capabilities with one material substrate.

dpP

p= ar Equation 23
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Piezoelectricity can therefore be used to measure cardiomyocyte contractile
forces for studying cell behavior and screening therapeutic targets. In addition to
the direct piezoelectric and direct pyroelectric effects described above, piezoelectric
materials also behave according to the inverse piezoelectric effect. The inverse
piezoelectric effect refers the generation of a mechanical strain in the material
subjected to an electric field. Similarly, the inverse pyroelectric effect refers the
generation of a mechanical strain in response to a temperature change. The inverse
piezoelectric effect if often used as an actuator in applications where extremely fine
movements are needed, such as the movement of an AFM probe. This ability to act
as both a sensor and an actuator suggests that integrating piezoelectric and
pyroelectric materials into DuF platforms may create new applications and simplify
existing processes. A disadvantage of this method, however, is that cells must
adhere to the surface of the piezoelectric material. This condition creates an

unnatural cell state that may alter cellular behavior.
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4 DIGITAL MICROFLUIDICS FOR SPHEROID-BASED INVASION ASSAYS

4.1 ABSTRACT

Cell invasion is a key process in tissue growth, wound healing, and tumor
progression. Most invasion assays examine cells cultured in adherent monolayers,
which fail to recapitulate the three-dimensional nuances of the tissue
microenvironment. Multicellular cell spheroids have a three-dimensional
morphology and mimic the intercellular interactions found in tissues in vivo, thus
providing a more physiologically relevant model for studying the tissue
microenvironment and processes such as cell invasion. Spheroid-based invasion
assays often require tedious, manually intensive handling protocols, or the use of
robotic liquid handling systems, which can be expensive to acquire, operate, and
maintain. Here we describe a digital microfluidic (DuF) platform that enables
formation of spheroids by the hanging drop method, encapsulation of the spheroids
in collagen, and the exposure of spheroids to migration-modulating agents.
Collagen sol-gel solutions up to 4 mg/mL, which form gels with elastic moduli up
to~50 kPa, can be manipulated on the device. In situ spheroid migration assays
show that cells from human fibroblast spheroids exhibit invasion into collagen gels,
which can be either enhanced or inhibited by the delivery of exogenous migration
modulating agents. Exposing fibroblast spheroids to spheroid secretions from colon
cancer spheroids resulted in a >100% increase in fibroblast invasion into the
collagen gel, consistent with the cancer-associated fibroblast phenotype. These data

show that DuF can be used to automate the liquid handling protocols for spheroid-
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based invasion assays and create a cell invasion model that more closely mimics
the tissue microenvironment than traditional, two-dimensional techniques.
Ultimately, a DuF platform that facilitates the creation and assaying of three-
dimensional, in vitro tissue models could make automated 3D cell-based assays

more accessible to life sciences researchers.

4.2 INTRODUCTION

The invasion of cells into their surrounding environment is an essential process
in wound healing, tissue growth, and tumor metastasis [147, 148]. Cell migration
and invasion is dictated by the complex communication and signaling pathways
between cells and the extracellular matrix (ECM) of the tissue microenvironment.
The nature and extent of this invasion are controlled by multiple parameters,
including cell type, matrix type, matrix stiffness, and soluble extracellular signaling
cues [148-150]. In vitro assays that can model the complex, three-dimensional
cellular microenvironment can yield valuable insights into cellular migration and
invasion, and facilitate the discovery and development of treatments and
therapeutics for many types of injury and disease.

Most cell migration assays are currently performed using systems that rely on
the motility of single or adherent cells. For example, in transwell assays, adherent
cells migrate through pores in a membrane in response to a stimulus gradient [151,
152]. Another common migration assay known as a “scratch test” measures the
degree to which adherent, monolayer cells migrate into a void created on a

substrate by the physical removal of a region of cells, or by otherwise preventing
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growth in the void region (Figure 23a) [147]. While these systems provide valuable
insight into cell migration, they do not take into account the complex conditions
found in three-dimensional tissues in vivo, such as cell signaling associated with
intercellular interactions, the epithelial-mesenchymal transition, the cellular
heterogeneity that exists within 3D aggregates, or migration mechanisms specific
to a 3D microenvironment [147, 153-157].

Spheroid-based cell migration and invasion assays have been developed to
provide more physiologically relevant models [147, 152, 158]. These assays
typically use 3D cell spheroids encapsulated within a hydrogel matrix (Figure 23b).
Cell invasion can be studied by introducing chemical or physical stimuli to modulate
cell motility, which can be quantified in situ by microscopy. These assays typically
require multiple manual pipetting steps [151], rendering them labor intensive,
prone to variability and human error, and difficult to scale. Complex and laborious
assay protocols are major factors limiting the adoption of more advanced invasion

assays [151].

ECM
Spheroid

Pipett
Tip

Figure 23. Schematic representations of common invasion assays, including the (a)

scratch test and (b) spheroid-based invasion assay.

Here we describe a digital microfluidic (DUF) platform that is capable of

automating all the liquid handling steps necessary for performing spheroid-based
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invasion assays. Our previous work developed the capability to perform automated
hanging drop cell spheroid culture on a DuF device [159]. In this work, we advance
upon that technique by developing protocols for the encapsulation and maintenance
of spheroids within a collagen hydrogel to study cell migration and invasion.

Digital microfluidics is a liquid handling technique that enables the
manipulation (dispensing, translating, splitting, and mixing) of discrete pico- to
microliter droplets of liquid on a planar array of electrodes through the controlled
application of electric fields [9, 160, 161]. Because DuFs enables automation of
complex assay workflows, DUF systems have been used for a variety of biological
applications [162] such as on-chip cell culture [163], hydrogel formation [164-
167], and cell spheroid culture and analysis [159, 168]. By automating liquid
handling, DuF can reduce or eliminate the tedium associated with manual assay
protocols. Additionally, DuUF can provide lower sample volume requirements,
reduced costs, and superior liquid handling flexibility compared to other automated
techniques, such as robotic liquid handling [151].

To demonstrate the ability of DuF to enable spheroid-based invasion assays,
we used DuF to encapsulate spheroids of human fibroblast cells in hanging-drops of
collagen gel. As a key component of the human stroma, fibroblasts play a central
role in wound healing and tumor progression and are commonly used to model cell
migration and invasion. Through the delivery of migration modulating agents to
individual spheroids, we show that gel-encapsulated spheroids can be interrogated
and assayed in situ. To demonstrate a physiologically relevant invasion model, we
show that DuF can be used to simulate paracrine signaling in the tumor

microenvironment, providing a convenient method to model tumor-stromal
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communication and the cancer-associated-fibroblast (CAFs) phenotype in vitro.
Cancer-associated-fibroblasts are stromal fibroblasts that are ‘activated’ by
chemical and mechanical signaling in the tumor milieu. These activated fibroblasts
are crucial to establishing the structural and biochemical properties of the tumor
microenvironment, and have been implicated in promoting tumor invasion and
metastasis [169, 170]. Thus, an in vitro model for studying the properties and
behaviors of CAFs would be a valuable tool in cancer research.

By automating sample handling and reducing the requirement for manual
intervention, the DuF platform has the potential to lower the barriers to adoption
for more advanced, spheroid-based migration assays. Ultimately, greater adoption
of more physiologically relevant, three-dimensional cell-based assays can yield new

insights into homeostasis and morphogenesis for both healthy and diseased tissues.

4.3 MATERIALS AND METHODS

4.3.1 Materials and Reagents

HT-29 human colorectal adenocarcinoma cells (ATCC® HTB-38™) and BJ
human foreskin fibroblasts (ATCC® CRL-2522™) were purchased from ATCC.
Leibovitz L-15 cell culture medium, Dulbecco’s Modified Eagle Medium (DMEM),
penicillin-streptomycin (P/S) solution (10,000 U/mL Pen., 10 mg/mL Strep.), L-
glutamine, fetal bovine serum (FBS), and the LIVE/DEAD® Viability/Cytotoxicity Kit
for mammalian cells were obtained from Life Technologies (Carlsbad, CA). Bovine
collagen I solutions were purchased from Trevigen, Inc. (Gaithersburg, MD; Cat. #:

3442-005-01) and Corning Life Sciences (Tewksbury, MA; Prod. #: 354231).
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Hoechst 33342 solution was purchased from Fisher Scientific (Pittsburgh, PA). Acti-
stain 488 phalloidin was purchased from Cytoskeleton Inc. (Denver, CO). Human
bone morphogenic protein 2 (BMP-2) and Pluronic® F-68 were purchased from
Sigma (St. Louis, MO). Prostaglandin E2 (PGE2) was purchased from Santa Cruz
Biotechnology, Inc. (Santa Cruz, CA). Cytop® (CTL-809M) and CT-SOLV 180 were

purchased from Bellex International Corporation (Wilmington, DE).

4.3.2 Device Fabrication and Operation

The DJF devices used in this work consisted of two separate plates: a top
plate that contained an array of driving electrodes, and a bottom plate that
contained a continuous ground electrode and the through-holes necessary for
spheroid formation. The devices were fabricated according to previously described
protocols in the California NanoSystems Institute (CNSI) Integrated System
Nanofabrication Cleanroom at UCLA.[159] Briefly, the top-plate substrates (75 x
50 x 1 mm water white glass slides - LabScientific, Inc., Cat# 7787) were sputter-
coated with 110 nm of indium-tin-oxide (ITO) to provide a conductive surface. The
ITO was then patterned with the array of driving electrodes using standard
photolithography techniques. Through-holes were manually drilled into the
footprints of the reservoir electrodes on the top-plates to provide a world-to-chip
interface that allowed for the addition of liquid to the devices. The top-plates were
subsequently coated with 4-6 um of Parylene-C via vapor deposition and ~400 nm
of Cytop via spin-coating.

The bottom plate of the DuUF device consisted of a 1.7 mm thick soda lime

glass slide with through-holes, or ‘wells,” drilled into specific locations within the
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plate. The bottom-plate was similarly coated with a layer of ITO and Cytop to
produce a hydrophobic ground electrode. The Cytop was removed from the well
walls by physical abrasion in order to expose the underlying glass, rendering the
wells hydrophilic.

A schematic of the DuF device setup used in this work is shown in Figure 24.
For device operation, the bottom plate was placed on an aluminum holding plate
that contained a milled window below the wells to allow hanging drops to form. A
glass slide was placed underneath to create an enclosure that would prevent
exposure of the hanging drops to the laboratory environment during drop formation
and spheroid culture. A small amount of aqueous buffer was placed in the enclosed
recess beneath the wells to create a humidified environment. To minimize
evaporation, 1.2 uL of 10-cst silicone oil were pre-loaded into each well prior to the
formation of hanging drops. The top-plate was secured to another aluminum plate
and was interfaced with the bottom-plate such that particular electrodes in the top-
plate aligned with the location of the wells in the bottom-plate. The two plates were
separated by a custom designed silicone spacers (Grace Biolabs, Bend, OR) to
create a gap height of 300 um and were secured using binder clips. Droplets of cell
suspension were added to the reservoir electrodes via through-holes drilled into the
top-plate. Droplet actuation was achieved using an AC potential of 100-120 Vp, at

18 kHz.
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Figure 24. Schematic of DuF device for spheroid culture. To enable spheroid

culture, through-holes, or wells, were fabricated into the bottom plate of the DuF
device. Droplets of cell-suspension were dispensed and delivered to the location of
the wells where they were pulled into the wells spontaneously via capillary forces.
Adding multiple drops to a well resulted in the formation of a pendant drop,
allowing the cells to settle into an individual, compact spheroid at the bottom of the
drop. Aqueous buffer was placed beneath the hanging drops to create a humidified

environment for long-term hanging drop culture.

4.3.3 In Situ Spheroid Culture

Cell suspensions of either HT-29 human colorectal adenocarcinoma cells or
BJ human fibroblasts were used to form cell spheroids. To prepare the cell
suspensions, cryopreserved cell stocks were thawed and seeded in polystyrene
dishes in growth medium (DMEM, 4 mM L-glutamine, 10% FBS, 1% P/S solution).
Cells were grown to ~80% confluency, trypsinized, and re-suspended in spheroid
growth medium (Leibovitz L-15, 4 mM L-glutamine, 7.5% FBS, 1% P/S, 0.04%
Pluronic® F-68) at ~1e6 cells/mL for culture on the device. Prior to use, the
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devices were sterilized by rinsing them with a 70% aqueous ethanol solution and
gently drying with compressed air.

All liquid handling steps were performed using a custom LabView program
that enabled the application of the electric potential to any individual or
combination of electrodes on the device.

To initiate hanging drop spheroid culture, droplets of cell suspension were
dispensed from on-chip reservoirs and delivered to the location of a well, where
they were pulled into the well spontaneously via capillary forces. Approximately 5
to 6 dispensed drops of ~1.75 puL each were needed to form a hanging drop with a
curved surface that protruded beneath the bottom plate; the curvature at the
bottom of the drop is necessary for the aggregation of cells into a spheroid. A thin
film polyimide heater was placed in contact with the bottom aluminum holding plate
to maintain the device at 37 °C during the handling of cell suspensions. At all other
times, the devices were kept in an incubator at 95% relative humidity and 37 °C.

For all spheroid assays, medium exchange was performed every 24 h
following hanging drop formation by adding fresh medium and extracting spent
medium from the hanging drop according to the following sequence: (1) deliver a
drop of fresh medium to the hanging drop; (2) mix the liquid in the drop by
repeatedly pulling out and releasing a liquid finger from the well; (3) extract two
drops of liquid from the hanging drop; (4) deliver another drop of fresh medium to

the hanging drop.
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4.3.4 Migration Assays

For migration assays, hanging drops were created from a suspension of
human foreskin fibroblasts at ~1e6 cells/mL. Cells were allowed to aggregate for 24
h into compact spheroids prior to encapsulation in collagen gel. The encapsulation
process involved extracting the medium from the hanging drop and replacing it with
a bovine collagen I solution (0.5-4 mg/mL bovine collagen I, 1% P/S, 4 mM L-
glutamine, 0.04% Pluronics F-68, in Leibovitz L-15 medium, PH = 7). The DuF
device was then placed in the incubator to allow the collagen drop to gel at 37 °C.
To demonstrate the ability to assay spheroids with exogenous migration modulating
agents, some spheroids were encapsulated in collagen solutions containing either
BMP-2 (100 ng/mL) or PGE2 (5 pg/mL).

Cell migration was quantified 24 h after spheroid encapsulation by staining
the hanging drops, per the manufacturer’s protocols, with Hoechst 33342 for
imaging nuclear DNA and Acti-stain 488 phalloidin for visualizing actin filaments.
The stained spheroids were imaged by confocal microscopy. Cell migration was
quantified by measuring the radial fluorescence distribution and the total
fluorescence intensity for each spheroid using Imagel. For image analysis, the
confocal images were converted into binary images to normalize the fluorescence
intensity across multiple experiments and samples. The Radial Profile Plot plugin for
Image J was used to measure the radial fluorescence intensity in the region outside
the perimeter of the spheroid [171]. Total migration was measured by measuring
the integrated fluorescence density of the stained actin everywhere outside the

perimeter of the spheroid.
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The viability of collagen-encapsulated spheroids was measured using the Life
Technologies LIVE/DEAD®Viability/Cytotoxicity Kit according to the manufacturer’s
protocols. The percentage of viable cells was quantified by counting the number of
living and dead cells in multiple z-planes throughout each spheroid.

The physical properties of the collagen gels formed in situ were analyzed
using atomic force microscopy (AFM) and scanning electron microscopy (SEM).
AFM was used to obtain the Young’s modulus of the collagen sample by probing the
hydrated gel and calculating the stiffness based on cantilever deflection. Bruker
DNP-D and Bruker MSCT-B probes were used in a fluid environment. The spring
constants of the probes were calibrated by measuring the thermal noise and fitting
the response of a simple harmonic oscillator in fluid. The sample stiffness was
measured by fitting probe deflection curves according to the Sneddon model and
eliminating close range sample-probe interactions [115, 116]. Scanning electron
microscopy was performed in order to visualize and characterize the collagen
matrix morphology and cell adhesion. For SEM imaging, gel samples were first fixed
in @ 10% buffered formalin solution for 2 h. A step-wise dehydration in methanol
was then performed by subsequently submerging the samples in 25, 50, 75, 90,
and 100% methanol solutions for at least 10 min each. The samples were super-
critically dried and sputter coated with gold before SEM imaging.

Figure 25 illustrates the tumor secretion fibroblast stimulation assay protocol.
To model tumor-stromal communication and invasion, fibroblast spheroids and HT-
29 human colon adenocarcinoma spheroids were formed on the same device. After
24 h of aggregation, the medium from HT-29 spheroid hanging drops was replaced

with serum free medium (SFM) to allow for the enrichment of spheroid secretions.
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The fibroblast spheroids were maintained in normal growth medium. After an
additional 24 h, medium from the fibroblast spheroids was extracted and replaced
with drops of medium extracted from the HT-29 spheroids to expose the fibroblasts
to the HT-29 spheroid secretions. Drops of 1 mg/mL collagen solution were then
added to the wells to create hanging drops with a final collagen concentration of
~0.5 mg/mL. For controls, fibroblast spheroids that were not exposed to HT-29
spheroid secretions were also encapsulated in collagen. After 24 h of encapsulation
within collagen, the hanging drops were stained for actin filaments and imaged by
confocal microscopy. Migration was quantified by measuring the radial distribution
and integrated fluorescence density of stained actin everywhere outside of the body

of the spheroid.
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Figure 25. Tumor secretion assay protocol. 24 h after the imitation of hanging
drops, both HT-29 and fibroblast cells formed compact spheroids within their
respective drops. At the 24 h point, spent medium was extracted from the HT-29
and fibroblast spheroids (steps 1,2) and replaced with serum free medium and
normal growth medium, respectively (steps 3,4). After 24 more hours of
incubation, medium was extracted from the fibroblast spheroid (step 5) and
replaced with medium extracted from the HT-29 spheroid (step 6). Collagen was
then added to the fibroblast spheroid (step 7) and the spheroids were allowed to

incubate for another 24 h prior to imaging.
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4.4 RESULTS

To create a model for three-dimensional cell invasion on the DuF platform,
spheroids of human fibroblasts were grown in hanging drops and encapsulated

within a collagen hydrogel (Figure 26).

Figure 26. SEM and confocal reflectance microscopy images show cell spheroids

encapsulated in collagen matrices. (a) SEM image showing a fibroblast spheroid
within a collagen hydrogel, with part of collagen peeled back. (b) Another SEM
image of an encapsulated spheroid next to (¢) an image acquired using confocal

reflection microscopy.

Fibroblasts were used because they are the most abundant cell type in
connective tissues and fibroblast motility plays a critical role in both wound healing
and cancer invasion [172]. We used collagen gels because collagen is a naturally
abundant extracellular matrix protein and is widely used as a matrix in migration
and invasion assays [147, 152]. Bovine collagen I was used because the slower
gelation rate allowed the collagen solutions to be manipulated longer on the device

compared to more rapidly gelling rat tail collagen I solutions. Collagen solutions of
66



up to 4 mg/mL could be actuated (dispensed, translated back and forth across a 4
electrode path 4 times, and inserted into a well) on our DuUF devices. Solutions of
higher concentrations of collagen moved too slowly for practical assay protocols.
Solutions of up to 4 mg/mL bovine collagen I could be manipulated on the device
for ~10 min at room temperature before movement became sluggish due to the
onset of gelation of the collagen. Figure 27 shows representative SEM images and
the mechanical properties of collagen gels of varying concentrations formed on a
DUF device. The SEM images of the gels reveal a highly interconnected network of
collagen fibrils. AFM measurements indicate that the Young’s Modulus (YM)
increases linearly from 1-4 mg/mL up to an average of ~50 kPa. The YM deviates
from linearity at concentrations < 1 mg/mL. The Young’s moduli measured for the
various collagen concentrations used in this work were consistent with values
reported in literature [97, 98, 173, 174]. This modulus range spans the elastic
moduli of a wide variety of tissue types including lung, breast tumor, kidney, liver,

brain, cardiac muscle, skeletal muscle, spinal cord and lymph node tissues [175].
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Figure 27. Collagen gel characterization. Collagen solutions up to 4.0 mg/mL could
be handled on our DUF devices. (a) SEM images of hanging drop gels formed from
0.5, 1.0, 2.0, and 4.0 mg/mL collagen solutions. Each image was acquired at
10,000x magnification (Scale bar = 2 um). (b) Young’s moduli measurements of
collagen gels formed on the DuF platform as determined by AFM. Error bars

correspond to the standard deviation from at least 10 separate measurements.

Extended (>24 h) spheroid culture assays require the ability to perform
medium exchange. To determine if medium could be effectively exchanged from a
collagen hydrogel, a standard solution of dyed collagen was used to form hanging
drops. The change in the concentration of the dye in the collagen gel after
successive liquid exchange cycles, as described in the Materials and Methods, was
measured by UV-vis absorption. Figure 28 depicts the degree of medium exchange
achieved after multiple exchange cycles. The data show that two exchange cycles
result in the exchange of >50% of the liquid in a hanging-drop gel, which is

sufficient for performing cell spheroid culture [176, 177]. According to the medium
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exchange protocol used in this work, and assuming an initial hanging drop volume
of five dispensed drops, the liquid in the well dilutes at a theoretical rate of C
=Co(2/3)", where C = the concentration of dye in the hanging drop, Co = the initial
concentration of dye in the hanging drop, and n = the number of exchange cycles.
The measured concentrations after each exchange cycle agree closely with the

predicted values, demonstrating the ability to precisely control the composition of

the hanging drop.
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Figure 28. Liquid exchange from hanging collagen gel drops. The normalized
concentration of dye in a drop of 1 mg/mL collagen after successive liquid exchange
cycles. The dashed curve indicates the theoretical dilution rate based on the
medium exchange sequence used in this work. Error bars correspond to the

standard deviation from at least three separate samples.

To demonstrate the ability to assay spheroids with migration modulating
agents, bone morphogenic protein 2 (BMP-2), a growth factor known to stimulate
migration in a variety of cell types [178], and prostaglandin E2 (PGE2), which is
known to inhibit fibroblast migration [179], were added to the spheroids to induce

and inhibit migration, respectively. Untreated spheroids, which were encapsulated
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in collagen without any exposure to exogenous migration modulating agents were
used as a control.

Figure 29 compares the degree of migration for BMP-2-treated, PGE2-
treated, and untreated fibroblast spheroids in collagen. Consistent with both 2D
and 3D migration assays reported in literature, fibroblast spheroids encapsulated
within collagen hanging drops on the DuF device exhibited cell invasion within 24 h
[152]. Confocal imaging of fluorescently labeled actin filaments clearly shows the
invasion of cells from the periphery of the spheroid into the surrounding gel. As
expected, the addition of BMP-2 to the gel stimulated enhanced migration of cells
from the spheroid while PGE2-treated spheroids exhibited reduced migration
compared to the untreated controls. Spheroids exposed to 100 ng/mL BMP-2
showed an average ~85% increase in invasion compared to spheroids maintained
in standard growth medium while PGE2 treated spheroids exhibited a ~33%
decrease in invasion compared to untreated controls. The data illustrate that PGE2-
treated spheroids exhibit migration out to ~50 ym from the spheroid perimeter
after 24 h, compared to ~170 um for untreated and BMP-2-treated spheroids
(Figure 5c). Compared to the untreated controls, the BMP-2-treated spheroids,
exhibit greater overall fluorescence at each radial distance, indicating a greater
number of cells migrating from the spheroid.

Consistent with literature, we also observed that fibroblast migration varied
with gel stiffness [79, 95, 180]. In this work, fibroblast migration increased with
increasing collagen gel concentration. On average, the 4 mg/mL collagen gels
exhibited a 46% increase in total migration, while the 0.5 mg/mL gels exhibited an

average 40% decrease in migration compared to the 1 mg/mL gels.
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Figure 29. 24 h migration assays. (a) Representative images of actin stain
spheroids encapsulated within collagen gels and exposed to either standard
medium or medium supplemented with either PGE2 or BMP-2. Scale bars = 300
pm. (b) A comparison of the total fluorescence measured outside of the spheroid
perimeter for untreated, PGE2-treated, and BMP-2-treated spheroids (N = 8 for
each condition). The data have been normalized to the average value of the
untreated controls, which was set = 1. The dashed lines indicate the average
change in migration compared to the untreated controls (solid line). The *
indicates values that differ at the 99% CI as determined by a Student’s t-test. (c)
The average radial fluorescence distribution of untreated, PGE2-treated, and BMP-

2-treated spheroids (data normalized to max fluorescence).
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Viability staining indicated that encapsulating the fibroblast spheroids in
collagen does not decrease cell viability. The gel-encapsulated fibroblast spheroids
exhibited viability >90% after 96 h in culture (48 h in solution and 48 h in
collagen), which is comparable to spheroids cultured in suspension for the same
duration [181].

To demonstrate the ability to model a physiologically relevant cell invasion
process, we used the DuF platform to explore tumor-stromal communication in
vitro. Paracrine secretions from tumors are known to induce an activated phenotype
in adjacent fibroblasts, characterized by the production of a-smooth muscle actin
and enhanced invasiveness [182, 183]. To mimic paracrine signaling in the tumor
microenvironment, secretions from human colon carcinoma spheroids cultured in
hanging drops were delivered to fibroblast spheroids immediately prior to
encapsulation in collagen. A comparison of the migration from paracrine-stimulated
and non-stimulated fibroblast spheroids is shown in Figure 30.

The results, shown in Figure 30, reveal enhanced migration for paracrine-
stimulated fibroblast spheroids, supporting evidence that paracrine signaling from a
spheroid microenvironment induces fibroblast activation in the tumor
microenvironment [155, 184, 185]. The HT-29 treated spheroids exhibited a
>130% increase in actin fluorescence outside of the spheroid perimeter compared
to untreated controls. On average, cells from HT-29 treated spheroids exhibited
migration out to ~270 ym from the spheroid perimeter compared to ~90 um for
untreated spheroids. Another interesting observation from these experiments is the
evidence of multiple modes of fibroblast migration occurring simultaneously. In

three dimensions, cells can exhibit different migration mechanisms depending on a
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variety of factors including matrix stiffness, density, and orientation, as well as the
activity of matrix proteases [180, 186, 187]. The HT-29-treated spheroids in Figure
30 exhibit characteristics of: (a) mesenchymal-type migration, characterized by
cellular polarization and the formation of invadopodia; (b) amoeboid-type
migration, characterized by individual, non-adherent cells that have migrated
outside of the spheroid perimeter, and (c) collective-type cell migration,
characterized by migration of multicellular streams or aggregates from individual
spheroids. Non-treated spheroids also appear to exhibit multiple modes of
migration, however, migration was lower overall compared to the HT-29 stimulated
spheroids.

Intra-experiment variability is likely associated with variation in liquid
handling operations including drop dispensing volume and medium exchange
efficiency [181]. This variability may result in changes to the cell concentration and
spheroid size, collagen gel concentration, and chemical concentration. Data should
also only be compared in an intra-experiment manner, as opposed to an inter-
experiment manner. The spheroids in the 48 h migration study had longer time to
compact which could alter invasive capacity. Different collagen sources, noted in
the Materials and Reagents section, were used for the 24 h and 48 h experiments.
Biomolecular gels are known to exhibit lot-to-lot variability, particularly from

different manufacturers.
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Figure 30. Comparison of HT-29 secretion-stimulated and untreated fibroblast
spheroids. (a) Representative images of actin-stained, collagen-encapsulated
fibroblast spheroids. Red bars correspond to 100 um. (b) The average total
fluorescence intensity of stained actin outside of the spheroid perimeter for both
untreated and HT-29 treated spheroids. Data normalized to the fluorescence
intensity of the untreated spheroids. (N = 7 spheroids for each condition) (c)
Average radial distribution of the fluorescence intensity of stained actin outside of
the spheroid perimeter. Data normalized to fluorescence intensity value at the

spheroid perimeter. (N = 7 spheroids for each condition).

4.5 DISCUSSION

This work builds upon the cell culture and assaying capabilities established

for the DpF platform. Previous works have developed the ability to culture cells in
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adherent monolayers, encapsulate cell suspensions within hydrogels, and culture
cell spheroids in suspension on a DuUF device [167, 181, 188]. While cell spheroids
in @ hanging drop suspension provide excellent in vitro tissue models, the addition
of an extracellular scaffold allows for cell-ECM signaling, which is paramount to
tissue homeostasis and morphogenesis. By enabling the encapsulation of three-
dimensional spheroids in an extracellular matrix, this platform allows the modeling
of processes that are highly dependent on cell-ECM interactions, such as the
epithelial-mesenchymal transition, which plays a key role in important physiological
processes such as embryogenesis, wound-healing, and tumor progression, and
which cannot be modeled effectively using cell monolayers or encapsulated cell
suspensions. Additionally, the methods described here can be extended to any
type of spheroid-forming cell type and thermoresponsive sol-gel formulation. While
not explored in this work, other gelation techniques, such as photopolymerization,
could also be employed to encapsulate cell spheroids.

The DPF platform described here provides various advantages over existing
spheroid-based invasion assays. Primarily, we have shown that DuF can effectively
automate all of the liquid handling steps necessary for spheroid culture and
encapsulation in collagen. Advanced DpF systems, such as the DropBot system or
commercially developed systems that have integrated droplet volume metering,
temperature control, and hundreds of addressable electrodes would enable fully
automated, ‘walk-away,’ operation and medium-throughput (dozens of wells per
chip) assay capabilities [189-191]. These systems can also have integrated sample
treatment and analytical capabilities such as localized heating, magnetic bead

separation, electrochemical detection, fluorescence microscopy, and absorption
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spectroscopy, providing a level of in situ analysis that is difficult or impossible to
achieve using robotic liquid handling systems. Such a platform would enable more
sophisticated yet user-friendly assay capabilities than is possible with current
spheroid-based invasion assays.

The DUF platform described here does have certain limitations. The primary
limitation of DUF is the relatively lower throughput compared to robotic liquid
handling systems. Migration assays using well insert membranes, for example, are
compatible with robotic liquid handling equipment, which can process up to 96 wells
simultaneously. Unlike robotic liquid handling, DuF liquid handling occurs on the
same plane as the wells, which limits the well density on the chip. Thus, in the
case of cell-based assays, the DuF platform is best suited for research
environments in which medium-throughput sample processing is sufficient.
Another limitation of the platform described here is the incompatibility with certain
multi-component gel type systems that form physical crosslinks upon mixing (i.e.
alginate). If the gelation kinetics of a multi-component system are faster than the
mixing kinetics on the DuF device, then the addition of one component to the other
results in the formation of a gel barrier at the interface of the drops or a gel with
inhomogeneous crosslinking density throughout the drops. Despite these
limitations, the automation, flexible liquid handling, and in situ analytical
capabilities of the DuF platform make it a powerful tool for cell-based assays and

screens.
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4.6 CONCLUSIONS

We have developed protocols for the encapsulation of cell spheroids in
hanging-drops of collagen gel using DuF. The encapsulation of spheroids within a
three-dimensional, ECM scaffold allows for the creation of a tissue
microenvironment that mimics tissues in vivo. With the ability to automate
spheroid formation, gel encapsulation, and the addition of exogenous agents to
spheroids, the DuF platform described here would reduce the tedium associated
with manual 3D invasion assays and provide an alternative to robotic liquid
handling instruments for assay automation. Making three-dimensional cell-based
invasion assays easier to perform and more accessible to life sciences researchers
could ultimately lead to new insights into tissue homeostasis and morphogenesis,
as well as the development of novel treatments and therapies for a variety of

injuries and diseases.
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5 DIGITAL MICROFLUIDIC SYSTEM WITH VERTICAL FUNCTIONALITY

5.1 ABSTRACT

Digital (droplet) microfluidics (DuF) is a powerful platform for automated lab-
on-a-chip procedures, ranging from quantitative bioassays such as RT-qPCR to
complete mammalian cell culturing. The simple MEMS processing protocols typically
employed to fabricate DuF devices limit their functionality to two dimensions, and
hence constrain the applications for which these devices can be used. This paper
describes the integration of vertical functionality into a DuF platform by stacking
two planar digital microfluidic devices, altering the electrode fabrication process,
and incorporating channels for reversibly translating droplets between layers.
Vertical droplet movement was modeled to advance the device design, and three
applications that were previously unachievable using a conventional format are
demonstrated: (a) solutions of calcium dichloride and sodium alginate were
vertically mixed to produce a hydrogel with a radially symmetric gradient in
crosslink density; (2) a calcium alginate hydrogel was formed within the through-
well to create a particle sieve for filtering suspensions passed from one layer to the
next, and (3) a cell spheroid formed using an on-chip hanging-drop was retrieved
for use in downstream processing. The general capability of vertically delivering
droplets between multiple stacked levels represents a processing innovation that

increases DWF functionality and has many potential applications.
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5.2 INTRODUCTION

Digital (droplet) microfluidics (DuF) allows the dispensing, splitting, mixing,
and translation of nanoliter to microliter-sized droplets of liquid on a 2D array of
electrodes [9, 25]. By applying a voltage across dielectric-coated electrodes, a
combination of electrostatic and dielectrophoretic (DEP) forces enables these basic
liquid handling steps [9, 160]. As the benefits and processing capabilities of the
DUF platform have grown, the range of lab-on-a-chip applications in chemistry,
biology and medicine has expanded [162]. Notable benefits include reduced
reaction times and reagent consumption on the microscale [192, 193], the lack of
pumps or valves [17], reconfigurability [14], and automation [194].

DUF devices are fabricated with a planar array of electrodes for actuating the
droplets. The fabrication process typically involves patterning conductive electrodes
using standard photolithography techniques. Thin films of dielectric materials and
hydrophobic coatings are also deposited to prevent electrolysis and establish non-
wetting conditions. Discrete liquid droplets are created or inserted between the two
plates that incorporate dielectric-coated driving electrodes and a ground electrode
(Figure 31). To move the droplets, an electric potential is applied to electrodes
adjacent to the target liquid droplet. The resulting electromechanical force drives
droplet translation through a combination of electrowetting and dielectrophoretic
mechanisms, depending on the liquid [14, 15, 24]. The electrode shape and
position dictate where droplets can be moved and the types of operations that can
be performed [16]. In this format droplets can only be moved laterally, which limits

the potential applications.
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Figure 31. Image and schematic of a two-plate DuF device. (a) Oblique image of a
1-pL droplet sandwiched between a gold driving electrode and a transparent top
plate. (b) Side schematic of a droplet in a standard DuF configuration with layers
indicated by color. (c) By applying a voltage across adjacent electrodes,
electrowetting and dielectrophoretic forces drive droplet translation and (d) position

the droplet over the actuated electrode.

To improve the functionality to DuF systems, several innovative device
designs have been developed to interface the planar droplet system with the
external environment or circumvent the two-dimension constraint. Abdelgawad et
al. developed a method to transfer a liquid droplet from a DUF configuration into a
channel-based microfluidic system [195]. Their design makes it possible to combine
the higher throughput characteristic of channel-based systems with the
reconfigurability of DuF. Wang and Jones extended this work and accomplished the
reverse: establishing the conditions for reversibly transitioning between closed and
open DUF configurations [196]. A design by Ren et al. used an external syringe
pump to introduce discrete droplets into a DuF system, obviating the need to

manually replenish reservoirs [197]. Bhargava et al. created a modular design for
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assembling 3D channel-based microfluidic systems that enables vertical channel
assembly [198]. The use of novel substrate materials has enabled fabrication of
flexible DuF devices [199]; in this work, the droplets were still been restricted to
lateral movement in the device. To date, there are no DuF designs that permit
vertical movement between planes or layers in the device.

A major application of DUF is as a platform for biological assays and cell
manipulation [18, 40, 41, 43, 48, 50, 160, 200-207]. Technological advances that
have enabled these applications have included improvements to automated
proteomics [164, 194, 202], complete mammalian cell culture on-chip [163], and
cell spheroid development [181]. Spatiotemporal control of tissue-engineered
scaffolds has emerged as a critical tool for controlling cell behavior and directing
cell fate [76, 85, 86, 88, 208, 209], so it is not surprising that hydrogels have also
recently been incorporated into DuF devices [164, 200, 202, 203, 210]. The
mechanical properties of hydrogels, such as their elastic modulus and toughness,
have been shown to correlate with cell behaviors such as extracellular matrix
protein production, cell adhesion, migration, and stem cell differentiation [85, 86,
88, 110, 208, 209]. Other physical properties of a hydrogel scaffold, such as
porosity and crosslink density similarly effect cellular behavior [85, 86, 99, 110].
And temporal cues, such as the timing of growth factor delivery and mechanical
stress induction, play important roles in directing stem cell differentiation [85, 86,
88, 208, 209, 211]. With the aim of creating biomimetic microenvironments,
researchers have shown that using hydrogels that have tailored crosslink density
gradients for cell encapsulation better mimics the complex extracellular matrix and

tissue gradients that exist naturally [85, 86]. Thus controlling the spatiotemporal
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cell microenvironment during directed cell culture is of vital importance [76, 85, 86,
88, 208, 209]. For DuF to become better suited for tissue engineering applications
that utilize hydrogels, good control over crosslink gradient profiles is necessary
[212].

Aijian et al. recently demonstrated the use of wells created in DuF devices for
3D cell culture experiments [181]. Cell suspensions were translated to the wells to
form hanging drop cultures for cell spheroid creation. The DuF device was relocated
to an incubator after droplet manipulation, and after 24 to 48 h, the cells naturally
aggregated into spheroids that were later used as tumor models in a drug screening
assay. While this platform offers a new tool for 3D tissue development for
automated drug screening, the difficulty in manually retrieving the spheroid limits
downstream processing capabilities. The ability to retrieve these spheroid samples
would enable further experimentation on them, including hydrogel encapsulation or
electric field stimulation.

In the first section below, we introduce the fabrication protocols for
introducing vertical functionality and demonstrate the capability. Next, a theoretical
framework for droplet translation between stacked layers is presented and used to
establish design parameters for DUF devices with vertical functionality. Finally,
three illustrative applications are presented that demonstrate some the new

opportunities and areas of research that are enabled by this innovation in DuF.
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5.3 EXPERIMENTAL SECTION

5.3.1 Experimental Design and Configuration

The electrodes were fabricated using transparent indium-tin oxide (ITO) so
that droplets could be easily viewed through multiple stacked layers. The driving
electrodes were 2 mm x 2 mm in size and a gap height of approximately 120 um
was used between each layer. The experiments were performed by stacking three
plates, as shown in Figure 32a. These plates are referred to as the bottom, middle,
and top. The bottom and middle plates contain driving electrodes and are used to
translate discrete droplets of liquid during experiments. The top plate is stacked on
top of the middle plate and contains no driving electrodes; it is coated with an
electrically conductive ITO layer to act as a ground electrode and also with a
hydrophobic Teflon-AF® layer. When describing the experiments, the gap between
the bottom plate and middle plate will be referred to as the bottom layer, while the

gap between the middle plate and the top plate will be referred to as the top layer.
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Figure 32. Vertically stacked architecture and fabrication workflow. (a) Oblique
schematic of the stacked design, identifying the bottom, middle, and top plates,
and (b) actual experiment showing full setup. (c) Cross-section schematic showing
the typical two-plate fabrication process with the additional steps required for the

middle plate.

The bottom plate’s contact pads were brought in contact with a multi-pin
connector attached to a laptop computer running LabView software for bottom plate
electrode actuation. The middle plate was actuated by manually touching contact
pads with metal probes to actuate middle plate electrodes. Ground wires were
attached to the ITO coatings on both the top plate and the underside of the middle

plate. A spacer was placed between each layer with an approximate thickness of
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120 ym (Figure 32b). To translate the droplet, a voltage of approximately 110 Vepp

at 17 kHz was applied.

5.3.2 Bottom DuF Plate and Top Plate Fabrication

The bottom plate was fabricated in the California NanoSystems Institute
(CNSI) Integrated System Nanofabrication Cleanroom (ISNC) at UCLA. The
substrate consisted of a 7.5-cm long x 5-cm wide x 1-mm thick piece of soda-lime
glass. For patterning of the driving electrodes, the substrate was sputter-coated
with 100 nm of indium-tin oxide (ITO) using an Ulvac JSP 8000. The ITO was
coated with AZ5214 photoresist (spin-coated, 3000 rpm for 60 s), soft-baked on a
hot plate (110 °C for 60 s), and exposed to 170 mJ of UV light under a patterned
mask using a Karl Suss MAG6 contact aligner (soft contact). The plate was developed
using diluted AZ400K Developer (5:1 DI water to developer) for 60 s and rinsed
clean with DI water. The exposed ITO was subjected to a 13.5-min argon ion
milling process using an Oxford 80 Plus RIE (50 mTorr, 300 V RF bias, 400 V DC
bias, 40 sccm Ar flow rate) to remove the unwanted ITO. The plate was then
sonicated in methanol for several minutes to remove the remaining photoresist,
following by a rinse in DI water. The contact pads were covered with Kapton tape
and a dielectric layer consisting of 3.4 um of Parylene-C was deposited via chemical
vapor deposition (Specialty Coating Systems PDS 2010). Finally, a thin Teflon-AF
film was spin coated (2000 rpm for 60 s) and post-baked on a hot plate (110 °C for
5 min and 180 °C for 15 min) on top of the Parylene-C to provide a hydrophobic
outer surface.

The top plate, an ITO-coated glass slide, was coated with Teflon-AF.
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5.3.3 Middle DpF Plate Fabrication

The middle plate was fabricated by the same protocol as was used for the
bottom plate, with the following exceptions, highlighted in Figure 32c. A 100-nm
layer of ITO was sputter-coated onto the reverse side of plate as well as the top.
One surface of the substrate was patterned with actuating electrodes using the
previously described methods, while the other surface was left as a continuous ITO
layer. Prior to Parylene-C deposition, 1.1-mm diameter holes were drilled through
the plate at the center of various electrodes. After Parylene-C deposition, Teflon-AF
was deposited onto both sides of the plate using the same protocol as mentioned
previously. The drilled holes were mechanically scored to remove the hydrophobic

Teflon-AF coatings on the inside walls of the holes.

5.3.4 DYF Experiments
5.3.4.1 Vertical Functionality

A ~3-uL droplet of deionized (DI) water with 0.05% (w/v) Pluronics™ and
methylene blue dye was dispensed within the top plane. The droplet was
surrounded by 10-cst silicone oil to enhance mobility and facilitate droplet insertion

into the through-hole channel.

5.3.4.2 Calcium Alginate Hydrogel Particle Sieve

A calcium alginate hydrogel was created within a channel by delivering a 1.5-
ML droplet of alginic acid solution into the 1.1-mm diameter channel; this was
followed by a droplet of 100 mM CaCl; to gel the solution in situ. For the sieving

experiments, a droplet of DI water was mixed with 1 to 2-um diameter sulfonated
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polystyrene beads functionalized with carboxyl groups (Bang’s Laboratories,
Product #PC04N) and dispensed onto the top layer. A 2-pL droplet of the
suspension was delivered to the gelled channel and pulled through to the bottom

layer by actuating the bottom layer electrodes directly underneath the channel.

5.3.4.3 Calcium Alginate Hydrogel Fabrication and Characterization

Calcium alginate hydrogels were fabricated by merging a 2-uL droplet of
calcium dichloride (100 mM and 1 M) with a 2-pL droplet of 1.2 wt% alginic acid in
deionized water. The gelation process commenced immediately upon contact
between the two droplets and was allowed to continue for 15 min. The calcium
alginate hydrogels were characterized primarily by scanning electron microcopy
(SEM) and atomic force microscopy (AFM). SEM was used to view the pore
structure that resulted from mixing solutions of alginic acid and calcium dichloride
either horizontally or vertically. After gelation, the samples were removed from the
device to prepare them for SEM imaging. The fully hydrated gel samples were first
frozen by immersion in liquid nitrogen and cut in half with a razor blade along the
axis of diffusion. The thawed samples then underwent a stepwise dehydration in
methanol by soaking them first in 100% DI water, followed by 10 min each in 25,
50, 75, 90, and 100% methanol solutions. The dehydrated samples were then
supercritically dried to render a dry, sponge-like gel [118]. This step was necessary
because allowing the gel to dry through evaporation caused collapse of the gel
structure via capillary forces. The dried samples were sputter-coated for 90 s to
deposit approximately 10-15 nm gold-palladium, and viewed using a JOEL JSM-

6700F FE-SEM.
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To analyze physical properties of the calcium alginate gels formed on-chip,
AFM was performed on hydrated samples immersed in DI water using a Veeco
Dimension Icon Scanning Probe Microscope. The Young’s modulus was determined
by probing the hydrated gel and calculating the stiffness based on cantilever
deflection [116]. Bruker DNP-D probes were used in an aqueous environment. The
spring constant of the probes were first calibrated by measuring the thermal noise
and fitting the response of a simple harmonic oscillator in fluid. The sample stiffness
was measured by fitting probe deflection curves according to the Sneddon model

and eliminating close range sample-probe interactions [115, 116].

5.4 RESULTS AND DISCUSSION

5.4.1 Vertical Functionality

In this section, we describe the process for moving a droplet from one layer
of the device to another and the underlying principles. In the proof-of-principle
experiment, shown in Figure 33 and Video S1 (Supplemental Information), droplets
were brought into the channel from the top layer through standard DuF electrode
actuation. Scoring the channel walls rendered them hydrophilic and helped the
water droplet pass through. Immersing the water droplet in silicone oil helped
reduce the surface tension of the liquid and effectively reduce the surface
roughness of the channel walls, which enhanced droplet mobility. Electric potentials
were then applied to the bottom layer electrodes to pull the water droplet away
from the hole in the bottom plate. Typically some liquid was left behind at the

channel’s hydrophilic walls. If the walls were pre-coated with the silicone oil, the
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droplet could be separated from the walls more readily without leaving any liquid
behind.
The capillary length 2. is defined by Equation 24; it is roughly 2 mm for water

in air and 250 pm for water in oil.

Ae= |— Equation 24

Below the capillary length scale, surface forces dominate over gravity [14].
When aqueous droplets come into the vicinity of the hydrophilic channel walls and
are drawn near them, the radius of curvature will change at the contact line and will
result in a pressure differential. To satisfy equilibrium conditions, the droplet will be
forced through the hole. The contact angle is described by Young’s equation [9,

14].

— Ysv + Vst
Y

cos6 Equation 25

The sequence shown in Figure 33 could be reversed. Droplets in the bottom
layer were moved under the hole where they joined with any residual water
adhering the hydrophilic walls of the channel. The middle plate electrodes were
actuated to pull water back up through the channel to the top layer. Droplets were
then pulled off from the channel onto the top layer, leaving some residual water on

the channel walls.
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Figure 33. Images showing vertical droplet functionality. The initial conditions (left)
and experimental verification (right) of reversible vertical functionality on a DuF
platform using a through-hole to act as the conduit between the vertically stacked

layers. Scale bar = 1 mm.

Water droplets could be moved reversibly between the bottom and top layers
several times without loss in functionality. Droplets in the bottom and top layers
could also be actuated simultaneously. Automating the actuation of droplets on
both levels enables lab-on-a-chip procedures with significant versatility and
throughput, as the layers can be stacked and access provided between each layer.
This eliminates the limitation on system size imposed by standard photolithography

fabrication methods.
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5.4.2 Characterization of Droplet Forces and Design Parameters

In earlier work by Lee et al., a horizontal capillary on a DuF platform was
created and characterized [38]. Because vertical functionality is new to the DuF
platform, we proceeded to estimate the force required to insert droplets into a
channel between the layers, as this will dictate device design parameters such as
the channel radius, gap height, and electrode dimensions needed for insertion.
Droplets of water have a characteristic capillary length, 4, of around 2 mm,
according to Equation 24. The dimensions of typical DuF devices, including the ones
used in these experiments, are below the capillary length, so gravitational forces
were ignored in the following derivation.

The modeling of droplet insertion was done for four scenarios, which will be
referred to as the initial, trapped, suspended, and final phases (Figure 34). After
positioning the droplet above or below a channel, the droplet will assume one of
these static conditions. In which scenario the droplet comes to rest will depend on
factors such as the Laplace pressure differential and the frictional forces present.
These static conditions necessary to transition a droplet from one scenario to the
next were considered most important for establishing the design parameters. In

this first-order analysis, we did not consider the dynamics of droplet insertion.
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Figure 34. (a) Side schematic of the initial, trapped, suspended, and final scenarios
showing the droplet-channel interactions. The hatched areas indicate the
hydrophobic top coatings, the light grey areas represent the hydrophilic glass
substrate, and the dark grey area represents the water droplet. (b) A free body

diagram highlights the equilibrium forces using wide, blue arrows.

During the initial phase, the droplet is assumed to have been positioned over
the channel via electrowetting forces. Once the applied voltage is removed, the
droplet returns to the non-wetting state and rests above the channel. In this initial
state, the droplet is subjected to both a Laplace pressure differential and static

friction forces. The Laplace pressure differential, AP, is defined below (Equation 26).

1 1
AP =y, (r— + —) Equation 26
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The Laplace pressure at the surface of the sandwiched droplet is different to
that of the droplet at the channel opening because of differences in geometry
relating to the radius of curvature. The radius of curvature of the sandwiched
droplet is defined by Equation 27 and Equation 28, where r; and r, are the principle
radii of curvature, h is the gap height between the parallel plates, 6 is the contact

angle, and V is the droplet volume.

= Equation 27

1™ 2cos0 9

r, = 1 Equation 28
Th

The radius of curvature at the channel opening, . =r, =, resembles a spherical

cap and reduces to the capillary pressure, p., defined as Equation 29.

_ 2yiycos@

Ppe=—7T—" Equation 29
7/'C

When these two pressures differ, a net driving force acts on the surface, s, which

strives to equilibrate the system (Equation 30).

F=(—P)"s Equation 30
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The frictional forces were calculated as the work of adhesion associated with
changing the contact angle of water on Teflon-AF® from a sessile drop position to
its receding contact angle of approximately 105°. Liquid droplets flowing through a
capillary tube will experience resistive forces that arise from contact angle
hysteresis, contact line friction, and viscous shear forces from the wall and the
surrounding medium [213]. The correct mechanisms and modeling for these drag
forces in both static and dynamic conditions are not fully understood or agreed
upon [14]. The following analysis incorporates only the contact angle hysteresis
effect, for two reasons. First, the droplet modeling was assumed to be from a static
position above the open channel. In this scenario, the droplet has been positioned
over the channel via electrode actuation, and as the droplet comes to rest, the
velocity, and therefore the dynamic viscosity, becomes zero. Second, empirical data
guantifying the viscous drag forces have been found to be from one to several
orders of magnitude smaller than both the contact angle hysteresis effect and the
driving capillary forces during actuation [213]. Once the capillary forces are large
enough to drive the droplet into the channel, and the velocity is greater than zero,
the droplet immediately comes in contact with the hydrophilic glass walls and
generates a capillary force far greater than the viscous drag forces that arise during
the dynamic episode of droplet insertion. The contact angle hysteresis, however, is
manifested as resistance to droplet movement from a static position and must be
included in the modeling. The resistive force arising from contact angle hysteresis
can be thought of as a shear frictional force given by the integral of the change in

work of adhesion AW, at the interface [214].
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Equation 31 shows how the work of adhesion is related to the three surface
tensions, which are directly related to the energy associated with changing the

interfacial contact areas [215].

W = ySV + yLV - ySL Equatlon 31

The change in work of adhesion can be expressed in terms of the receding
and advancing contact angles for the static friction case [214, 215]. Substituting
Equation 25 into Equation 31 yields the resistive force per length derived from the

work of adhesion (Equation 32).

AW =y, 4]|cos 6| Equation 32

The normal force of the Laplace pressure at the droplet edge of the top layer
is thus resisted by a work of adhesion that acts at both the top and bottom
interfaces of the droplet. By multiplying the equation above by a factor of 2 to
account for each plate, and by normalizing the force by the surface area to obtain
the normal force acting in the opposite direction of the Laplace pressure, the three
primary forces can be combined to form the expression below that describes the

equilibrium condition for droplet insertion, Fj, Equation 33).

F.(V,h1,0) =0 = (AP; — AP,) + (AW, — AW,) Equation 33
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The electrode size (width w and length /) and gap height h dictate the
minimum droplet volume that can be actuated [19, 216]. By solving Equation 10
for ., one can see how these device dimensions also determine the minimum
channel radius that will permit droplet insertion for a given droplet volume
(Equation 34). This equation can be used to predict whether a droplet positioned

over a channel will remain in the initial scenario or pass into the channel.

2h(cos 6, — 2A|cos 6,4])

o 2cos 8, —24|cos 6,z| Equation 34

lw

h

=

If the Laplace pressure is large enough to overcome the capillary pressure
exerted upwards by the hydrophobic layer and the frictional forces that arise from
the contact angle hysteresis effect, the droplet will move downwards to reduce the
Laplace pressure differential. As the droplet moves downward, it will quickly pass
the narrow thickness of the hydrophobic layer and come into contact with the
hydrophilic glass walls (the contact angle for soda lime glass 6, was measured with
a contact angle goniometer to be ~ 5°). When the droplet touches the hydrophilic
walls, the change in surface tension causes a substantial change in contact angle to
a near complete wetting condition, and the relatively large capillary force drives the
droplet downward through the channel. If the volume of the droplet is less than the
volume of the channel, the droplet could become trapped.

Even if the droplet volume is greater than the channel volume, it could
become suspended rather than pulling through to the bottom plate. Rendering the
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channel walls hydrophilic is of paramount importance for ensuring complete droplet
passage. When channels with hydrophobic walls were tested, we found that
droplets would not spontaneously pull through. This behavior can be modeled by
using Equation 33, and considering the forces present at the droplet edges that
tend to drive the droplet into the channel along with the forces acting in the
channel that oppose this motion. In the absence of hydrophilic channel walls,
droplet insertion is dictated by a competition between the droplet geometry above
and below the channel. As the pressure differential overcomes the initial pressure
required to move the droplet into the channel, the volume and surface area of the
droplet above the channel decreases. This leads to a decrease in the driving force,
and the droplet quickly comes to rest as the forces equilibrate. Solving Equation 10
shows that for a droplet volume < 0.65 pL and a channel diameter of 1.1 mm, the
capillary forces exceed the insertion forces (Figure 35). Indeed, our experiments
showed that with these volumes and dimensions, vertical functionality could only be
obtained with hydrophilic walls. It would theoretically possible to achieve vertical
functionality by adding several droplets to the channel to increase the driving

Laplace pressure differential, but this strategy would be inefficient.
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Figure 35. The droplet size (volume and radius) vs. the driving insertion force and
the capillary force that resists droplet insertion. The insertion force is largely
dependent on droplet size, while the capillary force remains relatively constant. The
competing forces demonstrate the difficulty of moving a droplet through a channel
with hydrophobic walls. The resistive capillary forces exceed the insertion forces a
droplet volume of 0.65 pL. A larger droplet will move into the channel, but the
insertion force will gradually decrease as the volume of the droplet above the
channel decreases. The plot was prepared using our experimental conditions: a 1.1-

mm diameter channel, a 1-mm thick middle plate, and a 120-um gap height.

Once the droplet is pulled further down, the droplet comes into contact with
the edges of the hydrophobic layer on the bottom side of the middle plate. This
results in a capillary force that opposes downward motion. The strong capillary
forces that derive from the hydrophilic glass walls also act to restrain the liquid

from moving into the bottom layer. To model the suspended and final scenarios and
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determine the pressures needed to allow the droplet to overcome these capillary
forces, we used a similar approach to that used for droplet insertion. The final
phase requires modifying Equation 33 to incorporate the strong capillary force

imposed by the hydrophilic glass wall p.; into Equation 35.

F.(V,h1.,0) =0 = (AP; — AP.; — AP,,) + (AW, — AW,) Equation 35

Once the droplet is injected into the bottom layer by overcoming these
forces, the droplet enters the final phase. In the final phase the droplet is in contact
with the bottom plate. Applying a voltage to electrodes on the bottom layer in
contact with the droplet can then result in the generation of electrowetting forces
that pull the droplet into the bottom layer.

Plotting Equation 33 and Equation 35 yields Figure 36, a series of correlations
between critical device geometries and the pressures generated. Figure 36a is
useful as a guide for DuF electrode design relating the electrode size to the
minimum channel radius necessary to achieve vertical functionality with a single
droplet to enter either the initial phase or the final phase. For a given electrode
dimension, Equation 34 dictates the minimum channel radius required to obtain the
necessary pressure differential to drive the droplet into the channel. It is important
to note that the addition of multiple droplets is a practical method for increasing the
pressure differential to a magnitude capable of driving droplet insertion. If droplet
insertion does not routinely enter the final phase, a more efficient design may make

use of proper dimensioning given by Equation 34.
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It is interesting to note that the surface tension does not appear in Equation
34; however, the contact angle is directly related to the Laplace pressure and the
work of adhesion through Equation 33 and Equation 35. Immersing the water
droplet in oil increases the contact angle [217] and reduces contact angle
hysteresis, which makes it possible to insert droplets into channels with a smaller

radius and makes vertical functionality easier to achieve (Figure 36b).
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Figure 36. Correlations between the device geometry and characteristics related to

vertical droplet functionality derived from Equation 33 and Equation 35. (a) The

minimum channel radius required for droplet the droplet to overcome the initial

phase and the final phase as a function of square electrode size; (b) the minimum

channel radius required for the droplet to overcome the initial scenario when

immersed in either oil or air as a function of square electrode size; (c) the driving

pressure for a droplet at equilibrium initial conditions as a function of gap height;

and (d) the resistive pressure for a droplet at equilibrium conditions in the initial

and final phases as a function of channel radius.

The gap height plays a large role in the Laplace pressure via Equation 26: it

decreases as the gap height increases. Therefore, the relationship between the gap
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height and the channel radius plays a significant role in whether vertical
functionality can be achieved, and should be a consideration in device design
(Figure 36c¢). Experiments testing larger and smaller gap heights corroborated
these findings, with larger gap heights making droplet insertion more difficult and a
smaller gap height making droplet insertion easier. In much the same way, the
resistive capillary pressure decreases with increasing channel radius (Figure 36d),
and Figure 36¢-d highlight that the driving pressure for water becomes greater than
the resistive pressure for all gap heights at a channel radius of around 1 mm.

If the driving force for droplet insertion is greater than the minimum initial
threshold but less than the final force required for injection into the bottom layer,
vertical functionality can only be achieved if the height of the spherical cap
protruding through the channel is large enough to allow the liquid to contact the
opposing electrode to enable actuation. The height of the spherical cap is related to

the channel radius by Equation 36.

h=—_¢ _ J( e )2 _r2 Equation 36
cosB,, cos 0,, ¢
Solving for the height of the spherical cap as a function of the volume
requires solving a cubic equation and is not trivial. Therefore, the most
straightforward tool for checking this design parameter involves first solving for the
minimum channel radius via Equation 34. Upon choosing a channel radius greater

than this minimum, one can check the height of the maximum spherical cap via
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Equation 36. If this height is greater than the gap height, one may achieve vertical

functionality prior to the final burst-through phase conditions.

5.5 APPLICATIONS

5.5.1 Sample-in-Sample Delivery with Spatiotemporal Control

Vertical functionality enables droplet delivery through the through-hole
channel to a specific region of a sample positioned in the layer below. Diffusion
assays are one type of application that could benefit from this functionality. These
assays typically require the ability to control the location and timing of reagent
delivery [218]: for example, to control cell-cell communication and phenotypic
responses in cellular co-culture systems [219, 220].

To demonstrate the ability to deliver specific reagents to an internal location
within a much larger sample positioned in the bottom layer, DI water droplets
containing colored dyes were delivered to a reservoir of DI water from the top to
the bottom layer. A large volume of DI water was dispensed on the bottom layer to
emulate a homogenous liquid sample analogous to a single cell or co-culture
system. Through-holes fabricated within different electrodes were used to insert
discrete droplets of dyed water into a continuous water sample in the bottom layer
at varying time points (Figure 37). Droplets with blue dye were first positioned on
the top layer (Figure 37a). Droplet translation via DuYF actuation was performed on
each droplet (Figure 37a-c) to deliver them to distinct channels at specific time
points. One important observation is that this mode of droplet delivery makes it

possible to achieve a radially symmetric diffusion profile within the bottom layer
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sample. This capability provides a new and straightforward method for producing
chemical gradient profiles. An important application would be to create novel
hydrogel crosslink gradient profiles for tissue engineering studies.

To demonstrate the ability to automate the simultaneous delivery of two
different samples to separate channels, a droplet with blue dye and a droplet with
red dye were moved at the same time (Figure 37d-e). A second droplet with blue
dye was subsequently delivered to the channel containing the red dye (Figure 37f),
where the liquids spontaneously mixed.

Taken together, these experiments show that it is possible to use vertical
functionality to access the internal regions of a sample, delivering and mixing
reagents there with spatiotemporal control not previously achievable on a DuF

device.
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Figure 37. Spatial and temporal control of droplet delivery from the top to the
bottom layer. (a) Blue droplets positioned on top layer prior to translation and
insertion into the bottom layer containing bulk water. (a-c) Blue droplets are
translated via DUF actuation and inserted into the channels where they mix with the
continuous water sample in the bottom layer. (d) Blue and red droplets positioned
on top layer prior to translation and insertion. (e) Automated actuation was used to
translate a red and blue droplet simultaneously into separate channels to mix with
the continuous water sample in the bottom layer. (f) A second blue droplet was

delivered to same channel as the red droplet.

5.5.2 Calcium Alginate Hydrogel Crosslink Gradient

As noted in the Introduction, gradient hydrogels have diverse applications in
cell and tissue culture. Using hydrogels that have radially symmetric crosslink-
density profiles is one way to control cellular response times or migration patterns.
To make alginate hydrogels, aqueous solutions of calcium dichloride and alginic acid
are combined and gelation commences immediately. The crosslink density depends

on the relative concentrations of the two species and their rates of diffusion. Using
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conventional planar DuUF devices, samples can only be mixed by merging droplets
horizontally (side-by-side). Combining horizontally adjacent calcium and alginate
droplets would result in a crosslink density gradient across the droplet; it would not
be possible to create a radially symmetric liquid gradient or hydrogel this way.

We evaluated the feasibility of utilizing vertical functionality to fabricate radially
symmetric hydrogel gradients on a DUF device. The idea was to deliver a droplet of
CaCl, solution into a channel containing an alginate solution droplet centered below.
The expectation was that once the CaCl; solution made contact with the alginate
solution through the channel, calcium ions would diffuse into the alginate solution,
initiate the gelation process, and diffuse outwardly to form a radially symmetric
hydrogel. Vertical mixing was achieved by dispensing a 2-uL droplet of 1.2 wt%
alginate solution onto the bottom layer, and dispensing a 2-uL droplet of 100 mM
CaCl; solution onto the top layer (Figure 38b, bottom). The droplets contained
methylene blue dye to make them easier to image, and both solutions were
immersed in silicone oil to enhance mobility. The alginate solution in the bottom
layer was first centered underneath the hole by actuating electrodes in the bottom
plate. The CaCl; solution on the top layer was translated to the top of the hole
where it was spontaneously pulled in via capillary forces. The solution began mixing
immediately upon contact and diffusing into the more viscous alginate sample
below. To compare this result with what would be achieved with a conventional 2D
DUF device, droplets having the same composition were actuated and merged
horizontally within a single layer (Figure 38a, top). At least 15 min was allotted

after mixing to allow for gelation to complete prior to further manipulation.
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To visualize the hydrogel structure, the gels were gently removed from the
device to a glass slide. A 1-yL droplet of (approx. 10 mg/mL) methylene blue dye
was placed at the center of the hydrogel. After approximately 5 min, the hydrogel
was removed from the dye solution and photographed. Figure 38b shows that the
hydrogel formed by merging droplets side-by-side had a horizontal gradient in color
intensity, while the hydrogel formed using vertical droplet integration had a more
radially symmetric color gradient (Figure 38b).

Scanning electron microscopy (SEM) was used to image the internal hydrogel
structure and to validate the qualitative observations of the blue dye imaging
assay. The top row of Figure 38c shows an increase in pore size from left to right
across the gel sample, consistent with the visual assay (Figure 38b top) The pore
size is largest furthest away from the site of mixing because the calcium ion
concentration is lowest there (limited diffusion). The sample preparation protocol
alters the hydrogel structure; for example, methanol dehydration decreases
swelling. The internal hydrogel structure, therefore, is more useful for qualitative

comparisons than quantitative analysis.
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Figure 38. Calcium alginate hydrogel formed by vertical and horizontal mixing. (a)
Side view of calcium alginate mixing methods; (b) top down views of methylene
blue-dyed hydrogels formed by horizontal mixing (top) and vertical mixing
(bottom); (c) SEM images from three sites across the horizontally-mixed gel (top
row) and vertically-mixed gel (bottom row); (d) Young’s modulus of vertically-
mixed gels made with two different CaCl, concentrations; (e) Young’s modulus vs.
distance from the mixing site. The error bars correspond to standard error with n >
10.
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The bottom row of Figure 38c shows the SEM images of the gel formed using
vertical mixing. The images show a much lower crosslink density on the left and
right compared with the center, the locus of initial mixing. The crosslink density
gradient appears qualitatively to be radially symmetric and is consistent with what
was observed via the visual assay.

A gradient in crosslink density will result in a stiffness gradient. One way to
measure the stiffness of a hydrogel is to use AFM and calculate the Young’s
modulus. We used this method to compare the stiffness gradients of hydrogels
prepared by horizontal and vertical mixing (Figure 38d). First, gels were made
using either 1 M or 100 mM CaCly; their stiffness was characterized by AFM and the
results compared with literature values to validate the method [100, 113, 221].
After establishing both the accuracy and precision, we used AFM to characterize the
stiffness across each gel, determining the Young’s modulus at the mixing site and
1/3, 2/3, and all the way across the gel for the horizontally mixed samples, and at
similar distances for the vertically mixed samples. Figure 38e shows that for both
types of gels, the stiffness decreased significantly with increasing distance from the
initial site of mixing. The gradients in gel stiffness are qualitatively consistent with
the gradient in crosslink density shown in the SEM images.

These experiments demonstrate that radial gradients in hydrogel crosslink
density can be generated using vertical functionality on a DuF device. This method
for fabricating gradient hydrogels can be applied to on-chip tissue engineering
applications and other hydrogel-based assays. For example, cells are encapsulated
within hydrogels for cell migration assays that are used to probe phenomena such

as wound healing and cancer progression. It should be possible to control both the
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porosity and stiffness gradients of the hydrogels and determine how cell migration
and other behaviors depend on these physical characteristics. In turn, this may
facilitate development of improved tissue models, leading to greater understanding
of the role of gradients in tissue development and transformation. Hydrogels with
radial crosslink density profiles could also prove useful in lab-on-a-chip drug

screening assays.

5.5.3 Embryoid Body (EB) Sample Retrieval

In general, the long-term culture of EBs requires the ability to create hanging
drops that promote spheroid development, and to exchange media to add growth
factors so that the culture can be maintained for extended periods of time.
Recently, Aijian and Garrell [181] demonstrated cell spheroid formation and growth
in hanging droplets using a DuF platform. A challenge that was identified with the
device design was that it was not easy to retrieve and relocate the spheroids, once
formed, without dismantling the device. Actuating the electrode near the hanging
drop would pull away some of the liquid from the well while leaving the spheroid in
place in a small amount of residual liquid. While this is a good feature for medium
exchange, it renders the sample immobile.

An example where it may desirable to relocate or retrieve a spheroid is the
culture of EBs for cardiomyogenesis and certain cardiomyogenic assays. The ability
to impart electric fields to actuate and sense cellular characteristics, for example,
requires the sample to be positioned near electrodes [120, 222, 223]. We
hypothesized that using a second plane below the hanging drop would provide a

path for a delivering a new droplet to the hanging drop that could be used to
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retrieve the EB. We designed an experiment to retrieve an embryonic stem cell EB,
formed as described in [224], from a well by delivering a droplet of media to the
hanging drop via the bottom layer. We found that the EB fell into the droplet on the
bottom layer when the two droplets came into contact. The droplet on the bottom
plane containing the EB was then actuated and moved away from the channel and
back in between the parallel plate electrodes, as shown in Figure 39 and Video S2

in the Supplemental Information.

(d)
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Figure 39. An EB (left image) inside of an on-chip well, and the protocol used for
media replacement and sample retrieval. A side-schematic showing the protocol for
EB growth and media replenishment for long-term culture via the top plane (a), and
spheroid retrieval (b-c) and sensing (d) via the bottom plane. The images below the
schematic highlight an EB inside of the well (dotted circle). A droplet is moved to
the well from the bottom plate (center image). After the droplets merge, the EB
falls to the bottom layer, and the droplet can be actuated away with the EB sample

inside (right image). Scale bar = 1 mm.
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This experiment shows that it is possible to use the top plane to deliver a cell
suspension, exchange media, and deliver growth factors in order to culture EBs,
and to use the bottom plane to retrieve the sample at a later time. Subsequent
processing can then be performed, such as exposing the EB to electric fields for
directing differentiation or impedance sensing, or delivering the EB to an adhesion

pad for monolayer growth and monitoring.

5.5.4 Particle Sieving

As a final application, we used vertical functionality to create a hydrogel
within a channel that could act as a particle sieve. This application was motivated
by bead-based immunoassays. These assays are promising because of their
selectivity and specificity, but they require easy and effective ways for sorting,
trapping, and filtering microparticles [218]. Recently, Chen et al. showed that
hydrogel posts could be fabricated on a device to mechanically filter particles [225].
Droplets were brought into contact with either side of the posts; particles in the
droplets could be sieved based on the hydrogel post spacing. The primary limitation
to this approach is the micro-post fabrication. The posts must be fabricated before
performing any assays, they cannot be altered in situ, and the filtering capabilities
are constrained by the difficulty in achieving fine spacing of the posts. Additionally,
the fixed post length constrains the droplet size. Larger droplet volumes may allow
particles to flow around the posts if the posts don’t extend far enough to each side,
whereas our design requires the entire droplet to pass through the channel

regardless of volume.
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For our proof-of-principle experiment, a calcium alginate hydrogel was
fabricated within a channel and a polystyrene bead contained droplet was pulled
through it as it passed from the top layer to the bottom layer. The water was able
to pass through the gel and form a new discrete droplet on the bottom layer that
did not contain any of the polystyrene beads. As shown in Figure 40, the beads
were effectively sieved by the gel and remained on the top layer (Video S3 in
Supplemental Information). This experiment was repeated using 10-pm sized
polystyrene beads that were closer to cells in size. Again, a droplet was successfully

sieved through the gel onto the bottom layer.
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Figure 40. Schematic and experimental images showing a droplet of DI water

containing 1-2-um diameter polystyrene beads being pulled down from the top
layer through a hydrogel sieve to the bottom layer. The side schematic (left)
depicts a droplet containing the polystyrene beads on the top layer next to a
channel with a calcium alginate hydrogel spanning its length. The droplet is pulled
through to the bottom layer leaving the beads behind, effectively sieved by the
calcium alginate hydrogel. The top-down images (right) show the experimental
equivalent of these steps. The darker droplet contains the polystyrene beads. Once
the droplet is pulled through to the bottom layer, the droplet is clear again after the
beads are sieved by the calcium alginate hydrogel in the channel. Scale bar = 1

mm.

This technique for hydrogel-based particle sieving pulls the entire sample
through the channel and into the bottom layer. This effectively filters out all
particles that are larger than the gel pore size. The hydrogel crosslink density and
porosity can be tailored to different sizes based on gelation conditions and
component concentrations providing an easy way to tailor particle-sieving
characteristics in situ. Conveniently, calcium alginate can be gelled and de-gelled

through the delivery of a monovalent cation solution, such as sodium chloride. This
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property would enable sieves to be created and eliminated as needed during a
multi-step protocol. It also enables recovery of the trapped particles for

downstream processing or analysis.

5.6 CONCLUSIONS

We have described the incorporation of through holes on a multi-layer planar
DUF device as a means to introduce vertical functionality, specifically, the electric
field-induced actuation of discrete liquid droplets between the layers in addition to
the conventional movement within each layer. Three functional applications were
demonstrated. First, sample-in-sample droplet delivery was performed with
spatiotemporal control, and was used to produce a calcium alginate hydrogel having
a radially symmetric crosslink gradient. Second, a method for producing cell
spheroids on-chip was enhanced by demonstrating a means for retrieving the
sample for downstream processing. Finally, an on-chip hydrogel sieve was
fabricated that enabled complete particle removal.

Since the initial development of DyF, its uses and capabilities have expanded
considerably and are quite diverse, despite the limitation of actuating droplets
within a single two-dimensional plane. Incorporating vertical functionality can
enable many useful and interesting applications of DuUF platforms, including studies
of surface interactions, membrane dynamics, bioseparations, and drug delivery.
Further enhancements for specific applications are possible. These could include
tailoring the channel geometry and surface chemistry, as well as optimizing the

channel size, electrode geometry, and actuation voltage for specific processes and
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for liquids other than water. Importantly, this approach described here is not
limited to two layers; multi-layer stacks and interesting electrode designs could
facilitate more complex 3D manipulations. Stacking multiple layers could also
significantly increase the potential size of DuF platforms that are generally subject

to the constraints of standard photolithography fabrication methods.
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6 LAB-ON-A-CHIP PLATFORM FOR CULTURING AND ASSAYING CARDIOMYOCYTE

TISSUE DERIVED FROM HUMAN EMBRYONIC STEM CELLS

6.1 ABSTRACT

Automated 3D tissue culture platforms that incorporate non-invasive assay
capabilities have the potential to advance basic research on cardiomyogenesis and
to support non-invasive assays of cardiotoxicity. A novel digital (droplet)
microfluidic (DuF) system has been developed to enable automated stem cell
culture for cardiomyogenesis. Aliquots of stem cell suspensions are delivered to
on-chip wells to create hanging drops in which compact embryoid bodies (EBs) form
after two days. The device materials support long-term culture (> two weeks) in an
incubator, during which time differentiation of the EBs into beating cardiomyocyte
clusters can be observed. The feasibility of performing drug assays in situ was
demonstrated by delivering to discrete EBs chronotropic and inotropic agents that
elicit changes to beating behaviors. The stacked, vertical architecture of the device
enables EB sample retrieval and downstream processing. The EBs can be positioned
so that electric potentials can be applied and the resulting changes in the
capacitance and impedance monitored. Beating parameters such as heterogeneity
and amplitude can thereby be observed. This in vitro culture platform is not limited
to cardiomyogenesis. It supports differentiation of stem cells into a broad range of
3D tissue samples, the delivery of chemical and/or electrical stimulation to them,

and non-invasive assays of phenotypic behavior.
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6.2 INTRODUCTION

Cardiomyogenesis via embryonic stem cell (ESC) differentiation is how
achievable in the laboratory. Although the process for differentiating stem cells into
functional, mature cardiac tissue is still not fully understood [61, 68], applications
that employ the in vitro culture and testing of cardiomyocytes have been
expanding. Systems have been developed that permit the high-throughput culture
of ESC-derived cardiomyocytes [226], or that can dynamically sense beating
activity [227], bioimpedance [120, 228], or metabolic activity [229]. These systems
are being used to study pharmacokinetics of therapeutics, cardiomyocyte
maturation, and the feasibility of implantable tissue engineered constructs [68].
The existing platforms have shortcomings or constraints, however, that limit their
applicability [6]. For example, many of these systems cannot act as a culture
platform, so samples must be transferred to these standalone systems. These
additional steps can be laborious and introduce the potential for errors. These
platforms are also largely designed for 2D culture systems, which can fail to
encompass in vivo behavior that 3D systems can better mimic. Digital microfluidic
(DUF) systems may be able to overcome these limitations by streamlining and
automating the liquid handling steps to culture and assay 3D cardiomyocyte tissue.

High-throughput systems increase the scale of assays while reducing costs,
and process automation can improve accuracy, precision, and repeatability [230].
Among currently available automated culture platforms for research in cellomics,
and particularly cardiomyogenesis, few miniaturized systems enable long-term

stem cell culture with integrated sensing capability [212]. One of the most common
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approaches to culturing and differentiating ESCs is through the formation of EBs
[231]. EBs are spherical clusters of ESCs that have adhered together during the
culture process. The first approach taken towards creating ESC-derived EBs was by
culturing ESCs on petri dishes altered to have non-adherent conditions [232]. After
a few day in culture, the ESCs naturally coalesced and adhered into EBs. A major
drawback of this method was the inability to create homogenous, uniformly-sized
EBs. Uniform EB development became more important as size-dependency
emerged as a factor in fate specification. The hanging drop method was developed
and has become a widely used method for forming EBs. Small volumes of a cell
suspension are pipetted onto a petri dish as individual droplets. The petri dish is
then inverted so that the droplets hang below, letting gravity bring the cells
together over time so that they naturally adhere to each other and form EBs

(Figure 41).

—

Figure 41. Schematics for creating hanging drops. (a) A conventional hanging drop
schematic showing droplets of cell suspension pipetted onto a substrate such as a
petri dish or cover slip. (b) A digital microfluidic schematic for creating hanging

droplets by actuating droplets towards a well in the bottom plate.

With known volumes and cell densities, the hanging drop method can

produce EBs with a much tighter size distribution, but the method is labor intensive
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and prone to variability [233]. Also, the hanging drops must be detached after a
few days as the media becomes depleted of nutrients, preventing the method from
being used in experiments designed to study long term, suspension-based
conditions. Other methods have been explored to automate and standardize EB
development. Stirring bioreactors have found success in creating large-scale
quantities of EBs with a relatively uniform size [234]. Microwell platforms are
another automated, high throughput technique for creating uniformly-sized EBs
[232, 235]. Channel-based microfluidic devices have been designed to create
microwell-like devices [236], and have been cleverly designed to incorporate
methods for in situ monitoring [237]. Automated 96-well plate systems that are
often paired with specially designed plates that facilitate hanging drop formation
can also achieve impressive scale [94]. Despite the ability to create large-scale
quantities of EBs using these methods, a major drawback is the inability to access
individual EBs, retrieve them, or alter culture protocols in real time.

Methods for monitoring the electrophysiology of 3D cardiomyocyte tissue lack
breadth because the majority of techniques are designed for 2D cultures.
Characterizing the electrophysiology of cardiomyocytes is important for diagnosing
and understanding heart physiology and developing new therapeutics [126, 127];
particularly for preventing and treating arrhythmias [129]. Many
electrophysiological recordings are performed using the patch-clamp method. It is
invasive and limited to recording the action potentials of single cells [125], and so
cannot be used to monitor whole tissue behavior. A common method for monitoring
and quantifying 3D cardiomyocyte tissue is through video analysis [122, 138].

Visual assessment can be challenging because the tissue sample itself can obscure
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specific regions of interest [238]. And while EBs have been plated onto
microelectrode arrays [121], it would also be difficult or impossible to monitor field
effects derived from the internal regions of a 3D tissue sample with this type of
platform. Impedance sensors have been developed for monitoring cardiomyocytes
with a planar microelectrode array, in which a 2D cell monolayer is attached to the
surface [120, 239]. A disadvantage is that 2D monolayers are not as good as 3D
cultures in mimicking the behaviors of real tissues. For example, cell-cell
communication that exists in 3D EBs has been shown to stimulate early
cardiomyogenesis [240]. It would therefore be advantageous to develop a cell
culture platform that can be used to perform non-invasive functional assays on 3D,
non-adherent cell cultures.

In this paper, we describe innovations in DUF to support long-term stem cell
culture for cardiomyogenesis. DUF systems use applied electric fields to take
advantage of electrowetting and dielectrophoretic forces [15, 30]. These
phenomena make it possible manipulate liquid droplets in the range of picoliters to
microliters [19]. DuF lab-on-a-chip process functions may include dispensing,
splitting, mixing, and translating [16]. The conditions for applying DuF to long term
cell culture conditions will be discussed, as well as some characterization of droplet
actuation within a cell culture environment. A new DuF device design that permits
vertical functionality using stacked layers was used to show the feasibility of EB
sample retrieval and downstream processing. We also show that hESCs can be
cultured and differentiated into cardiomyocytes, as evidenced by the onset of
beating. Chronotropic stimulation of beating EBs was performed to demonstrate the

ability to perform phenotypic drug screening. Impedance sensing was
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demonstrated as a new method for monitoring 3D EB maturation and inotropic

stimulation non-invasively on a DuF platform.

6.3 METHODS

6.3.1 Device Fabrication and Operation

Bottom DuF plate fabrication was conducted in the California NanoSystems
Institute (CNSI) Integrated System Nanofabrication Cleanroom (ISNC) at UCLA.
The substrate consisted of a 7.5 cm long x 5 cm wide x 1 mm thick piece of soda-
lime glass. For patterning of the driving electrodes, the substrate was sputter-
coated with 100 nm of indium-tin oxide (ITO) using an Ulvac JSP 8000. The ITO
was coated with AZ5214 photoresist (spin-coated, 3000 rpm for 60 s), soft-baked
on a hot plate (110 °C for 60 s), and exposed to 170mj of UV light under a
patterned mask using a Karl Suss MA6 contact aligner (soft contact). The plate was
developed using diluted AZ400K Developer (5:1 DI water to Developer) for 60 s
and rinsed clean with DI water. The exposed ITO was subjected to a 17 min argon
ion milling process using an Oxford 80 Plus RIE (50 mTorr, 300V RF bias, 400V DC
bias, 40 sccm Ar flow rate) to remove the unwanted ITO. The plate was then
sonicated in methanol for several min to remove the remaining photoresist,
following by a rinse in DI water. The contact pads were covered using 2-mil thick
Kapton tape, and a dielectric layer consisting of 3.4-um Parylene-C was deposited
via chemical vapor deposition (Specialty Coating Systems PDS 2010). Finally, a thin
Teflon-AF film was spin coated (2000 rpm for 60 s) and post-baked on a hot plate

(110 °C for 5 min and 180 °C for 15 min) on top of the Parylene-C to provide a
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hydrophobic outer surface. The top plate, an ITO-coated glass-, was coated with
Teflon-AF as well.

Middle DuF plate fabrication followed the same protocols as the bottom DuF
plate with the following exceptions: a 100 nm layer of ITO was sputter-coated onto
the reverse side of plate in addition to the top side. One surface of the substrate
was patterned with actuating electrodes using the previously described methods
while the other surface was left as a continuous ITO layer. Prior to Parylene-C
deposition, 1.1-mm diameter holes were drilled through the plate at the center of
various electrodes; after Parylene-C deposition, Teflon-AF was coated onto both
sides of the plate using the same protocol as mentioned previously (Fig 3). Prior to
droplet manipulation, the drilled holes were mechanically scored to remove the
hydrophobic coatings on the inside walls of the holes. Two-pym SiO; layers were
deposited using an ULVAC j-sputter machine, and a 2-um SixN, layers were
deposited by sputtering silicon under nitrogen flow.

The DropBot system developed by Fobel et al. [192] was used for DuF device
actuation. Long wire cable assemblies were purchased (Digi-Key, USA) to enable
the device to be positioned inside of an incubator while the rest of the DropBot
equipment and signal amplifier remained on the bench top beside the incubator.
This prevented as many electronic components as possible from experiencing
unnecessarily high levels of humidity that could result in electronic malfunction or
corrosion. The pDrop software developed for use with the DropBot system enabled

the developed automated protocols and feedback measurements.
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6.3.2 Evaporation Tests

The droplet evaporation tests were performed by placing a 1-pL droplet of DI
water on a DUF device between two Teflon coated slides with a gap height of 120
pm. The droplet volume was calculated geometrically based on time-lapse image
analysis performed using Image] software. The droplet was allowed to evaporate on
the bench top, in an un-equilibrated incubator, and an incubator that had
equilibrated overnight. A humidifier and thermometer verified the bench top test to
be approximately 22 °C and roughly 40 %RH. The un-equilibrated incubator test
was performed by first leaving the door open for 30 s to allow the humidity to
dissipate to a value close to atmospheric conditions (~36.5 °C and ~38 %RH). To
assess equilibrium conditions, a droplet left overnight in the incubator was re-

recorded the following day over the same duration.

6.3.3 Droplet Velocity Measurements

The feedback measurements developed by Fobel et al. [192] for the DropBot
system and the uDrop software enabled the velocity testing performed in this work.
Droplets were actuated across adjacent electrodes using an 80 V field at 20 kHz.
The instantaneous velocity was recorded as the droplet moved between electrodes.
The device was placed in an incubator that had been open for enough time to allow
the humidity to reach atmospheric conditions. The temperature quickly equilibrated
at 37 °C, but the humidity equilibrated slowly. This allowed a programmed
sequence to be performed as the humidity levels slowly rose. The velocity
measurements were recorded until maximum humidity was reached in the

incubator. The device was then removed from the incubator and re-tested at
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atmospheric conditions to ensure the device was not permanently altered by the

incubating conditions.

6.3.4 Cell Culture

Cell suspensions of either HT-29 human colorectal adenocarcinoma cells or
BJ human foreskin fibroblasts (ATCC® CRL-2522™) were used to form cell
spheroids to demonstrate EB formation. To prepare the cell suspensions,
cryopreserved cell stocks were thawed and seeded in polystyrene dishes in growth
medium (DMEM, 4 mM L-glutamine, 10% FBS, 1% P/S solution). Cells were grown
to ~80% confluency, trypsinized, and re-suspended in growth medium with 0.04%
Pluronic® F-68 to enhance droplet movement at ~1e6 cells/mL for culture on the
device. Prior to use, the devices were sterilized by rinsing them with a 70%
aqueous ethanol solution and gently drying with compressed air.

To initiate hanging drop spheroid culture, the method developed by Aijian
and Garrell [181] was employed. Briefly, droplets of cell suspension were dispensed
from on-chip reservoirs and delivered to the location of a well, where they were
pulled into the well spontaneously via capillary forces. Approximately 5 dispensed
droplets of ~1 pL each were used to form a hanging drop.

Human embryonic stem cell (hESC) EBs were created at Prof. Atsushi
Nakano’s lab at UCLA (Department of Molecular, Cell & Developmental Biology,
UCLA, personal communication [8/13/2014 - 8/1/2015]) by culturing hESC
suspensions on non-adherent tissue culture plates for two days, where the cells
naturally aggregated into EBs. These 2-day-old EBs were then manually transferred

to DUF device wells and remain as hanging drops. Differentiation and downstream
125



processing continued from this point and was deemed equivalent to the 2-day EB
formation demonstrated with other cell lines. The stock culture medium and
differentiation protocol was also developed at Prof. Atsushi Nakano’s lab at UCLA.
Cell culture medium was replaced after 3 days in culture with proprietary growth
medium using the following sequence developed by Aijian [181]: (1) deliver a drop
of fresh medium to the hanging drop; (2) mix the liquid in the drop by repeatedly
pulling out and releasing a liquid finger from the well; (3) extract two drops of
liquid from the hanging drop; (4) deliver another drop of fresh medium to the
hanging drop. This method was determined to replace a sufficient amount of media
through repetitive dilution. At day seven, the process was repeated with a new
growth medium. Spontaneous beating began between days 6 and 7, and some
longer-term studies were continued by replacing the medium at day 10 with
medium containing no chemical additives.

The culture medium in the hanging drops was also exchanged with collagen
at day 9 in small set of samples and the cells were allowed to culture overnight
within the gelled collagen matrix. Beating was observable in these samples after 24

h, indicating no immediate adverse effects to viability or lineage.

6.3.5 Live/Dead Assays

Live/Dead assays (Life Technologies) were performed according to the
manufacturer’s specifications. Confocal microscopy (Leica, SP2 MP-FLIM) was used
to obtain a three-dimensional z-stack image (manufacturer’s protocol,
http://www.zmbh.uni-

heidelberg.de/Central_Services/Imaging_Facility/info/How%20t0%20SP2.pdf) of
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the fluorescence with excitation and emission wavelengths of calein (494/517 nm)
and ethidium homodimer-1 (528/617). Image] software was used to obtain percent
viability estimates by summing the fluorescence intensity of both green and red

filters.

6.3.6 Drug Assays and Video Recordings

Spontaneous beating was observed in EBs after 7 days in culture. After the
confirmation of beating, phenotypic drug assays of chronotropic stimulation were
performed. EBs were video recorded (~25 fps under 100-200x microscopy) to
observe the intrinsic beating behavior of each EB before chemical stimulation.
Media containing chemical stimulants were then delivered to the EBs and allowed to
culture for a minimum of 5 min in the incubator. The EBs were again video recorded
to observe any changes to the beating behavior. The goal was to use agents with
known chronotropic and inotropic effects to hESC-derived cardiomyocytes to verify
the validity of the assay protocols. The stimulants used included 5 mM epinephrine,
5 uM epinephrine, 5 mM caffeine, 5 pM caffeine, and medium containing no
chemicals as a control. Videos of beating behavior were recorded and subsequently
analyzed for beating frequency and rhythm. Timing between major contractions

were measured 3 times and averaged for each EB.

6.3.7 Impedance Assays and Inotropic Stimulation
Impedance spectroscopy was performed using the DropBot feedback system
and the pDrop software [241]. The EBs were positioned between electrodes after

EB retrieval. EB retrieval was accomplished using a vertically stacked DuF
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architecture. A droplet of media was delivered to the hanging drop via a bottom
layer, the EB fell to the bottom layer after the droplets merged, and a droplet was
dispensed from the well on the bottom layer containing the EB. Impedance
spectroscopy was performed using an 80 V signal at 15 kHz. Using a standard
lumped circuit analysis [14], the voltage penetrating the sample was calculated to
be approximately 1 mV. AC fields at frequencies of less than ~5 Hz can induce
field-evoked activity and pacing, fields between 100-1000 Hz can induce conduction
block, and fields at frequencies at ~10 kHz and greater show no effect on
cardiomyocyte beating behavior or cell viability [134]. The field was delivered to
the EB in bulk media and held for several seconds. The capacitance and impedance
were continuously monitored, and changes to the electric field derived from
spontaneous cardiomyocyte contractions were recorded. The capacitance and
impedance of cell culture media containing no cells, humid air, and a dead EB
(previously beating EB left in air until it was no longer beating) were recorded as
negative controls. A droplet containing 250 uM epinephrine was also delivered to a
beating EB to create a ~50 uM concentrated solution around the EB, and the

impedance was again monitored to detect any changes in the recorded response.

6.4 RESULTS AND DISCUSSION

6.4.1 Device Stability in the Incubator
Before culturing and differentiating cardiomyocytes, it was necessary to
establish that the DuF devices were stable and functional in the incubator

environment. Operating a DuF system within the confines of a sterile, heated, and
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humidified environment would mitigate contamination, temperature shock, sample
disruption, and evaporation while minimizing operator intervention and handling.
Device materials were tested for operability and longevity within an incubated
environment. Parylene-C is a commonly used dielectric layer material because it
has favorable dielectric properties, and is relatively inexpensive and easy to
fabricate. While these properties have made Parylene-C the dielectric layer of
choice for DUF devices, this material did not perform well inside the incubator.
Immediately after placing the system inside the incubator, the device was used to
dispense two droplets of media (Figure 42a). After 24 h of incubation, the device
was used to dispense a new droplet of media. Immediately upon applying the
electric field, dielectric breakdown occurred. This is likely due to the relatively poor
wet adhesion characteristics of Parylene films to most metals [242].

Silicon dioxide (SiO;) has been previously used as a dielectric layer in DuF
devices, but has not been investigated for long-term stability in an incubator. SiO;
has better wet adhesion characteristics with metals and possesses a Young'’s
modulus and thermal expansion coefficient that is a closer match to ITO and soda
lime lass than Parylene. We found that that devices with SiO, as the dielectric could
be used within an incubated environment without failure caused by delamination.
These devices were tested for over two weeks, and could continue to be operated
within the incubator at standard cell culture conditions of 37 °C, 5% CO,, and 95%
relative humidity. Note that contamination of surfaces during clean room fabrication
could promote SiO, delamination, so care should be taken during processing (Figure
42b). Silicon nitride was also tested for delamination and showed positive results

similar to SiO; for longevity.
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Figure 42. Images of DUF devices evaluated for functionality and integrity following
incubation at 37 °C, 5% CO;, and 95% for 24 h. (a) Delamination of Parylene-C
inside of an incubator after 24 h; this delamination resulted in device failure. (b)
Device with contamination on the electrode substrate prior to SiO, deposition

showed evidence of SiO, delamination after incubation. Scale bar = 2 mm.

Differentiating hESCs first requires the formation of EBs. They could be
formed on the DuF device by delivering aliquots of cell suspensions to the wells to
form hanging drops. Because of biosafety laboratory restrictions for handling
hESCs, we used human cell lines as a proxy for hESCs to demonstrate the
feasibility of forming the spheroids in situ. The cell suspensions are dispensed and
translated to the wells via DUF actuation forces [181, 243]. The suspensions form
stable hanging drops, and after 24 h the cells aggregate into spheroids that
maintain viability near 100%. This same protocol was performed with human
fibroblasts, mouse embryonic stem cells, and human colon cancer cells. Figure 43
shows Live/Dead assays of a fibroblast spheroid and a human colon cancer spheroid
that display a 3D morphology and over 95% green fluorescence. These cell
suspensions were very similar in the time needed to form spheroids and the
viability of the resulting spheroids. We infer that hESCs will behave in a

comparable way.
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Figure 43. A Live/Dead assay of spheroids created from (a) human fibroblasts and
(b) human HT29 colon cancer cells after 48 h of seeding into a hanging drop
created on a DUF platform. The 3D morphology is evidence of a well-developed
agglomerate, and the ratio of green to red fluorescence indicated >95% viability.

Scale bar = 200 um.

6.4.2 Long-Term Culture

The differentiation of hESCs into cardiomyocytes requires the ability to
maintain the cells for at least 7 days to observe spontaneous beating. In previous
cell culture studies using DuF platforms, the droplet handling operations were
performed on the bench top; only once the DuF liquid manipulation steps had been
completed was the culture plate was disconnected and relocated to an incubator
[163, 181, 223, 244]. Removing the DuF device from the incubator and exposing it
to atmospheric conditions can result in condensation, which may coalesce and
disrupt hanging droplets and may also create fog on the camera lens that can
impair visualization. By placing the camera and the device inside of the incubator
throughout the cell culturing experiment, the entire closed system can be at
equilibrium and prevent condensation from developing. Additionally, the behavior of
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cardiomyocytes is highly temperature-sensitive. For example, beating
cardiomyocytes will gradually become arrhythmic, and eventually stop beating after
5 - 10 min at room temperature. This process is reversible, and contraction can
reinitiate when the cardiomyocytes are warmed up within a reasonable time. It is
therefore beneficial to manipulate and assay cardiomyocyte behavior at a stable
temperature.

Working with EBs in an incubator eliminated condensation and the need to
periodically move the device, but the high surface-to-volume ratio of droplets in
DUF means that evaporation is also concern [17]. In fact, evaporation is a primary
limitation in the development of miniaturized commercial systems for cell-based
assays [6]. Experiments were performed to monitor evaporation under three
conditions: a bench top environment, in an incubator reaching equilibrium, and an
incubator at equilibrium. Figure 44a shows the amount of droplet evaporation over
time in an incubated, semi-incubated, and non-incubated environment. The droplet
left on the bench top is presumed to reach steady-state equilibrium relatively
quickly [245] and evaporated at a nearly linear rate. After an hour, the droplet on a
device outside of the incubator decreased in volume by roughly 50%. Even after a
quick, fifteen min session outside of an incubator, the droplet volume decreased
~20%, causing concentration changes that could confound study results. A drug
assay could also be negatively affected by concentration changes. For example,
caffeine elicits a positive inotropic effect at low concentrations and a negative
inotropic effect at high concentrations [138].

An unequilibrated incubator (e.g., after opening and closing) also could cause

significant evaporation as maximum saturation is being restored. Opening the
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incubator door for roughly 30 s - a condition that was common when delicately
handling cell-chips containing hanging drops — caused only a small temperature
drop - from 37 to ~36.5 °C, but the humidity to drop from 95 to ~38 %RH. The
temperature was restored to 37 °C in roughly 10 min, but the relative humidity did
not reach the maximum saturation level for nearly 3 h. A 5-pL droplet lost
approximately 60% of its volume after being placed within an unequilibrated
incubator. By letting the system equilibrate before dispensing and delivering
droplets, the media and reagent concentrations can be maintained as prescribed.
As can be seen in Figure 44, we found no significant evaporation when droplets
were maintained within the high-humidified environment of the incubator during
experimentation. Droplets maintained a pinkish hue throughout two-day cultures,

indicating the media was still fresh and at the proper pH.
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Figure 44. Droplet volume vs. time for droplets on a DuF device in an incubator, in
an unequilibrated incubator, and on the bench top, and droplet velocity recorded
from inside the incubator. (a) Evaporation of 1 pL droplet in a standard DpF
configuration over 1 h on a bench top, after immediately put into an un-equilibrated
incubator, and in an incubator at equilibrium. (b) Instantaneous velocity of DI water
moving to an adjacent electrode actuated at 80 V and 20 kHz from within an
incubator, highlighting that as the temperature and humidity rise the droplet

velocity decreases. The error bars correspond to the standard error with n=6.

6.4.3 Characterizing Droplet Velocity

Automating DUF sequences requires attention to the timing and duration of
electrode actuation, so the velocity of DuF actuated droplets in an incubator was
measured. Instantaneous droplet velocity measurements were acquired at 60, 70,
80, 90, and 95 % RH as the incubator slowly reached equilibrium conditions. Figure
44b shows that droplet velocity decreased with an increase in humidity. The
decrease in droplet velocity can likely be attributed to a decrease in the

electrowetting actuation force. This can be understood by considering the roles of
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surface tension and the Laplace pressure in droplet actuation. The surface tension
force acting on an actuated droplet can be described by Equation 37, and is
proportional to the surface tension between the liquid and surrounding fluid

environment, y,r [14].

F(V) =y.rcos0,(V) Equation 37

Because the surface tension of the water-air interface decreases as the humidity
and/or temperature increase [246], the surface tension force acting on the altered
contact angle, cos 6,(V), will decrease commensurately.

Another way to think about the change in the actuation force is by
considering how the force derives from the Laplace pressure differential at the

liquid-air interface (Equation 38) [14].

FW) =@ —-P(V))h Equation 38

The change in Laplace pressure is a function of both the surface tension between

the liquid and the air, as well as the change in contact angle (Equation 39) [24].

AP = n—F(cos 6, — cos6,) Equation 39

The decrease in the liquid-air interfacial surface tension again lowers the

Laplace pressure differential. The static contact angle, 6,, decreases as the
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temperature rises and the humidity are increased [247]. The wetted contact angle,
6., also decreases in a humid environment according to Equation 40 below [14,

35].

CyV?

Equation 40
2Y1F

cos8, =cosO,+ Ey =cosf, +

The electrical energy of the solid-liquid interface, shown as the voltage
squared multiplied by the Helmholtz capacitance per unit area of the solid-liquid
interface, Cy, will remain relatively constant because this term does not depend on
changes in the ambient medium. The electrowetting humber, E,,, will change as a
result of the decrease in surface tension. This increase in the electrowetting number
is of a much smaller magnitude than the change in the static contact angle; while
calculated estimates put a change to the wetted contact angle at roughly 3-4%, the
change in the static contact angle due to increases in temperature and humidity to
incubator-like conditions can be on the order of 20-30% [247]. Therefore, cos 6,
drives the change in the contact angle between wetted and non-wetted conditions,
A6 is reduced, and the decrease in the driving force resulting from a decrease in the
Laplace pressure differential results from both a drop in the liquid-air interfacial
tension and a reduced change in the contact angle during actuation.

In addition to altering the driving force on droplets in a humidified
environment, a decrease in the static contact angle typically results in a stronger
impeding force to droplet translation. Chatterjee et al. [15] showed that the lower

contact angle of water on certain surfaces results in a higher threshold voltage
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needed to initiate movement. This impeding force can be thought of as a static
friction force derived by the work of adhesion between surfaces that makes droplet

translation more difficult [214].

6.4.4 Chronotropic Stimulation

To show that this lab-on-a-chip system can be used not only as a long-term
culture platform but also to support drug screening assays, the cultured
cardiomyocyte EBs were treated with different chronotropic agents known to elicit
changes in their beating frequency. After first obtaining a video recording of the
baseline beating behavior, these agents were delivered to wells in the incubator,
each containing an EB, and allowed to culture for 5-10 min before being removed
from the incubator and imaged again to assess changes in the beating frequency or
rhythmicity. The initial range of EB beating frequencies (24 - 39 b.p.m.) fell within
the range of previously reported beating rates (17 - 85 b.p.m.) of newly formed
EBs [248]. Both epinephrine [5 uM and 5 mM] and caffeine [5 pM and 5 mM] in
culture media were easily translated via DuF actuation. Figure 45 shows that
epinephrine increased the beating rate (positive chronotropy) at both low and high
concentrations. Caffeine triggered an increase in the beating rate (positive
chronotropy) at low concentrations and decreased the beating rate (negative
chronotropy) at high concentrations. These observations are consistent with the
literature for both epinephrine [249] and caffeine [250-252]. Similar small doses of
epinephrine have produced positive increases of over 200% in cardiomyocyte
monolayers [248]. Very high doses of epinephrine, however, are associated with

the onset of arrhythmias and can invoke a switch from positive to negative cardiac
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output after ~10 min of stimulation [253]. Similar to our observations, doses of 5 -
10 mM of caffeine produced a negative chronotropic effect up to ~50% in [250].

Stimulant-free culture media showed no significant change in the beating

frequency.
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Figure 45. Chronotropic drug screening assay protocol and the change in the
beating frequency measured after chemical stimulation. (a) Schematic showing the
process for replacing the suspension media with fresh media containing different
chronotropic stimulants. (b) Video analysis of the beating EBs after 5 min of
incubation showed positive and negative chronotropic effects that were consistent
with their known effects. The delivery of standard media with no chemical additives

showed no change to beating frequency or rhythm.

6.4.5 EB Retrieval

To relocate the EB to a position on the DuF device where it could interact
with the application of an electric field, it was necessary to be able to retrieve the
sample from the hanging drop. A vertically stacked DuUF architecture was used to

retrieve the EB samples. Bender and Garrell previously developed vertical
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functionality for the DpF platform (as described in the previous Chapter). This
method enabled the retrieval of the EB by delivering a droplet of media to the
hanging drop from a lower layer of electrodes. Vertical functionality was necessary
because DuF actuation from the top layer could not retrieve the sample from the
hanging drop once the volume became minimal; the hydrophilic sidewalls of the
well create capillary forces too strong to pull the droplet away. By creating a
vertical, parallel stack of devices, it is straightforward to bring a droplet of culture
media to the hanging drop to form a bridge between the two layers. The EB then
falls to the bottom layer due to gravity, and by actuating and dispensing the bottom
layer droplet away from the well; the EB could be retrieved for downstream

processing.
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Figure 46. A schematic (top) shows how vertically stacked DuF design enables the
formation, maintenance, and retrieval of EBs: (a) delivery of droplets from the top
layer seed hanging drops and replace media; (b) delivery of droplets from the
bottom layer can retrieve the EB sample, by (c) forming a liquid bridge upon mixing
where the EB falls downward, and (d) dispensing a droplet on the bottom layer with
the EB inside. The bottom images show the delivery of a droplet to a hanging drop
containing an encircled EB (bottom left) from the bottom layer, and the dispensing
of a droplet containing the EB after retrieval from the hanging drop (bottom right).

Scale bar = 1 mm.

6.4.6 Impedance Spectroscopy of 3D Cardiomyocyte Tissue

Impedance spectroscopy using a DUF device could streamline assay analysis
and reduce the need for external tools such as microscopes. Impedance
spectroscopy could also non-invasively collect a rich data set of cardiomyocyte
beating behavior for observing tissue maturation and drug screening assays.
Impedance spectroscopy was performed on a DuUF device after retrieving the EB

and relocating it between parallel electrodes. The same electrodes used to drive
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droplet translation were used for bioimpedance sensing. An AC field of 80 V at 15
kHz was applied to the EB and the surrounding media while the capacitance and
impedance were continuously measured using pDrop software.

Figure 47 shows the impedance and capacitance measurements of 8-day old
and 8-week old EBs. The measurements showed spikes characteristic of beating
cardiomyocytes. The impedance data from 8-day old, newly beating EBs contrasts
with 8-week old, large growth EBs in expected ways. Newly differentiated EBs have
a smaller percentage of beating cells that tend to be localized to a single area, and
they tend to beat with a wider field potential, slower frequency, and with less force
[131, 132]. The impedance and capacitance measurements, as well as the video
recordings, displayed this behavior (Figure 47a-b). The field changes were broadly
spaced, and correspond to the relatively slow beating rate associated with early
phase cardiomyogenesis [61]. The average peak-to-peak beating spacing was
approximately 1.95 s £ 0.5. EB maturation typically begins with the onset of a
small cluster of pacemaker cells [125]. These cells have leaky ion channels that
slowly change the ion current during depolarization [126]. These newly
differentiated EBs contained a smaller number of beating cells with 1 beating foci
among the population examined (n=8).

The maturation and development of atrial and ventricular-like
cardiomyocytes with rapid depolarizations was present in the 8-week old EBs [125,
254]. As shown in Figure 47c and d, 8-week old EBs produced larger and sharper
spikes. The heterogeneity of maturing EBs can explain much of the phenomena
present in the spectra. As an EB matures, cells differentiate into non-contractile and

contractile cells of multiple cardiac lineages, and they often contain multiple beating
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foci with a more complex, erratic behavior [60, 67, 125]. This was evidenced by the
occurrence of smaller, intermittent spikes that are likely produced by the presence
of multiple beating foci and chaotic, arrhythmic depolarizations caused by
intermittent changes in the ion flux [255]. Although the 8-day old EB peaks have
some differences and imperfect rhythmicity, they appear to have a greater degree
of homogeneity among peak profiles compared to the more mature EBs. The
capacitance and impedance of a “"dead” EB that was previously beating but left
outside of an incubator for an extended period of time, humidified air from within
an incubator, and cell-less growth medium were monitored as negative controls and

showed no measurable change over time (Figure 47e-f).
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Figure 47. Impedance sensing performed on 3D cardiomyocyte tissue by applying
an AC field of 80 V at 15 kHz around the sample and monitoring changes in
impedance and capacitance caused by beating. (a) Capacitance and (b) impedance
measurements of an 8-day old beating cardiomyocyte EB possess slow, small, and
broad peaks. (c¢) Capacitance and (d) impedance measurements of a more mature,
8-week old beating cardiomyocyte EB contain larger, sharper peaks with a more
heterogeneous rhythmicity. Plots (a) and (b) were smoothed using a 19-point
weighted triangular smoothing operation to reduce noise to better highlight the
peaks. (e) Capacitance and (f) impedance measurements of a “dead” EB, humid air,

and growth medium were monitored as negative controls.

As was shown in early work by Cole and Curtis [256], the field impedance of

a giant squid axon decreased rapidly during action potential spikes. Understanding
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this behavior can be conceptualized by modeling the EB and sensor configuration as
an electrical circuit. This method was originally pioneered for excitable cells by
Hodgkin and Huxley [257] but has been used by recent researchers when
understanding experiments such as single-cell impedance [258] or cell proliferation
[223]. These lumped circuit models represent the cell culture media as a resistor
and capacitor in parallel. This lumped circuit element is then placed in series with
the tissue sample. Each cell within the tissue sample can then be broken down into
further circuit elements. For example, the cell’s membrane, consisting of a lipid
bilayer, is modeled as a capacitor. This is placed in parallel with a resistor to model
the cell’s cytoplasm. While some models become very detailed by further modeling
organelles [259] or gap junctions [260], the Hodgkin-Huxley model would suggest
using variable resistors for voltage-gated ion channels. To model the voltage-gated
ion channels of the cardiomyocyte, the Luo-Rudy model [255] would suggest using
one each for the sodium, calcium, and potassium ion channels. This method of
modeling individual ion channels can be useful when understanding the change in
impedance during cardiomyocyte contraction. When a cardiomyocyte spontaneously
contracts, it does so due to the opening and closing of gated ion channels in the cell
membrane that cause ion flux and efflux. The main contributors to myocardial
impedance are the extracellular and intracellular resistance, the gap junction
conductance, and the cell membrane capacitance [261]. Ion mobility through the
cardiac tissue is momentarily enhanced by the opening of voltage-gated ion
channels [262], and the contraction of cells alters current flow. Finally, each cell’s
lumped circuit model can be placed in parallel with N number of cells to model the

entire system. Other methods exist, such as modeling the complex impedance of
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the system by way of Maxwell’s mixture equation [258, 263]. Ultimately, the best
model may depend on the specific type of experimentation and analysis pursued.
However, the lumped circuit model provides a relatively simple analog for
conceptually understanding the dynamic impedance changes seen during tissue
excitation.

Viewing 3D tissue development using this method can be helpful because
cardiomyocyte maturation is still poorly understood [60, 67]. EBs themselves,
although widely used for differentiating pluripotent stem cells, have been
characterized little due in part to the difficulty of studying phenomena within these
complex 3D structures [60]. Impedance spectroscopy data provides a holistic view
of the 3D tissue behavior, and may provide a new method for observing aspects of
this complex behavior that can be difficult to observe using other methods. For
example, an important observation from the impedance and capacitance
measurements in the 8-week old samples (Figure 47c-d) is that the EBs exhibit
erratic and heterogeneous behavior. The reason for this heterogeneity lies in the
complex cell and tissue structures that develop in an EB over time. EBs differentiate
into cells from all three germ layers [68, 264]. Other researchers have observed
that EBs possess a variety of cell types with random patterns [105]. Early work by
He et al. [125] observed that hESCs differentiate into multiple types of cardiac
myocytes that display action potentials similar to nodal, atrial, and ventricular-like
myocytes. Other work by Maltsev et al. [265] also revealed similar patterns in the
cardiomyogenic differentiation of EBs. Maltsev’s work showed that in newly
differentiated EBs, the action potentials are homogenously similar to pacemaker

cells; however, as the EBs further develop over time the development of atrial and
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ventricular-like action potentials emerge with much more rapid upstroke velocities
and a more heterogeneous mixture [264, 265]. This matches similar work showing
that maturation leads to a more rapid current flux in older cardiomyocytes [266],
and EBs containing multiple types of cardiomyocytes along with non-contractile
tissue produces non-homogenous conduction [267]. Irregular beating rhythmicity
and multiple foci are often present in later stages of EB cardiomyogenesis [264].
Multiple beating foci were observed in the current work (Supplemental Video), and
sample-to-sample heterogeneity was significant. Using interferometry, Arshi et al.
[224] monitored the erratic contractile properties of cardiomyogenic EBs after
plating onto a monolayer of neonatal cardiomyocytes. Here, the beating profiles
align well with the impedance assay performed on-chip. However, the method of
mechanical interferometry used still requires integration with optical microscopes
and high speed cameras [268] and may still not capture the 3D behavior of EBs due

to focal plane constraints.

6.4.7 Inotropic Stimulation

The magnitude of the current change is related to the force of contractility of
the EB due to the concentration of mobile ions in flux [135]. The amplitude of the
peaks can therefore be monitored and correlated to the strength of contractility. For
example, the amplitude of capacitance spikes changes after the delivery of
epinephrine, can indicate inotropic stimulation [249]. Eight-week old EBs were
subjected to inotropic stimulation by exposing the EB to a 50-uM-epinephrine
environment. A field was applied around the EB in solution, and the capacitance and

impedance were measured over time. The largest consecutive five peaks were
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assessed before and after stimulation to compared changes in the peak amplitude.
Figure 48 shows that the peak amplitude increased significantly for the tallest peaks
in each spectrum (500 £ 28%). These observations were compared against
contractility measurements performed by Chang et al. [141] They measured the
cantilever deflection of an AFM probe after the delivery of epinephrine to beating
cardiomyocytes. They observed an increase in deflection of 253 + 39% after the
delivery of 10-uM epinephrine. The chronotropic effects of epinephrine were more
difficult to discern due to the inherit heterogeneity of EB beating profiles [60, 125].
Better spectra analysis may help categorize beat profiles to better identify
frequency between similar beats. While future experiments may broaden the
precision of these types of measurements, these initial experiments demonstrate

the breadth of opportunities available to this platform.
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Figure 48. Positive inotropic stimulation of EB-derived cardiomyocytes was
performed by delivering epinephrine and monitoring the magnitude change in the
EB droplet capacitance. (a) Exposing the cardiomyocyte tissue to 50 yM epinephrine
led to a ~5x increase in beating amplitude as measured by the change in the field
capacitance. (b) Isolating and aligning individual beats allowed the comparison of

similarly shaped peaks to measure changes in the capacitance.

6.5 CONCLUSIONS

A DuF lab-on-a-chip platform was designed for long-term cell culture, human
embryonic stem cell differentiation into cardiomyocytes, and phenotypic analysis.
The device was modified to enable stable, long-term actuation in an incubated
environment. Success was achieved by re-evaluating the dielectric materials used
in fabricating the device. The stability and functionality of the device in the

elevated temperature and humidity environment were confirmed through direct
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testing, assessment of droplet evaporation rates and droplet velocities. Hanging
drops were formed on-chip to culture and differentiate hESC-derived EBs into
cardiomyocytes. A stacked DuUF design permitting vertical functionality was used for
EB retrieval using DuUF actuation. After EB retrieval, impedance sensing allowed the
analysis of beating rhythmicity and peak shape. This ability to use impedance
sensing on whole cardiomyocyte tissue enables the examination of 3D
cardiomyocyte tissue maturation.

A benefit of using DYF as a stem cell niche lies in its versatility. DuUF enables
the culture of 3D and 2D monolayers [163] and certain hydrogels can be gelled in
situ to enable the automated fabrication of more complex tissue structures. While
our work demonstrates the ability to form hanging drops from cell suspension, and
earlier work has demonstrated complete mammalian cell culture on-chip [163], the
more complex protocols required for hESC harvesting were performed in a
traditional cell culture environment. Future experiments may integrate hESC-
culturing steps into the DuF for a more streamlined workflow. Another limitation of
this design was the heterogeneity of beating EBs led to difficulty in analyzing some
traits traditionally monitored for in vitro testing.

Recent work has sought to characterize the ratio of these phenotypes present
in EBs [254] while other efforts have sought to direct their differentiation produce a
more homogenous EB of a specific lineage [269]. These efforts are pursued
because 3D tissue structures often recapitulate in vivo conditions and behaviors
better than their 2D counterparts [67], and EBs can provide a more sophisticated
tissue model [105, 267]. Furthermore, studying individual components of complex

systems does not afford the same insight as understanding the entire system as a
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whole [270]. In practice, cardiomyocytes from EBs are usually dissociated to isolate
homogenous regions. Beating cardiomyocytes are then monitored either one cell at
a time via methods such as the patch-clamp method [130], through point
electrodes that measure a small tissue location [131, 271], or as a homogenously
beating 2D monolayer [120]. Dissociating and re-seeding cell clusters can lead to
more homogenous samples, but this process loses 3D growth patterns and
information regarding maturation. Furthermore, a monolayer’s substrate material
has been shown to effect beating characteristics such as the number of activation
sites, beating frequency and variability, ectopic heterogeneity, and development of
reentrant arrhythmias [272]. Therefore, understanding the complex, heterogeneous
structure of 3D EBs for cardiac tissue engineering and drug screening purposes will
require more holistic systems to help characterize behavior of the entire structure
and take a more systems biology approach [273, 274].

This lab-on-a-chip system brings the DuF platform closer to an automated 3D
stem cell culture niche capable of long-term differentiation and assays. This tool
can be further developed into a sophisticated drug-screening platform performing
automated, parallel processing. Future work may entail the addition of more
sensing capabilities and a higher multiplexing of differentiation protocols towards
body-on-a-chip assaying models. Other work may take advantage of applied

electrical fields themselves to direct differentiation.
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7 DIGITAL MICROFLUIDIC PLATFORM WITH INTEGRATED

PIEZOELECTRIC/PYROELECTRIC SENSING

7.1 ABSTRACT

Digital microfluidics (DuF) is a miniaturized, lab-on-a-chip system that can
manipulate liquid droplets through the application of electric fields. Some recent
applications for DYF include cell culture and assay development. As more cell
culture and assay protocols are streamlined into the DuF platform, more methods
for biosensing will increase the array of on-chip procedures available and improve
the amount of data that can be extracted. A PZT-based piezoelectric material was
integrated with the digital microfluidic platform to add a new method for on-chip
sensing of the heat produced from chemical reactions and the mechanical forces
generated by beating cardiomyocytes. In one method of integration, the
piezoelectric sensor was placed beneath a through-hole wherein droplets could pass
through and reach the sensor. In another mode of integration, the substrate
material was replaced with the piezoelectric material and electrodes were
photolithographically patterned for on-chip sensing. The pyroelectric effect inherent
in this piezoelectric material was exploited for on-chip temperature sensing of HCI
dilution and ITO etching. The feasibility of detecting the mechanical forces
generated from an adherent layer of beating cardiomyocytes was demonstrated by
measuring the voltage changes generated through piezoelectric strain. Future
researchers may use piezoelectric materials and similar device configurations for

sensitive detection of chemical and biochemical processes for applications in
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chemical processing and sample preparation, fundamental cell research, or drug

screening.

7.2 INTRODUCTION

Lab-on-a-chip technologies aim to miniaturizize full-scale laboratory
procedures to reduce reagent consumption, reduce costs, minimize human-related
errors and tedium, and eventually automate procedures traditionally performed
manually [10]. Integrating more capabilities has transferred more complex
laboratory protocols from the benchtop to the lab-on-a-chip environment;
ultimately bringing us closer to “walk-away” systems.

Digital microfluidics (DuF) is a lab-on-a-chip platform that has grown in
sophistication over the last few decades. In DuF, the application of electric fields
enables the manipulation (dispensing, translating, splitting, merging, etc.) of pico-
to microliter sized droplets of liquid across an array of electrodes [25]. This
platform has found myriad applications in such fields as analytical chemistry and
biomedical engineering [162]. Advantages of DuF include reduced reagent volumes,
faster reaction times, automation, and customization [14, 160, 193]. Complex
assaying can be performed on-chip using tools such as magnetic beads or
employing dielectrophoretic (DEP) forces for cell sorting [18].

Visual assays can be very effective when coupled with DuF platforms.
Fluorescence microscopy has been used to characterize biological activity such as
cell viability and protein production [275]. Imaging typically requires incorporating

fluorescent labels, however, and the chemical modification process or the labels
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themselves may alter cell behavior. Imaging methods that require may sample
fixation inherently prevent further analysis of living systems. Mass spectrometry
techniques can be very powerful for analyzing samples processed on DuF platforms,
but cells are destroyed before or during the analysis. Recently, electrical
measurements have been incorporated into DuF platforms to quantify cell behaviors
non-invasively. Shih et al. used electrical impedance measurements to monitor cell
proliferation, applying the method to a two-dimensional monolayer of fibroblasts on
a small hydrophilic patch located on a DpF electrode[223]. As cells proliferated, the
exposed electrode area shrank, altering the impedance measured between the
ground and actuating electrodes. Sadeghi et al. also used impedance as a feedback
mechanism for measuring chemical reactions [276]. Nelson et al. used conductive
wires to act as both a resistive heater and a resistive temperature sensor [277].
The integration of these measurement techniques has increased the sensing power
of DYF platforms; however, DuF still lacks the capability to measure the mechanical
forces generated by cells. This is of interest for studying cardiomyocyte maturation
and drug screening chronotropic or inotropic agents. An array of microposts is one
MEMS-based technique for measuring forces in cells adhered to the tops of
micromachined pillars [278]. As the cells contract, the micro-posts bend. The
amount of bending can be correlated to cell forces based on the pillars’ geometry
and material properties. Zhao and Zhang adapted this design for measuring forces
associated with cardiomyocyte contractility [139]. It is difficult to extract
information on cell behavior from micropost arrays due to complexities associated
with the micropost geometry, viscoelasticitiy, and their surface properties [140].

Atomic force microscopy (AFM) has also been used to characterize cardiomyocyte
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contractile forces [141], but AFM requires complex equipment and is difficult to
integrate into cell culture systems or downstream processing. As the field of
cellomics expands, it has become evident that better non-invasive sensing
modalities capable of real-time monitoring on a scalable platform are needed to
accelerate advances in the field [212].

Piezoelectric transducers that can harvest energy from contracting
cardiomyocytes have recently been developed [143, 144]. Piezoelectricity is the
phenomenological coupling of mechanical and electrical properties. In piezoelectric
materials, the polarization of the material along a given axis, P, changes linearly

with an applied stress, oj, in accordance with its piezoelectric coefficient, d;;,

(Equation 41) [145, 146].

P; = djjo; Equation 41

Pyroelectricity is the phenomenological coupling of thermal and electrical
properties, and is a property that often accompanies piezoelectricity [146]. In
pyroelectric materials, a temperature change will expand or contract the atomic
crystal structure. This distortion of the crystal structure repositions internal charge
and creates a net polarization [279]. The pyroelectric coefficient, p, is related to the
change in net polarization, dP, with respect to the change in temperature, dT,

(Equation 42).

dP
= Equation 42
P=ar d
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Energy harvesting designs exploit this inherent property to turn cardiomyocyte
contractility into a useable voltage. These systems are elegant in their simplicity,
but these MEMS-based systems for measuring cellular forces would benefit from
integration with an automated cell culture microenvironment [140]. Thus, liquid
handling platforms such as DuF that are capable of automated cell culture may
benefit from integrating piezoelectric sensors. We hypothesize that integrating
materials with piezoelectric and pyroelectric properties could make it possible to
detect heat changes and cardiomyocyte contractile forces on a DuF platform.
Presented here are preliminary results demonstrating the feasibility of measuring
the heat produced from chemical reactions and the contractility of adhered

cardiomyocytes using a PZT-based piezoelectric sensor.

7.3 EXPERIMENTAL

7.3.1 Materials & Device Fabrication

APC850, a high dss piezoelectric coefficient, lead, zirconium, titanium (PZT)-
based ceramic, was purchased from APC International, Ltd. (Cat. #70-1000). This
proprietary class of soft piezoelectric ceramics offered through APC International,
Ltd. was chosen because they exhibit high piezoelectric coefficients, large
electromechanical coupling factors, and are generally better suited for sensing
applications than their class of hard piezoelectric ceramics generally reserved for

high power generation. These samples possessed thin films of silver on each
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surface that were left from the poling process. The piezoelectric coefficient was
verified against the manufacturer’s values using an AFM to perform piezoresponse
force microscopy (PFM). The probe was pressed against the material and a bias
sweep was applied to the tip. The change in probe deflection was monitored, and
the rate of change between deflection (pm) and field bias (V) was calculated to
approximate the dsz (pm/V) [280]. The dsz measurements obtained using PFM
agreed with the manufacturer’s specification of 400 (10? m/V).

The DUF devices were fabricated according to previously described protocols
at UCLA’s California NanoSystems Institute (CNSI) Integrated System
Nanofabrication Cleanroom (ISNC) [194]. To fabricate electrodes onto the PZT
substrate, a 100 nm layer of chromium, followed by a 1000 nm layer of gold was
deposited using CHA evaporation. A photomask was printed on a transparency film
(FineLine Imaging) and used to photolithographically pattern an electrode design by
wet etching the Cr/Au layer. The interdigitated electrode pattern was based on a
previously published electrode optimization study (Figure 49) [281]. Equal widths
and spacings of 100 um or 50 um were used to measure possible differences in
their sensitivity. The sensitivity of interdigitated electrodes will begin to decrease if
the widths and spacings become too small, but the nhumber of rings was chosen to

closely match the size of the driving electrodes for droplet manipulation (~1 mm).
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(a) (b)

Figure 49. Interdigitated electrode designs tested, using electrode widths and

spacing of (a) 100 pm and (b) 50 pm.

7.3.2 Configurations

PZT was used as a sensor in two configurations. First, a ~4 mm x5 mm x 1
mm PZT material was positioned below a 1.1 mm diameter through-hole drilled
through a DuF top plate (Figure 50a). Wires were connected to the conductive
silver surfaces of on each side of the PZT sensor and monitored using a voltmeter.
Second, the DuF top plate glass substrate was replaced entirely with a 25 mm x 25
mm x 1 mm PZT sample (Figure 50b). The silver surfaces on the PZT samples were
removed using 320, 1000, and 2000 grit sandpaper, followed by a final polishing
with 0.3 ym aluminum oxide powder. Then sample then underwent our typical
processing protocols for top plate fabrication. Briefly, 110 nm of indium tin oxide
(ITO) was deposited on one side of the sample followed by the deposition of a thin,
hydrophobic top coat of Cytop®. The piezoelectric coefficient was measured again
using PFM to ensure that the piezoelectric coefficient was not altered by the heating
process. Finally, this second configuration was modified by photolithographically
patterning the interdigitated gold electrodes (Figure 49) onto the reverse side of

the substrate.
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Figure 50. Two DpF device configurations were tested to investigate different ways

of integrating piezoelectric sensing materials into a DUF system. (a) PZT sensor
integration using a small PZT sample with continuous electrodes on opposing faces
placed below a through-hole that permits droplets to pass through to the PZT
surface. (b) PZT material was used to replace the glass substrate under the ground
electrode; interdigitated sensing electrodes were patterned on the reverse side of
the substrate. The dimensions are not to scale; the square driving electrode widths

were 2 mm and the gap height was ~120 pm.

7.3.3 DYF Actuation

DuF actuation was performed using a DropBot system designed by Fobel et
al. [192]. Droplets were translated by applying an AC field of ~90 V at 15 kHz.
Droplets that were translated on the device to the through-hole were spontaneously

pulled in via capillary forces.

7.3.4 Chemical Reactions
Four chemical reactions were performed on-chip. First, 37% hydrochloric acid
(HCI) was diluted with DI water using the first sensor configuration (Figure 50a).

Both solutions contained ~10 mg/mL methylene blue dye to improve visibility.
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Droplets roughly 1 yL in volume were dispensed from on-chip reservoirs. A droplet
of HCI was delivered to the through-hole and allowed to pass through to the PZT
sensor surface. A droplet of DI water was then brought to the same through-hole
and allowed to mix with the HCI droplet. The heat of dilution was recorded by
monitoring the voltage change during this process using a nanovoltmeter. After the
voltage returned to baseline, mixing was presumed to be complete. A droplet was
dispensed from the mixed solution away from the through-out and discarded. A
second droplet of DI water was then dispensed and brought to the same solution
for a second dilution. Again, the voltage was measured during the diffusive mixing
process.

In the second experiment, a droplet of 37% HCI was brought to a through-
hole and allowed to pass through to the underlying PZT sensor. This sensor had
continuous layers of silver on both sides and was similarly arranged for measuring
the voltage. On one side facing the through-hole, a continuous, 110 nm layer of
ITO had been deposited over the silver. The droplet of HCI began etching the ITO
layer immediately upon contact, and the voltage was measured until the reaction
was complete.

Third, a droplet of 37% HCI was diluted with DI water using the first PZT
sensor configuration (Figure 50b). Instead of having continuous silver electrode
sensors, however, the interdigitated electrode sensor was patterned on the PZT
material and positioned directly below the through-hole. A droplet of HCI was
delivered to the through-hole and allowed to pass through to the PZT sensor

surface. A droplet of DI water was then brought to the same through-hole and
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allowed to mix with the HCI droplet. The heat of dilution was recorded by
monitoring the voltage change during this process using a nanovoltmeter.

Fourth, a droplet of 37% HCI was diluted with DI water using the second PZT
sensor configuration (Figure 50b). A ~1 L droplet of HCl and a ~1 pL droplet of DI
water were translated and mixed horizontally within the 2D plane of DuF operation.
They mixed directly above the interdigitated electrode positioned on the reverse
side of the PZT. The electrodes were connected to a nanovoltmeter, and changes to

the voltage were measure during mixing.

7.3.5 Cell Culture

Human embryonic stem cell embryoid bodies (EBs) were graciously provided
by Atsushi Nakano’s lab at UCLA (Department of Molecular, Cell, and
Developmental Biology, UCLA College of Life Sciences). Two-week old EBs had been
differentiated into functional cardiomyocytes as verified by visualizing the onset of
spontaneous beating. The EBs were transferred to a DuF and pipetted onto a
reservoir. The EB was dispensed and translated to a 1.1-mm diameter well drilled
into the PZT substrate located above the patterned sensing electrodes on the
reverse side. The depth of the well was approximately 250-300 pm, measured
using profilometry. The PZT substrate was moved to a cell culture incubator and

allowed to culture for 3 days at 37 °C, 5% CO,, and 95% relative humidity.
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7.4 RESULTS AND DISCUSSION

7.4.1 Pyroelectric sensing

Pyroelectric sensing was performed on a DuF device by integrating a PZT-
based material using different configurations. The heat generated by diluting 37%
HCI with DI water was monitored by measuring the voltage generated by the PZT
sensor (Figure 51). A ~1 pL droplet of HCI was first delivered to the through-hole
where it was pulled in via capillary forces and brought in contact with the PZT
sensor below. Upon coming in contact with the PZT sensor, a small but detectable
voltage spike was produced. A droplet of DI water was then dispensed from a
reservoir using DuUF actuation and translated to the HCI solution for mixing. The
voltage rapidly rose by approximately 60 mV upon mixing. The voltage gradually
declined back to baseline over the course of around 10 s. A second droplet of DI
water was then dispensed and mixed with the remaining solution to dilute the
sample a second time. Again, the voltage quickly rose, but by an expectedly smaller
amount of approximately 26 mV. The second rise was presumably smaller due to

the lesser extent of dilution that would occur during serial mixing steps.
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Figure 51. The heat of dilution created by mixing droplets of 37% HCI and DI water
was monitored by measuring the voltage created using a piezoelectric PZT-based
sensor. The top row of images show the sequential steps of droplets delivered to
the through-hole and mixed while in contact with the PZT sensor below. The

voltage reading below shows the change monitored during mixing.

The exothermic heat of dilution experiment was repeated using an
interdigitated electrode design placed directly beneath the through-hole (Figure
52a). The droplets were mixed directly on top of the interdigitated electrodes. A
detectable voltage change was again produced upon droplet mixing. The two
interdigitated electrode designs (Figure 49) produced similar voltage profiles

(Figure 52b).
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Figure 52. An interdigitated electrode design was used to compare methods for
monitoring the voltage due to the heat of dilution generated from mixing 37% HCI
with DI water. (a) A side schematic shows the change in electrode configuration.
(b) The heat of dilution of 37 % HCI and DI water mixed directly on the gold
electrodes showed a rapid spike in voltage of around 7 mV that slowly returned to
baseline in around 100 s. The interdigitated electrodes with 50 ym and 100 ym

widths and spacings produced similar voltage changes.

To monitor a chemical reaction in real time, a droplet of 37% HCI was
delivered to an exposed area of ITO. HCI catalyzes the dissolution of ITO through a
chemical reaction immediately upon contact with sputtered ITO [282]. This was
evidence by the sharp spike in the voltage upon contact between the HCI droplet

and the exposed ITO surface.
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Figure 53. The etching process of ITO with 37% HCI was monitored by measuring
the voltage change across the piezoelectric sensor. (a) Upon contact of 37% HCI
with an ITO thin film, the voltage rapidly spiked indicating the onset of an
exothermic chemical reaction; the voltage remained elevated before returning to
baseline. (b) The droplet spread and the contact angle rapidly decreased until it

attained the equilibrium contact angle of aqueous HCl on PZT.

The voltage generated by the chemical reaction between a droplet of 37%
HCI on top of a thin film of ITO is most likely explained by a momentarily sustained
surface reaction and the dynamics of droplet spreading over time. The rapid spike
upon initial contact results from the initiation of the chemical reaction between ITO
and HCI. The reaction generates a temperature gradient that in turn generates a
voltage via the pyroelectric effect of the underlying PZT substrate. The reaction
reaches a steady-state equilibrium as the entire ITO film is etched away. The heat
rapidly dissipates into the surrounding environment while new ITO is continually
exposed and etched by the HCI, maintaining a temperature gradient. As the ITO
film is etched, the droplet comes into contact with the underlying metal electrode

and spreads out (decreased contact angle). The reaction slows as the HCI droplet
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can no longer access the ITO film, and the temperature of the PZT substrate

equilibrates as the reaction stops.

7.4.2 PZT Substrate Configuration

Although placing a piezoelectric sensor under a through-hole can be effective
and efficient for certain applications, simplifying the system by replacing one of the
traditional glass substrate materials with a piezoelectric material could reduce
system complexity by reducing the number of components. The top plate fabricated
using the PZT substrate performed equally well at allowing facile droplet
translation.

The heat of dilution experiment was repeated by horizontally mixing a
droplet of 37% HCI with DI water. The mixing was performed at the location
directly opposite the interdigitated electrode on the reverse side of the PZT
substrate (Figure 50b). The heat generated was effectively monitored by measuring
the voltage changes. The different interdigitated electrode widths did not produce

markedly different profiles (Figure 54).
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Figure 54. The heat produced from mixing 37% HCI with DI water was monitored
by measuring the voltage change generated in the piezoelectric substrate via
interdigitated electrodes located on the reverse side of the substrate. A voltage
change of roughly 16 mV was produced with and a rapid decline back to baseline in
around 5 s. Both the 100 um and 50 um interdigitated electrode designs showed

comparable voltage changes.

7.4.3 Piezoelectricity

Recently, the Garrell lab at UCLA developed a method for forming hanging
drop cell cultures [181], culturing and differentiating embryoid bodies of human
embryonic stem cells into functional cardiomyocytes, and retrieving the embryoid
bodies using vertical functionality. We have built upon this work to develop an on-
chip method for measuring cardiomyocyte contractility behavior using
piezoelectricity. After delivering an EB containing 2-week-old differentiated
cardiomyocytes to the PZT well (Figure 55a), the EB was allowed to settle and
incubate for 72 h to adhere to the hydrophilic surface. After adhering to the

surface, the cardiomyocytes pull on the substrate surface as they spontaneously
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contract (Figure 55b). This stress imparted by the contracting cardiomyocytes
produces a strain in the piezoelectric surface and a detectable voltage change
(Figure 55c¢). The voltage signal produced periodic perturbations with spacing
similar to the beating behavior captured through video recordings of around 0.25 -
0.5 Hz. The system was monitored using only air, only the wires, and cell culture

media without any cells as controls to determine the level of noise.

(a) ()

(b)
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Figure 55. Embryoid body-derived cardiomyocytes were cultured in wells drilled

into the PZT substrate to measure the piezoelectric voltage change created from
spontaneous beating. (a) Schematic showing a droplet of culture medium
containing an embryoid body consisting of 2-week-old differentiated
cardiomyocytes was delivered to a drilled well opposite the electrode. (b) A
magnified representation of the well shows that after 72 h in incubation the cells
adhered to the surface of the PZT substrate inside the well and produce a shear
force during spontaneous contraction. (c) The voltage response was monitored over

time, showing characteristic repetitive peaks that emerge above the noise.
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The well creates a thin region between the cell adhesion site and the
interdigitated sensing electrodes. The larger strain resulting from this thinned
region produces a larger voltage during contraction. The voltage changes show
irregular and ill-defined peaks (Figure 55c). Variability in peak profiles existed
between the 5 samples tested (data not shown). Each profile produced periodic
voltage changes that were similarly above the system noise. The peak shapes
between samples, however, also varied in the amplitude of the voltage change and
the rate of change of voltage spikes. The variability could arise from several factors
related to the device materials and fabrication. For example, the substrate material
properties can have an effect on the beating periodicity, variability, ectopic
heterogeneity, and arrhythmia development in adhered cardiomyocyte monolayers
[272]. The wells were fabricated using a drill press that resulted in a relatively
rough surface profile as measured using profilometry. The angle variations
associated with a rough surface profile likely cause irregularities in the output
voltage because the piezoelectric coefficient is highly orientation-based and the
maghnitude of transduction depends on both the crystal orientation and the poling
direction [279]. Therefore, the strains induced by contracting cardiomyocytes were
likely produced in inexact alignment that resulted in varying degrees of signal
output and signal loss. In addition, 3D cardiomyocyte EBs possess inherent
heterogeneity [224, 264, 265]. The voltage reading also depends upon electrode,
wire, and voltmeter properties [281], and inefficiency and charge loss are inherent
piezoelectric materials properties [279]. Future work in this area may make use of
better cell attachment methods, cell separation technologies, or substrate surface

modifications for improved signal generation and quantification.
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7.5 CONCLUSIONS

Piezoelectricity and pyroelectricity have been integrated into a DuUF platform
for on-chip sensing applications. The two configuration tested include a sensor
placed beneath a through-hole, and the replacement of a glass substrate with a
piezoelectric substrate. The piezoelectric sensor could effectively monitor the heat
of dilution of 37% HCI and the etching of an ITO thin film in real-time on-chip via
the pyroelectric effect. Additionally, piezoelectricity may prove to be a sensing
method for observing on-chip cardiomyocyte contractility. This technique may be
used for fundamental studies in cell contractility force or pharmaceutical screening.
It is difficult to quantify and analyze the data due to the variability in the voltage
changes within a single sample and between samples, but improvements to
substrate preparation and electrode design may provide a sensitive platform for
measuring biochemical and mechanical phenomena using DJF.

In addition to sensing applications, future applications may include the use of
piezoelectric materials for actuation. For example, the ability to impart minute
strains on stem cells or immature cardiomyocytes may introduce new on-chip
methods for directed differentiation or beat pacing. One barrier to adoption may be
the cost of high piezoelectric coefficient materials like PZT and PMN-PT. To create a
more economical solutions that could drive commercial adoption of these sensing
capabilities, less expensive choices may be considered. For example, poly-
vinylidene fluoride (PVDF), a known piezoelectric polymer [283], be easily spin-
coated onto a device and becomes optically transparent when crystallized into the

piezoelectric a phase. While the piezoelectric and pyroelectric coefficients of PVDF
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are considerably smaller than materials like PZT, proper electrode and DuF design

may make this material suitable for certain applications.
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8 FUTURE DIRECTIONS

8.1 ABSTRACT

This chapter provides future researchers with relevant topics to pursue to
further improve the sophistication of DuF-based tissue culture systems. The role
that the DuF platform may play with regards to more complex tissue culture
systems is presented to suggest its potential to become a body-on-a-chip platform
for personalized drug screening. The ability for the DuF platform to impart electric
fields suggests at least two relevant research topics: the use of electric fields to
direct cardiomyogenic behavior; and the use of dielectrophoretic forces to stretch

cells for characterization and directed differentiation.

8.2 TIissUE CULTURE, AND TOWARDS A BODY-ON-A-CHIP PLATFORM

This work has demonstrated the first use of a DuF platform for the long-term
culture of human embryonic stem cells and integration with in situ assays. Clearly
DUF systems could be used to support the differentiation of other cell lines, as
demonstrated through the adipogenesis of mouse mesenchymal stem cells in
Appendix B. Replacing embryonic stem cells with induced pluripotent stem cells
(iPSC) could further direct DuF research into personalized drug screening and
towards a so-called body-on-a-chip platform.

The technical innovations and proof-of-principle establish the potential for

using DUF as an alternative platform for tissue engineering. The ability to culture
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individually addressable culture sites on a DuF platform in parallel suggests the
possibility of a body-on-a-chip system, whereby an individual’s iPSC’s are dispensed
and cultured on-chip into each of their major organ systems simultaneously. A
therapeutic could then be dispensed and delivered to each system simultaneously
and its effects analyzed in situ. This approach has the potential to yield more
accurate information on an individual’s drug response compared to current methods
[284].

Testing drugs in 2D cell culture systems produce untrustworthy results due to
unnatural cell states, animal models have obvious physiological differences, and
even human diversity produces varying levels of therapeutic success and patient-
specific side-effects. The ability to reduce drug development time and better predict
patient-specific outcomes renders DuF with iPSCs a tantalizing combination. Heart,
liver, kidney, brain, and lung-on-a-chip platforms have been developed and are
improving in sophistication [284]. The innovations of this dissertation will help

researchers investigate these opportunities using DuF systems.

8.3 ELECTRIC FIELD STIMULATION FOR DIRECTED CARDIOMYOGENESIS

Stimulation via electric fields and current can impact cardiomyocyte-directed
differentiation [83, 285]; but the extent to which these stimuli effect
cardiomyogenesis is not fully understood. The ability to impart electric fields
presents an opportunity for DUF as a future tool for investigating electric field
stimulation for directed cardiomyogenesis. By considering electrode array and

dielectric coating designs, a system could be developed that would allow the
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application of either AC or DC fields. These applied stimuli could vary in amplitude,
frequency, or duration to investigate future cell and tissue effects. A major
advantage this DuF platform could have over other research tools is the ability to
impart electric fields while simultaneously delivering chemical or biochemical
agents. This ability to multiplex external stimuli on an automated culture platform
could greatly simplify and streamline studies in tissue maturation. Furthermore,
modulation of the electric field, coupled with a cleverly designed array of
electrodes, could permit constant electric field impedance sensing while
intermittently imparting electric field stimulations.

Another fuse of applied electric fields could be for investigation drug
interactions both before, during, and after a cardiac conduction block [133, 134].
The ability to impart AC fields naturally lends itself to these types of studies. There
is a dearth of high-frequency AC field investigations, but research suggests these
may be important tools for understanding future developments of more effective

defibrillators and therapeutics.

8.4 DIELECTROPHORETIC (DEP) CELL STRETCHING

Stretching cells using DEP forces is a relatively new technique that will be
presented and discussed with regards to integration with DuF and stem cell niche
development. The use of DEP forces for characterizing biomechanical cell properties
is introduced, followed by a review of the theories regarding the underlying physical

mechanisms that drive this phenomena. Several applications for DEP cell stretching
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from the literature are reviewed, followed by opportunities for future DEP-related
research using DUF.

There are a multitude of diagnostic systems for various diseases and cancers
that vary in their complexity, detection capabilities, cost, and accessibility [286,
287]. Early detection can improve patient outcomes, and reducing the cost of
diagnostics can promote their use, particularly in developing countries [287]. An
interesting approach has been to utilize cellular biomechanics as a tool for
assessing a cell’s phenotypic state [288, 289]. Understanding cellular biomechanics
and biophysics has become an important tool for elucidating the qualitative and
guantitative behavior of biological cells from the differentiation capability of stem
cells [289, 290] to elucidating disease pathways and cancer development [288,
289, 291]. Many techniques have been used to study the biomechanics of cells,
such atomic force microscopy [292], scanning ion conductance microscopy [293],
maghnetic twisting cytometry [294], sheared cell monolayers [137], micropipette
aspiration [295], optical tweezers [289, 296], microplate rheometer [297], optical
stretcher [298], hydrodynamic stretching [299], and bulge generation method
[300]. Although these methods can be used to probe the biomechanics of single
cells, they typically produce a variations in values among tests [288, 301]. Many of
these tests are also destructive and prevent downstream processing [302]. For
example, some methods require the conjugation of magnetic beads, which could
alter cell behavior associated with surface proteins.

The ability to deform biological cells in a microfluidic environment using
dielectrophoresis (DEP) is an emerging technique that is being used to study and

quantify electrical and mechanical cellular properties that may offer a new approach
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for more accurate and consistent measurements [205]. DEP has found wide use
and applications across scientific and engineering fields involving biological cells.
DEP forces have been used to manipulate biological cells through translation,
orientation, rotation, and deformation [45]. Only recently has DEP induced cell
deformation been used to quantify cell deformation for cell line characterization and
downstream processing. Measured cell mechanical properties include the elastic
[300, 301] and shear moduli [41], Poisson ratio [41], relaxed elastic [41, 302] and
shear moduli [41], and viscosity [41]. Simulations have been performed with
electrodeformation in conjunction with varying cell electrical properties, including
conductivity and membrane relative permittivity, to better understand electro-
mechanical properties [303].

DEP-induced cell deformation within a microfluidic regime offers several
advantages for mechanical assessment: it eliminates the need for moving parts or
micro-beads; it minimizes the contact between cells and device structures; it can
be performed using an instrument that is easy to develop using well established
micro-fabrication techniques that are cheap and offer low energy demands; it offers
the ability for integration with other microfluidic DEP manipulation techniques such
as aligning, sorting, and positioning; and it develops a platform for automated and
non-destructive high throughput operations [41, 302].

Biological cells are often modeled as conductively neutral, dielectric particles
that become polarized in the presence of an applied AC electric field. Biological cells
may be modeled as layered spherical shells. This approach converts a layered
spherical particle with multiple complex permittivities to a homogenous sphere with

an effective relative complex permittivity as shown below [34] (Figure 56, similar to
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Fig. 2.3 in Jones [34]). The complex effective relative permittivity described in
Equation 14 describes how this equivalent homogenous sphere relates to the

layered dielectric shell model.

(a) Dielectric Shell (b) Equivalent Homogenous
Model of Cell Dielectric Sphere
Membrane
Cytoplasm
€L EL

Figure 56. Cell modeling schematics. (a) The spherically symmetric layered cell

model, and (b) a homogenous sphere.

Single cell compression tests using modified atomic force microscopy (AFM) tips

have identified a force-displacement relationship expressed by Equation 43 [304].

Equation 43

FDEP = Fcytoskeleton + Fmembrane

By substituting equations for the DEP force (Equation 43) and equations
derived from the elastic theory of membranes and Hertzian contact mechanics

[304], the force-displacement relationship can be estimated by Equation 44.
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where, ¢, is the cell strain, h, is the membrane thickness, r,, is the membrane
radius, E., is the cytoplasm elastic modulus, E,,, is the membrane elastic modulus,
v., is the cytoplasm Poisson ratio, and, v,,, is the membrane Poisson ratio. The DEP
force was plotted as a function of strain to estimate the amount of cell deformation
imposed with initial conditions of a 100 V signal at 3.7 MHz with mesenchymal stem
cells (h of 5 nm [33], E,, of 1.5 GPa [33], E, of 1.9 kPa [33], v,, of 0.5 [304], v. of O
[304], r. of 7 um [41]) in cell culture medium (o, of 0.048 S/m [33], ¢, of 78 [33,
34]) (Figure 57). This creates a ~26 nN positive DEP force on the cell that produces
a strain of ~0.35. These results are on an order of magnitude similar to the results

found for Chinese hamster ovary cells and U937 human promonocytes [41].
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Figure 57. The relative deformation as a function of force from Equation 44. In-set

magnifies the small deformation regime.

The Clausius-Mossotti function depends on the polarizability of the cell
membrane and cytoplasm, which may possess different kinetics, and exemplifies
the profound effect frequency can have on DEP behavior. The magnitude and sign
of the DEP force depends on the electric field gradient, the field frequency, and the
relationship between the cell and medium permittivities. In typical microfluidic
configurations, the magnitude of the DEP force is on the scale of piconewtons to
micronewtons [40]. Positive DEP (pDEP) forces attract particles toward an electric
field intensity maxima and occur when Re(K) > 0, and negative DEP (nDEP) forces
repel particles away from electric field intensity maxima and occur when Re(K) < 0

(Figure 58a) [34]. The shape of cell deformation also has been shown to be a
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function of frequency and the ratio of the intracellular to extracellular conductivities

(Figure 58b) [204, 305].
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Figure 58. Modeling of the cell response to electric fields of varying frequencies. (a)
The sign of the Clausius-Mossotti function, dependent on cell and medium
conductivities, will dictate the direction of the DEP force (reprinted from [45]). (b)
The lipid vesicle deformation dependence on the intracellular to extracellular

conductivity ratio and the field frequency also exhibited by cells subjected to DEP

forces in a microfluidic environment (reprinted from [305]).

8.4.1 Proposed Mechanisms of DEP-Induced Cell Deformation

The mechanisms involved with DEP induced cell deformation are debatable
and not yet fully understood. Some numerical approaches, such as a study
performed by Li et al. [206] models cell deformation in a nonuniform AC electric
field through the use of a Maxwell stress tensor model. Here, a membrane force
accounts for the bending rigidity, while the DEP force is calculated across the

membrane as a function of the electric field intensity. An erythrocyte cell was
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computationally modeled while flowing down a microfluidic channel lined with
electrodes (Figure 59). The nonuniform field gradient is strongest on the cell near
the electrode and causes a negative, inward DEP force at a relatively low frequency
of 2n kHz and a positive, outward DEP force at a relatively high frequency of
2nGHz. The change from nDEP to pDEP force occurs at the crossover frequency of
around 2n MHz and is dependent on the relative permittivities of the cell and
suspension medium. However, models such as these are not broad enough to
account for such experimentally observed phenomena such as dependence on cell
and media conductivity ratios as well as unusual transient shapes like cylinders

seen in cells other than erythrocytes.
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Figure 59. Modified figure from Li et al. [206] that depicts erythrocyte deformation
in a microfluidic channel subjected to AC electric fields at (a) 2n kHz, (b) 2n MHz,
and (c) 2n GHz. Images on the right depict the inward, negative DEP forces at
relatively low frequencies (a), nearly neutral DEP forces at the crossover frequency

(b), and the outward, positive DEP forces at relatively high frequencies (c).

Vlahovska et al. [204] used a different approach, modeling analytically the
transient vesicle deformation employs a force balance approach to numerically
evaluate the electric, hydrodynamic, bending, and tension forces exerted on the
membrane. By rigorously accounting for electric, hydrodynamic, bending, and
tension forces, this force balance model can account for deformation magnitude and
behavior better than previous theories that are based on energy minimization
approaches. This approach accurately describes experimentally observed cell

deformation phenomena such as the frequency and conductivity ratio dependencies
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based on a model incorporating electrohydrodynamic flows within the cellular

cytoplasm (Figure 60).
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Figure 60. Modified image from Vlahovska et al. [204] that depicts (a) the
intracellular electrohydrodynamic flows that produce oblate ellipsoids when the
internal conductivity is lower than the surrounding medium, (b) prolate ellipsoids
when the internal conductivity is higher than the surrounding medium, and (c)

tension in the lipid bilayer.

8.4.2 Applications

Emerging applications for DEP-induced cell deformation demonstrate the
opportunities this technique may provide for cell line characterization, diagnostics,
and fundamental cell research. After introducing research into these applications,
lab-on-a-chip platforms that integrate DEP-induced cell deformation are reviewed.
These application may be well suited for integration with DuF-based lab-on-a-chip
platforms. DEP-induced cell deformation may also be useful as a tool for directing

stem cell differentiation, particularly with respect to cardiomyogenesis.
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The intracellular stress induced through mechanical strain provides important
signals for cellular functions such as remodeling, healing, homeostasis, migration,
proliferation, gene expression, protein synthesis, and differentiation [78, 208].
Better understanding the roles of cellular mechanics and mechanobiology has led to
improving implant design, clinical evaluations, and tissue engineering applications
[306]. Cells of various lineages or phenotypic states possess different mechanical
properties that arise from different cell structures, such as varying membrane
rigidity or cytoskeleton composition [302]. Different cell lines also possess different
mechanobiology, and respond differently to mechanical stimuli by altering gene
expression and protein synthesis. One way DEP-induced cell deformation has been
used to exploit this phenomenon advantageously was by measuring cellular
mechanical properties and differentiating between cell lines based on the magnitude

of the DEP-induced strain [41, 302].

8.4.2.1 Cell Line Characterization

Characterizing cell lines can be an important processing step in many assays,
and the application of DEP forces to measure cell deformation is a new approach
that is non-invasive and easily integrated with streamlined culture and assay
platforms. Cell lines differ in cytoskeletal composition and therefore have different
mechanical properties [41, 208, 302]. For cell identification purposes, it may be
useful to measure mechanical properties and distinguish between distinct cell lines.
MacQueen et al. [41] estimated cellular mechanical properties, including the
Young’s Modulus and the Poisson ratio, and demonstrated the ability to distinguish

between Chinese hamster ovary (CHO) cells and U937 human promonocytes
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through DEP-induced deformation. Ti/Pt electrodes with thicknesses of 10/70 nm
were deposited through electron beam evaporation and sputtering atop glass slides.
A 550 nm hydrogenated silicon nitride dielectric later was deposited over the

electrodes to prevent electrolysis (Figure 61).

Figure 61. Microfluidic device fabricated on a glass slide that enables DEP-induced
deformation for cell-line characterization through Young’s Modulus calculations. The

same pattern was fabricated on a flexible polymer (reprinted from [41]).

A low conductivity medium was used with an electric field generated at 5
MHz and 2 V for cell trapping and 10 V for stretching. An optical microscope was
used to observe and quantify the degree of cellular deformation and calculate the
strain. These experiments demonstrate the use of biomechanical characterization
and the potential for integration with other microfluidic processes. MacQueen et al.
also demonstrated their device could be fabricated on a flexible polymer substrate,

paving the way for additional insights and potential applications.
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Figure 62. DEP induced cell deformation used to measure viscoelastic mechanical

behavior and distinguish between CHO cells (left) and U937 cells (right) through

DEP-induced deformation (reprinted from [41]).

A study by Chen et al. [303] used dielectrophoretic cell deformation to
measure the Young’s modulus of SiHa and ME180 cells (Figure 63). Here, SiHa and
ME180 cells were suspended in an isotonic sucrose solution with low conductivity to
permit pDEP manipulation. A microdevice with patterned electrodes was developed
where single cells were positioned using a robotic manipulator and viewed while
applying a voltage in a step-wise manner at frequencies of 500 kHz, 1 MHz, and 5
MHz. A numerical analysis employing the Maxwell stress tensor model was
performed, and varying electrical properties were analyzed to simulate the
electrodynamic forces generated on the cell. The experimental Young’s modulus
obtained was comparable to that of micropipette aspiration measurements and thus
helps to validate the use of DEP-induced cell deformation for measuring mechanical

properties.
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Figure 63. Image from Chen et al. [303] showing DEP-induced cell deformation for

accurate characterization of the Young’s modulus for SiHa and ME180 cells.

8.4.2.2 Cell Behavior and Diagnostics

The biomechanics of cells play an important role in many cellular behaviors,
and studying the physics of live cells in different environments can elucidate
fundamental understanding of intracellular functions and disease pathways [307].
Guido et al. [308] used DEP to stretch live cells to measure the effect of medium
consumption on cell elasticity. A microchip was designed using ITO electrodes
spaced 20 um apart on top of a glass slide encased in a silicone trough (Figure 64).
Experiments used culture medium concoctions of various pH and nutrient levels to
study its effect on HL-60 cell elasticity during DEP-induced deformation. The results
found that nutrient depletion increases the degree of cell strain, and presents a
model that exemplifies the ability to observe a living cell’'s dynamic response to

chemical variations using dielectrophoretic deformation.
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Figure 64. A microfluidic device designed to measure a living cell’s elasticity using
DEP-induced deformation while varying the chemical environment (reprinted from

[308]).

As with different cells lines, cancer cells also possess a different elastic
modulus due in part to differences in the cytoskeletal composition. A study by
Guido et al. [302] used an electrode patterned microfluidic device to unambiguously
distinguish between cancerous human breast adenocarcinoma cells (MCF-7) and
noncancerous human nontumorigenic epithelial cells (MCF-10A) in an aqueous
suspension (Figure 65). This study also monitored the dynamic mechanical behavior
of live cells receiving cytoskeletal toxins to observe real time cytoskeletal behavior.
This study exemplifies the ability to identify cell lines based on DEP-induced
mechanical behavior, and as a previous study by Engelhardt et al. [205] also
showed one may subsequently study dynamic mechanical effects of biochemical
agents all within a microfluidic environment. By being used in conjunction with
already established microfluidic DEP technology for cell trapping [41] and sorting
[40], these studies highlight the potential for automated, parallel processing with

high throughput capabilities in areas such as diagnostics and drug development.
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Figure 65. Images from Guido et al. [302] that depict (a) DEP-induced cell
deformation in a noncancerous (MCF-10A) and cancerous (MCF-7) cell line that can
be distinctively distinguished by (b) measuring differences between the strain vs.

time.

The elastic and viscoelastic cell properties are critical factors for mediating
cell behaviors and can respond to the progression of disease states by cytoskeletal
rearrangement [289, 291]. One example of this involves the single cell mechanics
of red blood cells (RBC) infected with P. falciparum, known to cause malaria [289].
The deformability of the RBCs increases throughout the progressive disease states
and can potentially provide a means for diagnostics. Doh et al. [309] designed a
single-cell microchamber array capable of deforming RBCs in large populations
(Figure 66). The chamber was fabricated using a 10 pm thick SU8 layer coated with
120 nm of indium tin oxide (ITO) and 20/100 nm thick Cr/Au layers atop a pyrex
glass wafer. These metallic electrodes were used to apply an AC voltage varying
from O - 8 V at 20 MHz. RBC populations from normal donors and donors with

hereditary spherocytosis were deformed using dielectrophoretic forces after the
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cells were fluorescently labeled. The RBC deformation was greater in the RBC
population from donors with spherocytosis, and the degree of the deformation was
consistent with the well-established deformation characterization method of
ektacytometry. Doh et al. thus demonstrate an array chamber capable of labeling
and analyzing large, single cell populations of RBCs for cellular characteristics and

hematologic disorders.
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Figure 66. Images from Doh et al. [309] that show a microfluidic device design

that allows high throughput diagnostic screening of diseased erythrocytes based on

DEP-induced cell deformation.

8.4.2.3 Lab-on-a-Chip Integration
Integration of DEP-induced cell deformation into other microfluidic and lab-

on-a-chip devices will enable parallel sample preparation and manipulation at the
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micron scale. DEP offers an approach for cell line characterization through
deformation measurements that can be performed without adverse effects to cell
function or viability. This nondestructive testing allows later downstream
processing. These systems also offer advantages such as low power consumption
and relatively inexpensive fabrication processes.

Guido et al. [310] developed a microfluidic system that integrates with a
dielectrophoretic cell stretcher capable of cell line characterization. The
dielectrophoretic stretcher consisted of 250-pym wide ITO electrodes spaced 20 um
apart atop a glass slide. This device was integrated into a 15 mm long PDMS

microfluidic channel equipped with a syringe pump (Figure 67).

Figure 67. A dielectrophoretic cell stretching device integrated into a PDMS
microfluidic chamber demonstrates the combination of DEP-induced cell
deformation for cell characterization and parallel microfluidic manipulation for lab-

on-a-chip processing (reprinted from [310]).

Two cell lines were tested for cell line characterization using a

dielectrophoretic cell stretcher: the MCF-10A non-tumorigenic epithelial cell line,
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and MCF-7 cells from human adenocarcinoma tissue. The cells were stretched using
an electric field generated at 6 Vrms and at a frequency of 15 MHz. The non-
cancerous MCF-10A cells stretched to a considerably larger strain value than the
cancerous MCF-7 cells, and taking note of the cell size and dielectric properties led
to conclusive distinction between cell lines based on strain. The microfluidic system
integration first permitted a syringe pump to introduce single cells near the ITO
electrodes. The syringe pump was then turned off, and the electrodes were turned
on at 2 Vrms, 15 MHz to position the cells via pDEP. Then the voltage was
increased to 6 Vrms to stretch the cell and identify its lineage using optical
microscopy. Finally the syringe pump was re-activated to move cell towards the
outlet channel and introduce a new cell. This integration establishes the feasibility
for incorporating non-destructive DEP-induced cell deformation for cell line

characterization into a microfluidic system with multiple processing steps.

8.4.3 Future Directions for Research

DEP forces have been shown to impart stresses and strains that can deform
mammalian cells [41, 204-206]. Techniques for DEP induced cell deformation may
provide a means for further quantification of cellular mechanical properties and a
better qualitative description of intracellular structure and dynamic cytoskeletal
rearrangement during disease progression. DEP is progressing as a powerful tool
for furthering our understanding of biomechanics and mechanobiology. Future
practical uses may involve the exploitation of varying cellular mechanical properties
for identification that can provide a quick and easy nondestructive method for cell

characterization. Studies have shown the difference in DEP deformation response
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between cancerous and noncancerous cell lines and may provide for an early
diagnostic screening platform. The incorporation of currently established droplet
and channel microfluidic technology provides a platform for high throughput, large
scale operations. Multiple step-wise processes are a likely next step, combining
emerging deformation-related characterization methods with already established
cell sorting procedures for downstream processing. A platform capable of
monitoring live cell deformation while administering chemical agents may find use
for diagnostic purposes, studies in mechanobiological pathways, and in drug
development.

DEP forces have not yet been used to deform stem cells as a way of directly
imparting intracellular stresses and strains to direct fate specification. The ability to
utilize DEP forces to deform cells in a precise and quantifiable way will help to
correlate the amount of deformation to specific cellular behaviors, such as
differentiation [208, 209, 290]. Mechanical stresses are known to promote stem cell
lineage specification [208, 209, 290], but the link between the magnitude and
frequency of stimuli with the resultant behavior is still an inexact science [208].
DUF technology offers a tool to impart precise strains on the nanometer scale to

precise locations based on electrode design.

8.5 ECONOMIZING PIEZOELECTRIC SENSING

Using piezo- and pyroelectricity as a method for in situ sensing opens up a
wide array of options and potential applications. In addition to adding new sensing

modalities, the ability to actuate samples is also available. Applying an electric field
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to either generate heat or induce a strain may find other applications in stem cell
differentiation or biochemical reactions.

A practical drawback to this method of on-chip sensing and actuation is the
high cost of PZT and other similar piezoelectric substrate materials. This cost may
be prohibitively high for many applications, and thus prevent its commercial
adoption. Therefore, it may be worthwhile to investigate other piezoelectric
materials that can be substituted. One piezoelectric material that is relatively
inexpensive and easily fabricated is poly(vinylidene fluoride) (PVDF). PVDF is an
electroactive polymer that could be an interesting alternative material, because, in
addition to lower costs, exhibits excellent processibility, mechanical and chemical
resistance, and low impedance [283]. Although PVDF has a piezoelectric coefficient
that is an order of magnitude smaller than PZT, and two orders of magnitude
smaller than PMN-PT, it may still be an economical alternative for non-sensitive
sensing applications.

For PVDF to be used in a DUF device, it must be able to be processed in a way
that is consistent with the other device materials. One property that is of a practical
necessity is transparency. In order to investigate the optical transparency PVDF,
thin films were spin-coated onto glass substrates and solidified at room
temperature, 30 °C, and 90 °C. Figure 68 shows that the PVDF film became more

transparent at higher solidification temperatures.
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Figure 68. 2-inch x 3-inch glass slides with thin films of solidified PVDF. The
optically transparent slide (left) was solidified at 90 °C, the middle plate was

solidified at 30 °C, and the opaque slide (right) was solidified at room temperature.

PVDF does not crystallize into a highly piezoelectric crystal orientation.
Several attempts to promote crystallization into the piezoelectric alpha phase
include the addition of impurities into the solvent, mechanical loading, electric-field
poling, and heat treatments. Because heat treatments must be used for the
addition of the hydrophobic top coatings, thin films heat treated at 30 °C, and 90
°C were subjected to FT-IR to investigate the resultant crystal structure. Figure 69
shows that the thin films crystallizes into the low piezoelectric B phase at low

temperatures and the high piezoelectric a phase at high temperatures.
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Figure 69. FT-IR spectra of PVDF thin films annealed at 30 and 90 °C, showing the

transition from the B phase to the piezoelectric a phase at 90 °C.

197



9 CONCLUSIONS

The innovations presented herein add new functionality, characterization, and
tissue culture methods to the field of DuF. Vertical functionality was developed by
stacking multiple DUF planes and creating a fabrication protocol that enables
droplets to transfer between layers. Three applications that were previously
unachievable were demonstrated using this architecture: a hydrogel was fabricated
with a radially symmetric crosslink gradient; a hydrogel-based particle sieve was
designed; and a 3D embryoid body tissue sample was retrieved for downstream
processing. Collagen was used to encapsulate 3D cell spheroids to develop an
automated invasion assay. A stem cell microenvironment was established for
culturing human embryonic stem cell and differentiating them into functional
cardiomyocytes. This platform was used to demonstrate the feasibility of
chronotropic and inotropic drug assays, and a novel impedance sensing modality
was presented to monitor the field changes that occur in beating, 3D cardiomyocyte
tissue. The impedance assay used on a DuUF device allows a rich set of data
collection regarding the heterogeneous beating behavior of maturing embryoid
bodies. Finally, PZT-based piezoelectric materials were integrated with the DuF
platform to measure exothermic chemical reactions via the pyroelectric effect and
cardiomyocyte contractile behavior via the piezoelectric effect.

Together, these technological improvements will promote the integration of DuF
with various tissue engineering applications and enable new lab-on-a-chip
procedures. These innovations will improve the tools and understanding for future

DuF researchers, and they may also help drive the drug development and tissue
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engineering communities towards DuF platforms for streamlined assay protocols,
reduced costs, and reduced error and variability.

Stem cell culture, regenerative medicine, and tissue engineering have all made
tremendous strides over the past few decades. Significant effort will be needed to
reach their full potential. Progress must be made in numerous fields including
biology, materials science, chemistry, and engineering. Better understanding of
stem cell maturation and differentiation, tissue development, scaffold design, and
better drug screening models are just a few of the areas that will need continued
improvement. Engineering the conditions and methods necessary for DuF-based
tissue engineering has helped bring DuF into the tissue engineer’s toolbox to help

society reach these goals.
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10 APPENDIX A

10.1 CELL SPHEROID DEVELOPMENT WITHIN MICROLITER-SIZED DROPLETS VIA NON-

ADHERENT CONDITIONS

10.1.1 Abstract

Cell spheroids are 3D cell clusters that self-assemble in conditions where cells
self-adhere to enhance survival. Spheroids are used as 3D tumor models for drug
testing. Spheroids that form from pluripotent stem cells are called embryoid bodies,
and are used in basic research on stem cell differentiation. Digital microfluidic (DuF)
platforms have many features that make them potentially useful for spheroid
culture. For example, hydrophobic surfaces are typically used to facilitate droplet
movement. Cells do not readily adhere to these materials and non-adherent
conditions promote embryoid body formation. In this preliminary study, we tested
three common hydrophobic surfaces: Teflon-AF®, Parylene-C, and SU-8 photoresist
to determine how readily cell spheroids could be formed and their viability. Mouse
mesenchymal stem cell (MSC) suspensions, with and without the addition of 0.05%
F-68 Pluronics, were tested on each surface in a 37 °C, 5% CO;, and 95% RH
incubated environment. MSC suspensions produced cell spheroids with an average
diameter of ~600 - 800 um on all three surfaces. The spheroids remained viability
for up to 4 days, and Pluronics (a surfactant used to assist droplet movement) did

not appear to have any adverse effects on spheroid viability.
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10.1.2 Introduction

Cell spheroids are used as research tools for drug discovery because 3D cell
cultures recapitulate the native environment better than 2D cell cultures [176,
311]. Once cell spheroids reach a diameter of ~300 um, cell necrosis occurs at the
core because of the long diffusion path nutrients must traverse from the outer
surface of the spheroid [176, 311]. Spheroids of this size resemble avascular
tumors and are used for drug screening research for cancer. The ability to culture
3D cell spheroids on a DuF platform could enable automated drug screening and
other lab-on-a-chip assays.

Pluronics is an organic solution of a polyethylene oxide (PEO) - polypropylene
oxide (PPO) copolymer that helps prevent biofouling on DuF device surfaces [312].
Pluronics prevents biofouling by causing the proteins to interact with the hydrophilic
regions of PEO and PEG while the hydrophobic ends of these molecules interact with

the hydrophobic surface (Figure 70).
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Figure 70. Schematic of interaction between Pluronics, a hydrophobic surface, and
serum proteins from a cell medium showing the prevention of biofouling (adapted

from [312]).
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Certain cells will self-assemble into spheroids when no adherent surface
exists. These cells agglomerate to enhance cell survival [311]. This chapter
presents research on the tendency for cells to form spheroids on hydrophobic

surfaces typical for DuF devices and the role of Pluronics on cell viability.

10.1.3 Materials and Methods
10.1.3.1 Substrate Preparation

Thin films of Parylene-C, Teflon-AF, and SU-8 negative photoresist were
deposited on 7.5 cm x 2.5 cm glass microscope slides at UCLA’s California
NanoSystems Institute (CNSI) Integrated Systems Nanofabrication Cleanroom
(ISNC). Briefly, eight slides were coated with a ~1-um thick layer of Parylene-C
using chemical vapor deposition (CVD), eight slides were coated with ~1 pm thick
layer of Teflon-AF by spin coating and post-baking, and eight slides were coated

with ~1 pm-thick layer of SU-8 by spin coating, developing, and baking.

10.1.3.2 Cell Culture and Medium Preparation

Mouse mesenchymal stem cells (MSC) were cultured via adherent conditions
until ~70-80% confluency was reached. The cells were then trypsinized and
reseeded in Dulbecco’s modified eagle’s medium supplemented with 10% bovine
growth serum and 1% penicillin streptomycin at a density of 1.84 x 10° cells/mL. A
0.05% F-68 Pluronics solution and a 0.02% F-68 Pluronics solution were used as

well.
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10.1.3.3 Experimental Procedure

Microscope slides coated with Parylene-C, Teflon-AF, and SU-8 were
prepared and stored in an incubator at 37 °C, 5% CO;, and 95% humidity during
the length of the experiment. Eight 30-uL droplets of MSC suspension were placed
on each slide. Four droplets of cell suspension were placed directly on each slide,
and four droplets of the cell/Pluronics suspension were placed directly on each slide
(Figure 71). These cell suspensions did not have differences in appearance. One
slide of each surface treatment was removed every 24 h for 7 consecutive days and
analyzed for cell morphology by optical microscopy and cell viability by a Live/Dead
assay described below. Medium exchange was performed on the remaining droplets
each day by removing approximately 15 pL of spent medium from each droplet

using a capillary tube and adding 15 pL of fresh medium back into each droplet.
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Figure 71. Example slide (Teflon-coated) showing eight droplets: four contain

media with Pluronics, and four contain media without Pluronics.

10.1.3.4 Cell Viability Assessment
Cell staining was performed using a Live/Dead® viability stain (Invitrogen
catalog L#3224) according to the manufacturer’s specification. Green fluorescent
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calcein-AM is used to indicate intracellular esterase activity and red-fluorescent
ethidium homodimer-1 is used to indicate loss of plasma membrane integrity. The
staining procedure was performed by first removing ~10 - 20 pL of medium from
each droplet using capillary tubes. Then 15 pL of staining solution was added to
each droplet of interest and allowed to incubate for 10 min at 37 °C, 5% CO., 95%
humidity, and darkness. Capillary tubes were again used to remove ~10 - 20 pL of
stained medium and 15 pL of fresh medium was added back to each droplet.
Medium exchange was repeated a second time before viewing under fluorescent
microscopy. Cell viability and morphology were viewed using an inverted Zeiss

fluorescent microscope and AxioVision software.

10.1.4 Results and Discussion

The MSCs began to agglomerate into spheroids on top of both Teflon-AF and
Parylene-C after 24 h (Figure 72). Some cells adhered to each surface when the
suspensions did not contain Pluronics. The droplets of suspension changed color
from the pinkish medium color to a dull yellowish color after each day in incubation,
indicating a pH change and nutrient depletion. Some evaporation was evident after
each day. Viability staining after 24 h showed >95% viability for all sample types

tested.
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Figure 72. An optical microscope image (left) shows a MSC spheroid that
developed after 24 h in a suspension without Pluronics on a Parylene-C thin film.
The size of the MSC spheroids that formed was highly variable (~30 - 1080 um
diameter). A box-and-whiskers plot (right) shows the distribution of spheroid
diameters for the different experimental conditions tested and shows no correlation

between spheroid diameter and condition.

The spheroids ranged in size from under 30 to more than 1000 pm in
diameter. Each droplet typically contained one large spheroid with an average
diameter of ~600 - 900 um. Several smaller spheroids with diameters less than
~300 um were also commonly found alongside the larger spheroid. Figure 72 shows
that no correlation existed between the spheroid size and the surface type or the
presence of Pluronics. We did not perform longitudinal studies to monitor the

change in spheroid size over time; other reports indicate that spheroids shrink over
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time due to compacting of the cells. Figure 73 shows that our cell spheroids

remained viable for up to 4 days in culture across all surface conditions.

Figure 73. Live (green)/Dead (red) assay of MSC viability and spheroid

morphology. (a) Spheroid on Parylene-C; (b) Spheroid on SU-8; and (c) Spheroid

on Teflon-AF after 4 days in culture. Scale bar = 500 pm.

Droplets of cell suspension with and without Pluronics were placed onto the
surface of a polystyrene Petri dish and were examined for morphology and cell
viability after day 2 and day 5. Figure 74 show that the cells adhered to the
substrate surface in close proximity to each other at the middle of the droplets but
did not compact in a spheroid. Cell viability showed >95% living cells in both cell

suspensions at day 2 and day 5.
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Figure 74. MSCs adhered to the surface of the polystyrene Petri dish; (a) without

Pluronics after day 2 and (b) with Pluronics after day 5 contained no spheroids.

Visually assessing the degree of spreading of the sessile droplets indicated
that Parylene-C was the only surface to significantly decrease in hydrophobicity
throughout the lifetime of the experiment. This increase in wetting could be due to
serum protein adsorption on the Parylene surface over time. Another possibility for
an increase in wetting is due to an alteration in the Parylene-C surface chemistry.
Spheroid formation was correlated with surface hydrophobicity. MSCs formed
spheroids on each of the hydrophobic surfaces tested, but they failed to form
spheroids on a hydrophilic Petri dish. Spheroid diameter was highly variable and
showed no correlation to the type of surface or media composition. MSCs typically
adhere to a surface for proper growth and survival. Because these cells could not
attach to the slide surface they began to attach to each other to enhance their
tendency for survival [311]. Cell suspensions containing Pluronics did not exhibit
significant differences from the suspensions without Pluronics with regard to

spheroid size, morphology, growth rate, or viability.
207



10.1.5 Conclusions

Three hydrophobic thin films - Teflon-AF, Parylene-C, and SU-8 photoresist -
produced spheroids of mouse MSC after 1 day of incubation when stored in an
incubated environment of 37 °C, 5% CO;, and 95% humidity. Cell surface adhesion
was absent, and spheroids remained viable for up to 4 days in culture. No
observable differences were noted between the MSC suspensions with and without
Pluronics in terms of spheroid growth, size, morphology, or cell viability. MSC
droplets placed on a hydrophilic Petri dish show similar viability, but the cells did
not form compact spheroids after several days in culture. Hydrophobic surface
conditions appear to encourage spheroid development in the presence and absence
of Pluronics surfactant. Furthermore, Pluronics was shown to have no adverse effect

on cell viability.
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11 APPENDIX B

11.1 DIGITAL MICROFLUIDIC PLATFORM AS A STEM CELL NICHE

11.2 ABSTRACT

A stem cell niche is a microenvironment where the fate of stem cells can be
regulated. These environments may be designed to maintain stem cell viability and
plasticity, while other environments may be designed to direct fate specification.
Digital microfluidics (DuF) is a platform for manipulating small volumes of liquid
through the application of electric fields, and may provide a tool for automating the
development of stem cell microenvironments. The feasibility of using DuF to create
a stem cell niche microenvironment was performed by encapsulating mouse
mesenchymal stem cells within a calcium alginate hydrogel and delivering
adipogenic growth factors on-chip. Live/Dead assays were performed to determine
the viability of stem cell suspensions after DuF manipulation and calcium alginate
encapsulation. Nile Red staining was used to observe adipogenesis by examining

lipid vesicle formation.

11.2.1 Introduction

Digital (droplet) microfluidic (DUF) technology uses the application of electric
fields to dispense, mix, split, and translate picoliter to microliter sized droplets of
liquid on a 2D array of electrodes [25]. By applying a voltage across dielectric
coated electrodes, a combination of electrostatic and dielectrophoretic (DEP) forces

enable these lab-on-a-chip procedures [9, 160]. DuUF devices offer the advantages
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of being programmable and automatable, easily and inexpensively produced using
well established microfabrication techniques, and low reagent and input power
requirements. DUF has grown as a platform for biological assays and as a tool for
cell manipulation [18, 40, 50, 160, 200-203]. DEP forces have been used to
measure electric, dielectric, and mechanical cell properties [48, 201]. DEP forces
have also been employed for innovative cell sorting procedures [18, 40, 43, 48,
50]. Mammalian cell culture has recently been demonstrated on a DuUF device
[163], and hydrogels are beginning to be investigated for use in DuF technology
[200, 202, 203].

DuF may provide a novel approach towards developing a stem cell niche
microenvironment with precise control over environmental stimuli such as the
spatiotemporal delivery of biochemicals and the application of electric fields. A
study by Eyedelnant et al. recently demonstrated the on-chip culture of embryonic
stem cells [313]. This feat was performed by seeding stem cells onto a 2D
hydrophilic patch created over particular electrodes. This design, however, was
limited to 2D cultures. It has been shown that 3D cell cultures mimic the in vivo
characteristics of cell behavior more accurately than their 2D counterparts [58, 59,
284]. Physical and chemical gradients exist in vivo on both the macroscopic and
microscopic levels, giving rise to cues that dictate behaviors such as cell-cell
communication, migration, proliferation, aggregation, and differentiation. These
gradients and cues are determined in part by external stimuli and the extracellular
matrix. Hydrogels are used as extracellular matrix mimics and exhibit highly
tunable properties with regards to stiffness, porosity, chemical diffusivity, and cell

attachment [85]. Alginate-based hydrogels are used in tissue engineering as
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scaffolds for cell encapsulation because they are easy to fabricate with tunable
properties [99-101]. Alginate is an acidic linear polysaccharide consisting of a-L-
guluronic acid (G) and B-D-mannuronic acid (M) [99, 102]. These residues are
arranged as either G-block or M-block block copolymers, or as a mixed sequence of
MG-blocks [102]. Divalent cations, such as Ca?*, join guluronic acid residues of
adjacent chains to form an “egg-box” gel structure [99]. Alginate hydrogels are
biocompatible [99, 103], and their sponge-like structure of large, interconnecting
pores promotes cell growth and rearrangement [103]. Alginate gels also provide a
convenient method for encapsulating cells within a 3D environment and evoke a
more natural tissue and cellular response to stimuli compared to similar 2D culture
systems [85, 87]. The diffusive properties of alginate hydrogels are tunable [101,
107], and they can control the delivery of growth factors to cells with a diffusion-
regulated response [82, 88].

A DpF system was used to encapsulate mouse mesenchymal stem cells
(MMSC) within a calcium-alginate hydrogel, deliver medium supplemented with
growth factors, and maintain viability to promote adipogenic differentiation within a

3D microenvironment.

11.2.2 Methods, Results, and Discussion

DUF fabrication was similar to previously described protocols[314] and was
conducted in the California NanoSystems Institute (CNSI) Integrated System
Nanofabrication Cleanroom (ISNC) at UCLA. Briefly, 1100 & of indium tin oxide
(ITO) was deposited onto glass substrates by metal sputter deposition and

patterned into electrodes via photolithography. The dielectric layer consisted of
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Parylene-C (Specialty Coating Systems, ~2 ym) and was applied via vapor
deposition. A fluoropolymer coating was then applied by spin coating Teflon-AF®
onto the substrates at 2000 rpm for 60 s and post-baking on a hot plate at 110°C
for 5 min and 180°C for 15 min. The top plate, an ITO-coated glass slide, was
coated with Teflon-AF® as well. Through holes were then drilled using a drill press
through selected electrodes.

MMSC were harvested via standard cell culture protocols. The MMSC
suspension consisted of Leibovitz CO,-free medium supplemented with 7.5% FBS,
1% PS, and 0.02% Pluronics to assist droplet translation. A 3-pL-droplet of the
MMSC was encased in silicone oil to enhance droplet translation and mitigate
evaporation. An applied AC field of 100 V at 18 kHz was used to translate the MMSC
droplet towards a 3-pL droplet of 1% alginate in media and was allowed to mix. A
3-uL droplet of 50 mM CacCl; in media was then mixed with the alginic acid solution

containing MMSCs in order to initiate gelation (Figure 75).
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Figure 75. Protocol for on-chip MMSC encapsulation and delivery of growth
medium. The alginic acid solution was delivered to an electrode underneath a
through hole. (1) A suspension containing MMSC was mixed with the aliginic acid
solution. (2) A calcium chloride solution was mixed with the alginic acid solution to
encapsulate the MMSC in a calcium alginate hydrogel. (3) Media supplemented with

adipogenic growth factors was delivered to the hydrogel.

The calcium alginate hydrogel formed instantly upon mixing of the calcium
chloride solution with the alginic acid solution, encasing the MMSCs inside. Scanning
electron microscopy ensured the integrity of cells after the encapsulation process.
The cells showed a spherical morphology with little adhesion to the hydrogel (Figure
76). A Live/Dead staining assay was performed to ensure that the electric field
induced translation and hydrogel encapsulation process did not affect viability. The
staining revealed >95% viability after encapsulation and droplet translation,

suggesting a benign gelation process (Figure 76).
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Figure 76. SEM image and Live/Dead assay of calcium alginate encapsulation of
MMSCs. (Left) Scanning electron microscope image of MMSCs encapsulated within
the calcium alginate hydrogel structure shows immobilized cells with little adhesion;
(Right) Live/Dead staining of encapsulated stem cells indicates >95% viability.

Scale bar is 1 ym on the left image and ~20 pym on the right image.

After the MMSCs were immobilized within the calcium alginate hydrogel, a 3-
ML droplet of Leibovitz medium supplemented with 7.5% FBS, 1% PS, 0.02%
Pluronics, 10 uM of dexamethasome, and 100 nM of insulin was mixed with the
hydrogel. The system was incubated at 37°C and 95% humidity for 5 days. To
verify adipogenesis, the cell-laden hydrogel was stained using Nile Red to highlight
lipid vesicle formation. Abundant lipid vesicle formation was present in the growth

factor supplemented solutions imaged via confocol microscopy (Figure 77).
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Figure 77. Nile Red fluorescence staining of calcium alginate encapsulated MMSCs
after 5 days with growth factor supplemented medium expressed an abundance of

lipid vesicles in singular (left) and clustered (right) cells.

11.2.3 Conclusions

A stem cell niche microenvironment was formed on a DuF platform by
encapsulating MMSC in a calcium alginate hydrogel. Immobilizing stem cells within
hydrogels on a DuF platform provides unique opportunities for automated control of
sophisticated tissue engineering microenvironments. The ability to control hydrogel
crosslink density profiles, spatiotemporal chemical delivery, and electric field
generation may provide unique opportunities for innovative stem cell maturation
studies using DYF. Future work may investigate optimizing stem cell niche

development for differentiation into other cell lines.
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