UCLA

UCLA Electronic Theses and Dissertations

Title
Rapid Quantification of Microplastics using Smartphone

Permalink
https://escholarship.org/uc/item/213891c7|

Author
Leonard, Dona Jamie L

Publication Date
2021

Peer reviewed|Thesis/dissertation

eScholarship.org Powered by the California Diqital Library

University of California


https://escholarship.org/uc/item/213891c7
https://escholarship.org
http://www.cdlib.org/

UNIVERSITY OF CALIFORNIA

LOS ANGELES

Rapid Quantification of Microplastics using Smartphone

A Thesis Submitted In Partial Satisfaction of
The Requirements For the Degree

Masters of Science in Civil Engineering

Dona Jamie Leigh Leonard

2021



© Copyright by
Dona Jamie Leonard

2021



ABSTRACT OF THE THESIS

Rapid Quantification
of Microplastics Using Smartphone
by
Dona Jamie Leigh Leonard
Master of Science in Civil Engineering
University of California, Los Angeles 2021

Professor Sanjay K. Mohanty, Chair

Rapid detection of microplastics is critical to understand the extent of microplastic
contamination in the environment and identify appropriate mitigation strategies. However,
current methods for isolating and counting microplastics from environmental samples can take
several hours to days and their efficiencies may vary widely. Herein a rapid method to detect
microplastics is described, which involves staining them with Nile Red before taking picture
using a mobile phone fitted with add-on camera. The method is capable of detecting and
quantifying microplastics as small as 10 um and identifying microplastics among other debris,
thereby eliminating the need for time-consuming digestion steps using hazardous chemicals. The
method is effective over a wide range of light-colored plastic polymers, including polystyrene,
polypropylene, and polyethylene terephthalate. This field deployable method can provide
accessible and user-friendly tool to even citizen scientists and non-specialized labs to detect

microplastics in environmental samples.
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1 Introduction

Plastic is one of the most abundant man-made materials found in the environment (Geyer
et al., 2017) and their concentration there is expected to double by 2030 (Hale et al., 2020). They
are especially insidious due to both their sheer volume and predicted toxicity, which stems from
their resistance to biodegradation, leaching of harmful additives, and pollutants adsorbed on their

surface (Koyuncuoglu & Erden, 2021; Mohajerani & Karabatak, 2020).

While the adverse effects of microplastic contamination are being further explored, the
true extent of contamination has still not yet been defined and can vary by orders of magnitude
based on isolation methodologies (Koutnik, Leonard, et al., 2021). These microplastic isolation
and quantification methods are currently unstandardized. In particular, reported microplastic
concentrations have been shown to vary based on methodology variability such as: sample
collection method, sample volume, filter cutoff size used to isolate plastic particles from water,
organic digestion method, density stratification solution, counting methodology, and detection
limit (Koutnik, Alkidim, et al., 2021). Traditional methodologies to isolate microplastics include:
density stratification (Fries et al., 2013; Nuelle et al., 2014), screening and sieving (Zobkov &
Esiukova, 2017), and organic digestion (Zobkov & Esiukova, 2017). Then microplastics are
quantified with either a normal microscope, Raman spectroscopy (Primpke et al., 2017; Renner
et al., 2017), Fourier Transform Infrared (FTIR) microscopy(Tagg et al., 2015), Scanning
Electron microscopy (SEM) (Fries et al., 2013), or a combination of pyrolysis with gas
chromatography and mass (Beaurepaire et al., 2021). Typically, these detection techniques are
performed in conjunction with image acquisition software that automatically count microplastics
from an image. While many of these methodologies are highly sensitive and accurate, they often

require complex sample preparation procedures, expensive and bulky microscopy instruments,



and can take hours to days by professionally trained personnel (Lusher et al., 2020). Thus, there
is a clear need to rapidly and more easily detect microplastics from environmental samples to
better understand the scope of environmental contamination and thus the extent of predicted

toxicity.

Recently technological advancements have enabled the use of smartphone to rapidly
quantify many pollutants: mercury (Wang et al., 2016; Xiao et al., 2016), food allergens
(Coskun et al., 2013), 2,4,6-trinitrotoluene (TNT) (Zhang et al., 2015), E. coli (Zhu et al., 2012)
and other pathogenic bacteria (Gopinath et al., 2014), and other biological components such as
prostate-specific antigen (PSA) (Barbosa et al., 2015). A combination of smartphones and
various connected devices (i.e., high-performance cameras and light sensors) are used to
differentiate the contaminant of interest from other debris or interferences. However, a
smartphone has never been used to quantify microplastics before. The challenge of detecting
microplastics from a picture taken by a smartphone is that it alone does not have ability to
distinguish plastics from any other particles. However, Nile Red dye has been demonstrated to be
capable of detecting microplastics among other debris (Maes et al., 2017). This method takes
advantage of the fact that plastics coated with Nile Red are fluorescent under UV light whereas
organic debris or other natural materials are not (Erni-Cassola et al., 2017; Kang et al., 2020;
Prata et al., 2019). Therefore, the dye can be used to distinguish microplastics from other debris
in a picture taken by smartphone. The thesis uses this underlying hypothesis to develop a

smartphone-based method.

The objective of this thesis is to develop a smartphone-based methodology to replace
traditional labor-intensive microplastic detection methods, and thus significantly improve the

ease of detection of microplastics in the environment. To provide an accurate and portable



platform to sensitively quantify microplastic in water and soil samples, a system that consists of
a Lumia 1020 smartphone and a lightweight 3D printed attachment was created to image and

count microplastics as small as 10 um with increased efficiency and decreased processing time.



2 Methodology

2.1 Creation of mobile phone attachment

The mobile phone sensor system was assembled manually in the lab; Figure 1 displays a
labeled 3D model of the current prototype. It consists of a smartphone and mobile phone
attachment whose components include: 3D printed housing, 4 light emitting diodes (LEDs)
(Digikey, C503B-BAN-CY0C0461), an emission filter (Semrock, BLP01-532R-25), an external
lens (Edmund Optics, 49-662,), and a rechargeable battery (Kastar, BOOUPVK2B6) (FigurelA).
This prototype was built for an inexpensive Windows Nokia Lumia 1020 smartphone with a
centered back camera of 48 megapixels. Blue LEDs were then equidistantly positioned to
uniformly light up sample filters and excite the fluorophores on the stained microplastics. A 25
mm (diameter) by 30 mm aspheric achromatic external glass lens provided magnification once
the sample holder was adjusted to the lens's focal point to improve image clarity. A 25 mm long
pass edge emission filter was used to filter out wavelengths under 532 nanometers. This
configuration provides a large field of view (FOV) (i.e., ~490 mm?2) that could capture the image

of the entire 25 mm membrane in a single image.
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Figure 1: (A) 3D rendering of the mobile attachment to capture images of filter
papers with labeled components. (B) graphical summary of associated filter
preparation methodology.

2.2 Creation of microplastics and microplastic stock solutions

To validate the imaging, multiple types of plastic polymer and shape were used: standard
polystyrene microsphere solution of various sizes (Thermofisher Scientific, F13838), and
microplastics created in the lab by sanding plastic objects both manually and with a commercial
sanding gun. To determine the detection limit, initial non-fluorescent microsphere stocks from a
flow cytometry calibration kit (product no. F13838, ThermoFisher Scientific) were diluted by
adding 10 pL of the stock solution to 10 mL of DI water and then serially diluting them to
achieve lower concentrations. In order to test a range of plastic polymers: polystyrene,

polyethylene terephthalate, polypropylene, and tire (Nylon) particles, stock suspension were



made by suspending 0.5 g of abraded microplastics in 1 L deionized water and serially diluting

the stock up to five orders of magnitude.

2.3 Sample filter preparation

Microplastic suspensions were vacuum filtrated using 25 mm G4 glass fiber filters with
1.2 um pore size (Thermofisher Scientifc, 09-804-24C). Filters containing microplastics were
stained with 0.17 ml of 0.5 pg mL ! Nile Red in chloroform solution (Maes et al., 2017) in a
glass petri dish and dried for around 30 min to an hour in the fume hood. Filters were then
transferred to glass slides and imaged using the mobile phone and an Olympus microscope with

Cy-3 attachment and 10x magnification for comparison.

2.4 Protocol validation: detection limit and range

To quantify the size detection limit of the method, polystyrene microsphere suspensions
of size 2, 4, 6, 10, 15, 20, 42, 98, and 222 um were used. As fluorescence light emitted from Nile
Red stained microplastics was proportional with size, the detection limit was based on the ability
to discern the fluorescence conferred on the particles by Nile Red from the background
fluorescence of the filters. To determine the effectiveness of this method to detect a wider range
of plastic polymers, abraded PET, PP, and tire nylon particulates were also tested as is without

separating them into different size classes.

2.5 Protocol validation: detection in environmental media

To quantify microplastics from environmental samples, contaminated samples were
created by spiking 1 gram of soil with 10 mL of the 1000x serially diluted polystyrene stock
solution. Denser sediments were settled in 40 mL of 1.6 g cm™ KI solution (Roch & Brinker,

2017) using a centrifuge (5000 rpm for 30 minutes). The supernatant was vacuum filtered and



discarded. The membrane with filtered debris containing microplastics was stained with 0.17 mL
of 0.5 ug mL"! Nile Red in chloroform solution (Maes et al., 2017) in a glass petri dish and dried
for around 30 min to an hour. Filters were then transferred to glass slides and imaged using the
prototype smartphone. Triplicate spiked soil samples were compared to triplicate

uncontaminated control samples (no added microplastics).

2.6 Image acquisition and analysis

The smartphone attachment was powered up which illuminated the LEDs. The glass
slides were then inserted into the attachment, where the LED light further excited the Nile Red
microplastic fluorophores. This fluorescence emitted red light, which passed through the external
lens to the smartphone camera where the image was recorded in DNG format (Digital Negative
Image). These images were analyzed in MATLAB, where the red channel, corresponding to the
fluorescence wavelength of Nile Red, was isolated and the number of particles and the pixel
area, eccentricity, orientation, equivalent diameter, major axis length, minor axis length and
perimeter of each particle was recorded. The algorithm used for analysis was successful at
differentiating the background and fluorescent particles and estimating the number of particles

on each filter.

To compare the microplastic counts from the smartphone with a traditional microscopy
technique, an Olympus IX83 microscope equipped with a Cy-3 attachment was used. The
microscope was covered with a black cloak to eliminate light leakage from other sources. Glass
slides containing the microplastic samples were mounted onto an automated stage and imaged
under 4x and 10x objective lenses. The images were analyzed using a MetaMorph software to
count the number of microplastics in the samples. These resulting images were analyzed in

MATLAB using similar algorithm.



3 Results and Discussion

3.1 Rapid detection and quantification of microplastics

The overall filter preparation methodology was a highly streamlined process. Compared
to other time-intensive methodologies which take around 2-3 hours to isolate the microplastics,
Nile Red techniques significantly reduced the time required to around 30 minutes to an hour with
drying time (Al-Azzawi et al., 2020; Tagg et al., 2017). In addition, the time required to the
quantify the microplastics using the smartphone was significantly less than conventional
methods. For instance, the conventional microscopy would require stitching of 254 images from
zoomed areas (due to smaller field of view) to capture the entire image of the filter membrane. In
comparison, smart-phone method required a single snapshot to detect and quantify the
microplastics. Thus, smart phone provides equivalent data with much fewer processing steps.
The innovative method will help streamline field quantification studies, making microplastic

contamination reporting more accessible and feasible.

3.2 Detection limit established at 10 microns

Detection limit experiments revealed that 10 um microplastics were the minimum size at
which the mobile phone attachment could reliably separate microplastic fluorescence signatures
from the background filter fluorescence. While plastics below 10 um could still be visibly
detected, they cannot be accurately quantified by the current algorithm (see Figure S1).
Nevertheless, even in its initial form, this matches the majority of existing methods which could

not detect microplastics below 20 um reliably (Koutnik, Alkidim, et al., 2021).



3.3 Reliable quantification range set below 0.5 mg L-!

Dilution of polystyrene stock solution successfully reduced microplastic counts below 0.5
mg L' of microplastics, at which reliable quantification was possible. Visual surveyance of
filters during the calibration phase of this methodology revealed issues in quantification accuracy
when dealing with extremely high contamination levels. High numbers of particles formed
clusters (Figure 2A), and fluorescence from larger conglomerates obscured that of smaller
particles, creating significant error. Polystyrene stock solutions were diluted prior to spiking soils
used in experiments (Figure 2A). As expected, microplastic counts decreased with magnitude of
dilution (Figure 2B). Reliable quantification was set at the 1000x dilution mark, or

approximately 0.5 mg L.
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Figure 2: (A) Smartphone prototype images of filters after serial dilution of sanded polystyrene
microplastics in distilled water (B) Bar Graph depicting the detected number of particles on each
diluted filter using smartphone algorithm.



3.4 The method works for a range of plastic polymers

Polystyrene (PS), polypropylene (PP), and polypropylene terephthalate (PET) were all
successfully detected and quantified using this methodology (Figure 3). On the contrary, tire
microplastics, which were black in color, were not fluorescent on the filters and therefore were
not detected. This result suggests that the method is limited to only light colored plastic polymers
which has already been shown as a limitation of using Nile Red dye for identification of

microplastics (Stanton et al., 2019).

Original Calibration | Tested Polymer Range

* DS

polystyrene tire wear terephthalate

polypropylene
(PP)

2,4,6,8,9.25,10, (PET)
and 15 pm :
(microns)

Figure 3: Filter results from smartphone detection of sanded microplastics: polystyrene, tire
wear, PET, PP. Fluorescence means smartphone detection and quantification was successful.

3.5 The method can quantify microplastics spiked in environmental matrices

Polystyrene spiked soils were quantified using the smartphone methodology to further
validate its utility for environmental samples. To prevent bulky organic material blocking the
fluorescent microplastics, these soil samples were diluted once and counts scaled up to estimate
true concentrations. A sample filter is displayed below (Figure 4) in order to demonstrate that
smartphone technology was able to both visually detect and quantify contaminating microplastic

piecesin environmental samples. Figure 4B depicts the statistically significant difference in

10



microplastic counts between spiked soil and non-spiked soil proving the success of spike and

recovery experiments. This confirmed the utility of this methodology to quantify microplastic

contamination in environmental matrices.
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Figure 4: (A) Smartphone image of filter of polystyrene sanded microplastics in spiked soil
environment after dilution taken by the prototype. (B) Image showing the count of microplastics
found by the algorithm after analysis. (C) Boxplot visualizing a statistical significant difference

between microplastic numbers in spiked versus non-spiked soil experiment.

3.6 Future work

This work presents the initial proof-of-concept study to examine whether smartphone can
be used to quantify microplastics. These results proved that it can. However, there are many
optimization steps needed to make this technology ready for future implementation. Future work

should focus on reducing the current limitations of the prototype and improving accuracy.

For example, the algorithm should be improved to better predict the size of microplastics
in environmental samples from the pixel size outputted by Matlab. Preliminary data depicted in
Figure 5 demonstrates how recorded pixel size from the algorithm increases relatively

proportionally with known microplastic size; however, the range also varied since pixel size was

11



dependent on luminescence radius captured by the smartphone. If pixel size could be definitively
correlated to actual size, then microplastic contamination could not only be quantified but size

fractions determined as well.

Furthermore, future work should focus on calibrating the prototype to lower the detection
limit to the sub-micron level, reformatting the computer algorithm as an open access application,
and alternating fluorescent dye beyond Nile Red to try to account for dark colored microparticles
such as tire particles, which are one of the most prevalent microplastic types in urban areas. This
will allow this technology to supersede all other traditional isolation, detection, and

quantification methodologies in both effectiveness and utility.
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Figure 5: Depiction of a semi-linear relationship between area in pixel sizes versus known
microplastic particle size
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4 Conclusion

The work describes a novel portable technology to rapidly quantify microplastics in
environmental samples, which could replace manual microplastic fluorescence microscopy and
thus significantly improve the ease of detection of microplastic contamination. The main

findings are:

e An inexpensive smartphone can be retrofitted with an external lens attachment and used
to capture images of and quantify fluorescent microplastics from contaminated

environmental matrices.

e This technology has a detection limit of 10 um, which is on par with the lowest detection
levels in existing methods from environmental matrices such as soil, sludges, and

wastewater influent/effluents.

e This technology can successfully be used to detect and quantify common plastic polymer

types: PS, PP, PET.

Further work is needed to calibrate, calculate, and improve the accuracy and precision of
this methodology; nevertheless, this work provides the first description of a completely novel
technology with widespread applications for understanding microplastic contamination in all

environmental matrices.
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6 Appendix

Table S 1: Average pixel size of individual particles detected by smartphone prototype as
compared to their known microplastic size (um).

MICROPLASTIC SIZE (uM)

PIXEL SIZE (MEAN % STD)

10

15

20

42

98

222

19

123.70 &+ 44.55

274.70 £ 92.96

270.01 + 74.50

1027.00 £+ 583.15

2498.59 + 1394.36

981.63 + 382.56



Sizing Smartphone Average Pixel Size
Olympus Microscope
(microns) Prototype According to Smartphone

10 123.70 +44.55

20




15 274.70 +£92.96

20 27091 +74.50

42 1027.00 +583.15
98 2498.59 +1394.36
222 981.63 +382.56
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Figure S 1: Comparison between filters as imaged by the smartphone prototype and an Olympus
microscope with CY3 attachment for full size range with approximately pixel sizes. Note:
Olympus microscope comparison was not useful for filters below detection limit.
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